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ABSTRACT 

 

In this thesis, we studied how non-catalytic components of the eukaryotic replisome are involved 

in the maintenance of homopurine-homopyrimidine repeats. Specifically, we focused on the 

(GAA)n repeats, which are expanded in the repeat expansion diseases Friedreich’s ataxia and 

SCA27B and the (GAAA)n repeats, which are expanded in a portion of renal cell carcinomas. In 

Chapter 1, I provide a comprehensive review of the known mechanisms of (GAA)n repeat 

instability, both replication-dependent and replication-independent, as well as other repeat 

associated phenotypes such as fragility and repeat-induced mutagenesis. 

 Chapter 2 focuses on the study of the replication protein Mcm10 in the maintenance of 

repeat stability, and we found that the interaction between Mcm10 and the replicative helicase 

CMG is essential to stabilize homopurine-homopyrimidine repeats, and deficiencies in Mcm10 

cause a synthetic viability defect with long (GAA)n repeats. We find that in this context, the 

Rad9 checkpoint promotes cell viability by preserving genomic integrity but comes at the cost of 

increased repeat expansions, likely mediated by slippery DNA synthesis by Polymerase d. 

 In Chapter 3, we studied how a crucial component of any DNA synthesis event, the 

available deoxyribonucleoside triphosphate pool, regulates expansions and contractions of 

(GAA)n repeats using both drug treatments and a genetic approach. We determined that both an 

overall decrease and increase in the available nucleotide pool promote repeat instability, and 

specific mutations in the ribonucleotide reductase enzyme can also affect repeat stability. 

 In Chapter 4, we turn to the in vitro study of a different repeat – the (GAAA)n repeat, 

whose expansions in the first intron of UGT2B7 have been associated with clear cell renal cell 

carcinoma. Using DNA polymerization assays, we determined that the (GAAA)n repeats cause 
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an orientation-dependent stall of DNA synthesis in a manner that is consistent with the formation 

of a triplex DNA structure during polymerization by a B-family polymerase. 

 As a whole, this thesis broadens our understanding of how replication factors modulate 

homopurine-homopyrimidine repeat stability and identifies a novel important role for Mcm10 in 

promoting repeat stability and viability of repeat-containing S. cerevisiae cells. 
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ABSTRACT 

Trinucleotide repeat instability is a driver of human disease. Large expansions of (GAA)n repeats 

in the first intron of the FXN gene are the cause Friedreich’s ataxia (FRDA), a progressive 

degenerative disorder which cannot yet be prevented or treated. (GAA)n repeat instability arises 

during both replication-dependent processes, such as cell division and intergenerational 

transmission, as well as in terminally differentiated somatic tissues. Here, we provide a brief 

historical overview on the discovery of (GAA)n repeat expansions and their association to 

FRDA, followed by recent advances in the identification of triplex H-DNA formation and 

replication fork stalling. The main body of this review focuses on the last decade of progress in 

understanding the mechanism of (GAA)n repeat instability during DNA replication and/or DNA 

repair. We propose that the discovery of additional mechanisms of (GAA)n repeat instability can 

be achieved via both comparative approaches to other repeat expansion diseases and genome-

wide association studies. Finally, we discuss the advances towards FRDA prevention or 

amelioration that specifically target (GAA)n repeat expansion. 
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INTRODUCTION 

DNA microsatellites, 1-to-9 base-pair long tandemly duplicated sequences, comprise up to 3% of 

the human genome 1–3. Expansions of a subset of microsatellites are associated with over 50 

repeat expansion diseases (REDs), and the number is ever-growing 4. Disease-associated repeats 

are characterized by length variability (expansions and contractions) and are known to induce 

fragility and repeat-induced mutagenesis, resulting in genomic instability (for an extensive 

review, see 5). In the first years after their discovery in 1991 6, most repeat expansion diseases 

were identified as autosomal dominant disorders associated with expansions of (CNG)n repeats, 

resulting in a toxic gain of function at the protein level. (CNG)n expansion diseases include 

Huntington’s disease (HD), spinocerebellar ataxias (SCAs), myotonic dystrophy (MD) and 

Fragile X syndrome (FXS). 

 All expandable (CNG)n repeats can form imperfect hairpins stabilized by CG base pairs 

or slipped strand DNA structures that result from the formation of two such hairpins in 

complementary DNA strands 7. Thus, strand slippage and hairpin formation during DNA 

replication was initially proposed to be at the center of trinucleotide repeat (TNR) instability 8. 

Therefore, the discovery of the genetic basis of Friedreich’s ataxia (FRDA) in 1996 came as a 

surprise 9. FRDA is an autosomal recessive disease caused by the expansion of a (GAA)n repeat, 

which, unlike (CGN)n repeats, cannot form a hairpin structure 9. Overall, (GAA)n runs are 

amongst the most expansion-prone trinucleotide repeats in the human genome, the majority of 

which originated from 3′ poly(A) tracts of various Alu elements upon AAA to GAA transition 

10,11. In the case of FRDA, however, the (GAA)n repeat originated from the An(TAC)An sequence 

at the center of the Alu Sq element located in the first intron of the FXN gene 10. 
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 FRDA is the most common form of hereditary ataxia in humans 12. (GAA)1-33 repeats are 

in the normal range, (GAA)34-65 repeats are pre-mutational, and longer repeats are pathogenic. 

The length of the (GAA)n repeat positively correlates with the age of disease onset, its severity 

and progression 13–17. (GAA)n expansions ultimately lead to chromatin changes and FXN gene 

silencing, resulting in a drastic reduction in the levels of the mitochondrial protein frataxin 18–22. 

Reduced frataxin levels lead to increased oxidative stress, accumulation of iron species in the 

mitochondria and subsequent cell death, primarily affecting neuronal tissues 18,23–25. The loss of 

gene function upon repeat expansions accounts for the recessive mode of inheritance. FRDA is 

associated with cerebellar and sensory ataxia, diabetes mellitus, and cardiomyopathies, leading to 

early death (for a clinical review, see 26). There is currently no effective cure or treatment for 

FRDA 27. 
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Figure 1-1: Various types of triplex DNA structures formed by long (GAA)n repeats.  

Each H-DNA conformation, YRY or RRY, can exists in two isoforms, depending on whether the 
3’ or the 5’ of a strand is donated to the triplex. Homopurine strands are in orange, homopyrimidine 
strands are in blue. Dashes indicate Watson-Crick base-pairing, circles indicate Hoogsteen or 
reverse Hoogsteen base-pairing, asterisks indicate protonated cytosines. 
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GAA REPEATS FORM TRIPLEX DNA STRUCTURES DURING TRANSCRIPTION 

AND REPLICATION 

Being a homopurine-homopyrimidine (hPu/hPy) mirror repeat, (GAA)n runs can assume the non-

B DNA structure termed DNA triplex or H-DNA. H-DNA is formed when a DNA strand 

corresponding to one half of the repeat folds back forming a triplex with the duplex half of the 

repeat via Hoogsteen base pairing, while its complementary strand remains single-stranded 

(Figure 1-1 a-d) 28,29. Like other alternative DNA structures, H-DNA is thermodynamically 

unfavorable in linear double-stranded DNA, but becomes favorable in negatively supercoiled 

DNA, which is topologically equivalent to unwound DNA, as it relieves torsional stress 30,31. 

Consequently, H-DNA is not a steady-state presence in genomic DNA but can rather form at 

different stages of the cell-cycle during specific genetic processes such as replication and 

transcription, hence it is a dynamic DNA structure. 

H-DNA can exist in several conformations 32. In an H-y triplex (YRY), the pyrimidine strand 

contributes to triplex formation by Hoogsteen base pairing (Figure 1-1 a-b). Normally, H-y 

formation is favored at low pH since it requires cytosine protonation, but because of their high 

AT-content, (GAA)n repeats can readily form H-y triplexes under physiological conditions 31,33. 

In an H-r triplex (RRY), the purine strand contributes to triplex formation through reverse 

Hoogsteen base pairing (Figure 1-1 c-d). H-r triplexes, including those formed by the (GAA)n 

repeat, were observed at neutral pH in the presence of divalent cations 34,35. Finally, two distant 

(GAA)n repeats within the same supercoiled DNA molecule can form a structure termed sticky 

DNA (Figure 1-1 e) 34,36. In this case, a homopurine strand from one of the repeats forms an H-r 

triplex with another repeat, also in the presence of divalent cations 34,37.  
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 While all these structures can be formed under specific conditions in vitro, it remains 

unclear which one is the most common at the FRDA locus and how each contributes to repeat 

instability and disease. It is generally challenging to detect dynamic DNA structures at 

endogenous genomic loci in vivo, given that they may only be formed transiently. It is 

particularly difficult in mammalian cells, in which chemical probing has proven to be highly 

cumbersome, partially due to the extreme genome size (reviewed in 38). Triplex-specific 

antibodies were shown to bind in situ to multiple sites in human chromosomes, some of which 

contained (GAA)n repeats 39–41. Note however, that the resolution power of this technique is not 

at the nucleotide level. 

 As discussed above, negative DNA supercoiling is the main driver for H-DNA formation 

in vitro. In mammalian nuclei, transcription is the main source of negative DNA supercoiling (42 

and references therein). Kouzine et al. used permanganate treatment, which oxidizes thymine 

residues in single-stranded DNA (ssDNA), in combination with S1 nuclease cleavage and high-

throughput sequencing to detect non-B DNA structures in the genome of mouse B-cells 43. This 

study identified approximately 17,000 sites of H-DNA out of ~728,000 predicted H-DNA 

motifs, the prevalence of which positively correlated with transcription levels (Figure 1-2 a) 43. 

More recently, an S1-seq based method, which relies on mapping of S1-cleavage sites in 

permeabilized cells 44, identified about 144,000 H-DNA forming structures, preferably H-y5 

triplexes (Figure 1-2 b) 45. Notably, most H-DNA motifs were observed at relatively short 

homopurine-homopyrimidine repeats, and the authors believe that they could have formed ex 

vivo during sample preparation owing to the acidic pH of the S1-nuclease reaction buffer. In 

FRDA patient cells, a similar S1-END-seq approach revealed H-DNA at the expanded (GAA)n 
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repeats specifically when the FXN locus was transcribed46 (Figure 1-2 c). It is concluded, 

therefore, that in this case, the triplex is formed in vivo during transcription of the (GAA)n repeat. 

 

Figure 1-2: Methods to detect in vivo formation of H-DNA in higher eukaryotes.  

(a) Genome-wide H-DNA formation in cultured mouse B-cells (adapted from 43). (b) Genome-
wide H-DNA formation in primary mouse cells via S1-seq (adapted from 45). (c) Genome-wide H-
DNA formation in human cancer cell lines via S1-END Seq (adapted from 46). 
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 Besides transcriptional supercoiling, formation of H-DNA can be promoted by DNA 

strand unwinding during DNA replication. During DNA polymerization in vitro, a DNA strand 

from a partially unwound repeat can fold into a triplex structure, effectively blocking further 

DNA polymerase progression. Consequently, triplex forming motifs were called “suicidal 

sequences” for DNA polymerization 47. A similar mechanism accounts for the blockage of DNA 

polymerization by expanded (GAA)n repeats 31,48. Recently, analysis of DNA synthesis through a 

reconstituted eukaryotic replication fork revealed a weak but reproducible stalling only when a 

long (GAA)n repeat was located on the leading strand template 49. Long (GAA)n repeats were 

also shown to stall replication in vivo both in yeast and mammalian cells 50–54. In yeast, (GAA)n-

mediated fork stalling is orientation-dependent, as it was only observed when the (GAA)n run 

was on the lagging strand template 53,55. This was interpreted as the formation of an H-r triplex in 

front of the fork, followed by strand unwinding by the replicative CMG (Cdc45/Mcm2-7/GINS) 

helicase 53. In human cells, (GAA)n repeats cause fork stalling in SV40-based episomes in an 

orientation-independent manner 50,51,56. This inconsistency between the two systems could be 

explained by the fact that in an SV40 replisome, the T-antigen helicase is used instead of the 

endogenous CMG helicase, and synthesis is performed by Pol δ on both the leading and the 

lagging strand 57. Fork stalling at (GAA)n repeats result in fork reversal 51,56,which can lead to 

subsequent fragility and instability 55,56,58.  

It is important, therefore, to understand whether triplexes can cause the stalling of regular 

replication forks at endogenous chromosomal locations. The use of the S1-END-seq approach 

described above [44] identified two types of non-B DNA structures in human cells: DNA 

cruciforms formed by (AT)n repeats and H-DNA formed by long hPu/hPy mirror repeats46. H-

DNA was detected in multiple cancer cell types, and a considerable portion of sequences was 
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shared between genomes, indicating the presence of highly conserved H-DNA regions (Figure 

1-2 c). Most of the detected triplexes were formed by (GAAA)n, (GAA)n and (GGAA)n repeats 

and corresponded to the H-r5 conformation. To address the concern that the acidic pH of S1-

nuclease treatment could promote triplex formation ex vivo, the authors replaced S1-nuclease 

with P1-nuclease, which cleaves ssDNA at neutral pH. This new approach, called P1-END-seq, 

revealed a similar number and distribution of triplex peaks in cancer cell lines. Another 

important argument supporting H-DNA formation in vivo is that the triplex peaks spike in S-

phase, which correlates with orientation-dependent replication fork stalling, similar to that 

observed in yeast. 

 Replication fork stalling at expanded (GAA)n repeats at the FXN locus was directly 

shown using single-molecule analysis of replicated DNA (SMARD) isolated from FRDA patient 

cells 52. Stalling was observed in both orientations, being particularly pronounced when the 

(TTC)n run is on the lagging strand template. This polarity is opposite to that observed in yeast 

and in human cells via S1-END-seq. While the reason for this difference remains unclear, one 

possibility is that head-on collision of FXN transcription with replication going in the opposite 

direction adds to the strength of the stall. Importantly, GAA-specific polyamides that disrupt 

triplex DNA rescue replication fork stalling, implying that H-DNA causes fork stalling at the 

repeat 46,52. 

 Further characterization of non-B DNA structures at the single nucleotide level has the 

potential to provide insight into not only location and frequency of H-DNA, but also 

requirements for its formation, mutagenic potential and association with cell or tissue type. This 

information will be important to determine whether H-DNA is associated with genetic diseases 

such as cancer besides FRDA, as proposed by recent computational analyses 59,60. So far, 
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individual sequencing methods show detection biases toward specific H-DNA isomers, and 

different types of sample processing might introduce artificial H-DNA formation to a certain 

extent. Newer methods based on the use of small molecules as modifiers are being developed to 

allow more sensitive and accurate detection of alternative DNA structures 61,62. Where, then, are 

the commonalities? Firstly, all studies agree that even though both replication and transcription 

can promote H-DNA formation, the major contributor varies based on the specific repeat and its 

genetic environment, such as chromatin context and specific location. In addition, interruptions 

in the repeat decrease its ability to form H-DNA and stall the replication fork 45,46, in accordance 

with previous in vitro studies for long interrupted (GAA)n repeats 36. Importantly, interrupted 

(GAA)n repeats are rarely found in FRDA patients, and when present lead to delayed disease 

onset and milder phenotypes, strongly suggesting that the ability of the repeat to form a triplex is 

essential for disease pathogenesis 13,63. Finally, the prevalence of H-DNA forming sequence 

warrants extensive studies of their potential biological functions, which likely remain widely 

underestimated. 

 

GENOME INSTABILITY MEDIATED BY (GAA)N REPEATS 

As is true for other repeat expansion diseases, the longer the (GAA)n repeat is, the more prone to 

length instability it becomes 64,65. Instability is observed both during intergenerational 

transmission and in post-mitotic somatic cells 66–70. Expansions predominantly happen during 

intergenerational transmission and cell division. In somatic cells, contractions are the most 

prevalent form of (GAA)n instability, although expansions were observed in affected tissues, 

including the heart, pancreas and neuronal tissues 66,71. Somatic mosaicism – the presence of a 
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variety of (GAA)n lengths in the same patient – was observed in multiple patient tissues in an 

age-dependent manner, with the length of the largest allele determining the scale of the observed 

mosaicism 66,71–74.  

Since (GAA)n repeat expansions cause a human hereditary disease, research has focused 

on the study of their expansion mechanisms. Somewhat less appreciated is the fact that (GAA)n 

repeats can cause additional local and global genome rearrangements. The original examples 

came from studies in yeast. First, it was directly demonstrated that expanded (GAA)n repeats are 

fragile, resulting in double-strand breaks 55. Second, (GAA)n repeats appear to cause mutagenesis 

at a distance, in a process that we called repeat-induced mutagenesis (RIM) 75. Expanded (GAA)n 

repeats at the FXN locus also increase mutagenesis in the area surrounding the repeat, likely 

through double-strand break (DSB) repair processes 75–79. Note that other triplex-forming 

sequences were also associated with increased break-induced mutagenesis in mammalian cells 

77,80,81. 

Altogether, various types of (GAA)n repeat-mediated instability contribute to the 

accumulation of mutations at and around the expanded locus, as well as rearrangements in other 

genomic regions. These events can modulate the age and onset of FRDA and/or lead to the 

emergence of other pathogenic mutations, which can in turn modulate (GAA)n length stability. 

We will cover the mechanisms of (GAA)n mediated genome instability during replication and in 

non-dividing cells in the next sections. 

Fragility 

As is common for other disease-related repeats, (GAA)n repeats were shown to be fragile in 

multiple model systems, causing DSBs and genome rearrangements. In yeast, (GAA)n fragility 
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was shown to be dependent on its orientation relative to the replication origin, being higher when 

the (GAA)n is on the lagging-strand template – the same orientation that causes replication 

stalling 55. In this case, fragility was dependent on the mismatch repair (MMR) machinery. We 

hypothesize that yeast MMR cleaves the single-stranded loops of H-DNA, erroneously 

perceiving them as mismatched loop-outs. It would be of great interest to substantiate this idea in 

biochemical studies. Indirect evidence also indicates that there is increased fragility at the 

endogenous (GAA)n repeat in the FXN locus in FRDA patient cells 58. 

Expansions 

Expanded (GAA)n repeats were shown to affect replication fork progression in every 

experimental system studied to date, likely owing to their triplex-forming potential. In yeast, 

(GAA)n repeats start expanding at the carrier length of (GAA)52, and the rate of expansion 

increases exponentially with the repeat’s length 65. This begs the question, is there a link between 

replication through the repeat and its instability? An unambiguous affirmative answer came from 

a yeast experimental system. A genome-wide screen identified genes that modulate (GAA)n 

instability, including its fragility and propensity for expansions 82. The screen had hits in three 

main categories: replication-associated genes, transcription initiation genes, and two components 

of the CST (Cdc13-Stn1-Ten1) complex, which regulates telomere maintenance. Further studies 

expanded on the role of each category in (GAA)n repeat instability.  

First, an intact and processive core replisome was shown to counteract instability 82,83, as 

mutations in Pol ε and δ, as well as in the fork stabilization complex (Tof1-Csm3-Mrc1), 

promote large-scale (GAA)n repeat expansions 83. Mutations in subunits of the CMG helicase 

also increase mid-scale expansions of short (GAA)25 repeats, through a mechanism consistent 

with template switching (TS) and break-induced replication (BIR) 84,85. During lagging strand 
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synthesis, each Okazaki fragment needs to be processed by 5’ flap endonucleases prior to 

ligation. The major flap endonucleases in yeast are Rad27 and Dna2, which cleave short and 

long flaps, respectively. Mutation of either flap endonuclease dramatically increases (GAA)n 

repeat expansions, possibly due to an imbalance in the total amount of ssDNA in the cells which 

can result in increased formation of triplexes on the flaps, ultimately resulting in (GAA)n repeat 

instability (Figure 1-3 a) 65,83.  

A strong replication stall could lead to dramatic consequences such as template switching 

or replication fork reversal 51. The goal of both of these processes is to bypass a template 

“lesion”, but can result in (GAA)n repeat instability 86. Nevertheless, whereas fork stalling is 

orientation-dependent 52,53,65,69, large-scale (GAA)n repeat instability seems largely orientation-

independent, even though there is a slight bias for increased instability when the (GAA)n run is 

on the lagging strand template in all of the studied systems 64,65. This bias has been related to the 

asymmetrical nature of DNA replication and led to the proposal of the “ori-switch” model, in 

which origin activity and orientation relative to the position of the repeat influences 

predisposition for either expansions or contractions 87. What other processes, in addition to fork 

stalling, are then causing instability during replication? Template-switching during DNA 

synthesis could also occur independently of stalling, especially at the site of long repetitive 

templates in which TS could happen at a higher rate (Figure 1-3 a). 

In addition, factors other than the ones involved directly in the replication fork can 

contribute to (GAA)n expansions during replication, as illustrated by the identification of the 

CST complex in the genetic screen described above 82. Recently, mutations in the CST complex 

were shown to lead to large-scale (GAA)n repeat expansions through a mechanism involving the 

Rad9-dependent G2/M DNA damage checkpoint activation and post-replicative repair (PPR) of 
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gaps and nicks 88. Even though (GAA)n repeats, unlike expanded (CAG)n repeats, do not activate 

the checkpoint by themselves, the checkpoint response likely becomes relevant in the context of 

other sources of replicative stress 89.  

An episomal experimental system was previously established in our laboratory to study 

the link between replication and expansions of (GAA)100 repeats in human cells56. Using siRNA 

to deplete specific proteins, this study shows that large-scale repeat expansions are promoted by 

proteins involved in replication fork reversal (SHPRH/SMARCAL1/HLTF) and counteracted by 

proteins that are involved in the restoration of reversed forks (RAD52/RECQL1/WRN). Further, 

the DDX11 helicase, which was shown to untangle triplex DNA in vitro 90, also counteracts 

repeat expansions. Altogether, this data indicates that expansions occur while the replication fork 

attempts to bypass a triplex formed by the (GAA)n repeat (Figure 1-3 c). 

Contractions 

Repeat contractions are another type of (GAA)n repeat instability which has been intimately tied 

with ongoing DNA replication. (GAA)n repeats become more prone to contractions the longer 

they are, and contractions occur progressively in somatic cells of FRDA patients, as well as 

during intergenerational transmission 66,67,70. The question of whether contractions and 

expansions occur through a shared mechanism remained a mystery for a long time. A recent 

study in yeast set up a genetic assay to study large-scale contractions (> 20 repeats) of long 

(GAA)124 tracts 64. First, contractions were associated with the ability of the repeat to form H-

DNA, directly tying contraction events to triplex formation during DNA synthesis. Second, 

mutations of lagging strand synthesis polymerases (Pol α and Pol δ) and flap-processing 

nucleases (Rad27 and Dna2), which result in the accumulation of long ssDNA tracts, promoted 

large contractions in an orientation-independent manner. Third, the ssDNA-binding replication 
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protein A (RPA) strongly counteracted triplex formation between the nascent lagging strand and 

its template, preventing contractions (Figure 1-3 a) 64. At the same time, all major DSB-repair 

pathways did not influence (GAA)n repeat contractions. This led us to conclude that large-scale 

contractions occur during triplex bypass during lagging strand synthesis. 

Importantly, the average contraction size of the starting (GAA)124 was of ca. 60 repeats in 

this system, and likely to be the result of a one-step process. This corresponds to a contraction of 

a (GAA)124 repeat in the mutational range down to pre-mutational or normal repeat sizes, which 

is very encouraging from a potential therapeutic standpoint. The challenge remains to identify 

proteins which exclusively promote contractions or prevent expansions, without affecting the 

other side of instability or have genome-wide mutagenic effects. 

Altogether, the expansion and contraction data point to a link between replication through 

(GAA)n repeats and their instability. Both fork stalling at the repeat and instability become 

apparent at (GAA)n repeat lengths corresponding to carrier sizes in patients and become more 

pronounced at disease length. That being said, in the experimental systems studied so far, there is 

no obvious direct correlation between the strength of fork stalling and repeat instability causing 

disease. This ambiguity warrants further studies of the mechanisms of replication-dependent 

repeat instability. 

Complex genome rearrangements 

Two classes of repeat-mediated genome rearrangements were revealed in a yeast experimental 

system. First, repair of DSBs within expanded (GAA)n repeats occasionally leads to the 

formation of large deletions which encompass the repeat and its adjacent regions 65. Second, 

genetic assays combined with Nanopore sequencing found that (GAA)n repeats cause complex 
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genome rearrangements (CGRs) of the yeast genome that are yet another byproduct of DSB 

repair 91. These CGRs resulted from a mixture of reciprocal and non-reciprocal gene-conversion 

events, which involve both intra- and inter-chromosomal interactions 91.  

We also want to emphasize that with the advent of long-read sequencing and dedicated 

computational tools, the sequencing of expanded repeats appears more practical, and provides 

the opportunity to widely survey both the general and affected populations to assemble a 

comprehensive picture of (GAA)n repeat sizes and distributions 91–98. Recently, Nanopore 

sequencing was used to detect replication fork stalling associated with structure formation during 

sequencing 99,100. The combination of long-read sequencing with GWAS, such as the ones 

conducted on (CAG)n repeats and Huntington’s disease 101–103, could provide invaluable 

information on genetic modifiers of (GAA)n repeat stability and FRDA onset and severity, 

revealing new mechanisms of instability and guiding the development of novel therapeutic 

avenues.  

Repeat-induced mutagenesis 

As mentioned above, expanded (GAA)n repeats in the FXN locus increase mutagenesis in 

surrounding genomic regions in FRDA patients. The mechanisms of this mutagenesis were thus 

far studied only in a yeast experimental system. Repeat-induced mutagenesis (RIM) was detected 

up to 10 kb upstream and downstream of long (GAA)n repeats 79. Conditional mutations in Pol Ɛ 

dramatically elevated the rate of RIM, implicating DNA replication in the process 83. It is not yet 

clear what causes the mutagenesis. In two studies, RIM depended on translesion synthesis (TLS) 

by DNA Polymerase ζ 79,104. In another study, translesion synthesis was only involved in RIM if 

Pol δ activity was compromised 83. Two mechanisms are being considered: repair of post-

replication gaps that involves Pol ζ 79,104, and a BIR-like pathway 83. 
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Figure 1-3: Models of (GAA)n repeat instability.  

(A) (GAA)n repeat instability in dividing yeast mainly occurs via replication-dependent 
mechanisms, such as template switching (TS) or flap ligation, leading to expansions (see 4.2) 65,83. 
Pol δ dissociation during lagging strand synthesis causes contractions (see 4.3) 64. During 
transcription, formation of a triplex-stabilizing R-loop (H-loop) can trigger break-induced 
recombination leading to repeat expansions 105. (B) (GAA)n repeat instability in non-dividing yeast 
is characterized by two different types of events, depending on whether the MMR machinery is 
functional. MMR drives incisions in H-DNA and sticky DNA structures, which are then converted 
into DSBs. DSB repair by HR leads to gene conversions events, while repair by NHEJ results in 
deletions. In MMR-deficient strains, nick repair leads to expansions. (C) Replication dependent 
(GAA)n repeat expansions in human cells is initiated by triplex formation ahead of the fork leading 
to its regression. Repeats can expand upon strand slippage during the restoration of the regressed 
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fork 56. (D) (GAA)n repeat instability in non-dividing and somatic human cells is promoted by the 
formation of R-loops during transcription and/or upon transcription-replication collisions (TRCs), 
which are then recognized by MMR and converted into DSBs. Other sources of DSBs can initiate 
this process as well. Error-prone repair results in (GAA)n repeat expansions 52,106–108. 

 

 

ROLE OF TRANSCRIPTION AND R-LOOPS IN (GAA)N REPEAT INSTABILITY 

Expanded (GAA)n repeats pose an obstacle to transcription in an orientation-dependent manner 

54,109,110. During transcription, a sense r(GAA)n strand or an antisense r(UUC)n strand can 

participate in the formation of stable DNA:RNA duplexes, or R-loops, consisting of two DNA 

and one RNA strands 111,112. Interestingly, recent analyses have shown that R-loop formation 

might be promoted at repetitive elements across eukaryotic genomes 113,114. Enrichment of 

unscheduled R-loops can result in genomic instability and has been shown to modulate stability 

of other TNRs (reviewed in 115,116). R-loop formation during transcription of expanded (GAA)n 

repeats has been proposed as a pathogenic mechanism contributing to transcriptional silencing at 

the FXN locus 117. The formation of DNA:RNA hybrids at expanded (GAA)n repeats is 

thermodynamically favorable since the sense RNA is homopurine 118,119. Interestingly, 

transcription has been shown to increase (GAA)n repeat instability in both human and yeast 

experimental systems 82,120–122. In yeast, the transcription-dependent increase in instability was 

further exacerbated in the absence of the RNase H enzymes, which counteract the accumulation 

of R-loops 105. Furthermore, this increased instability was caused by BIR. Altogether, these data 

point to the role of R-loops and transcription-replication collisions (TRC) in (GAA)n repeat 

instability (Figure 1-3 a). 

It is generally believed that R-loops can cause genome instability when replication and 

transcription collide head-on. It was surprising, therefore, that R-loop-dependent instability of 
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(GAA)n repeats did not depend on relative orientation of replication and transcription 105. To 

explain this difference, it was hypothesized that H-DNA transiently formed upstream of 

elongating RNA polymerase interacts with the repetitive RNA transcript forming the so-called 

H-loop 5. This H-loop is much more stable than either H-DNA or R-loop alone. Therefore, DNA 

replication could be blocked notwithstanding its directionality. It is yet to be determined whether 

transcription can promote (GAA)n repeat instability independently of DNA replication. The 

answer to this question will allow us to determine whether transcription-mediated instability 

might be a universally shared mechanism in both dividing and non-dividing cells. It will be 

important to study whether other factors which contribute to R-loop balance and/or transcription-

coupled repair (TCR) affect (GAA)n repeat stability. One promising candidate is the Senataxin 

helicase (Sen1 in S. cerevisiae), which associates with the replication fork to resolve R-loops and 

prevents their accumulation during DNA replication and DNA damage repair 123–127. 

 

REPLICATION-INDEPENDENT PATHWAYS OF (GAA)N REPEAT INSTABILITY  

The tissues which are most severely affected in repeat expansion diseases are usually terminally 

differentiated and do not undergo cellular division. In such tissues, DNA replication-dependent 

processes cannot be a major source of repeat instability. Nevertheless, (GAA)n repeats 

progressively expand in neuronal tissues, such as the cerebellum and dorsal root ganglia (DRG), 

as well as in cardiac muscles, in both human and mouse models 66,128–132. A longitudinal study in 

FRDA patients confirmed lifetime-long addition of (GAA)n repeats in multiple non-dividing 

tissues and shows that longer starting repeat sizes lead to a greater magnitude in expansions over 

time 71. DNA damage and subsequent repair, involving tracts of DNA synthesis through the 
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repetitive tract, occur in post-mitotic tissues such as neuronal tissues at every stage of the cell 

cycle 133,134. This is relevant for (GAA)n repeat instability since DNA damage repair can be 

affected by the presence of the triplex H-DNA structure, which may be perceived as a lesion by 

DNA repair machineries. It is also foreseeable that repeat instability could arise during cell-cycle 

reactivation in postmitotic neurons, which occasionally involves aberrant DNA synthesis 135–138. 

In the next section, we focus on the DNA repair mechanism that has received most of the recent 

attention regarding (GAA)n repeat instability – mismatch repair. 

Mismatch repair in (GAA)n repeat instability 

Mismatch repair (MMR) is responsible for the correction of base mismatches and small 

insertions and deletions (indels), which can arise during DNA replication, recombination, and 

repair. In MMR, mismatches and small loops (1-3 bp) are recognized by MutSα (Msh2-Msh6), 

and larger loop-outs by MutSβ (Msh2-Msh3). Subsequently, the MutL complexes, MutLα 

(Mlh1-Pms2) and MutLγ (Mlh1-Mlh3), excise the mismatch, followed by DNA strand resection 

and fill-in synthesis. In this capacity, MMR is essential for the maintenance of genome stability. 

Among other things, defects in MMR lead to microsatellite instability – a characteristic feature 

of various cancers (reviewed in 139). But not all microsatellites are equal in the eyes of the MMR 

machinery. Counterintuitively, functional MMR overall promotes instability of the 

microsatellites responsible for repeat expansion diseases, including (CAG)n, (CGG)n and (GAA)n 

140,141. The individual effects of the MMR components on repeat instability depend on both the 

model organism and whether somatic or intergenerational instability is under investigation 

(Table 1). In humanized FRDA mice, MMR affects repeat instability, although fine molecular 

mechanisms are somewhat controversial. That is, MUTSβ prevents intergenerational 

contractions, MUTSα precludes both expansions and contractions, while MUTLα counteracts 
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expansions but promotes contractions 142,143. In somatic cells, specifically in neurological tissues, 

MUTLα suppresses expansions, but MUTSα promotes expansions 106. 

In contrast to mice, MUTSβ promotes small-scale expansions in cultured human cells 107. 

This depends on the activity of MUTLγ, and MUTLα protected against expansions, as observed 

in mouse models (Figure 1-3 d) 108. In FRDA patient-derived induced-pluripotent stem cells 

(iPSCs), MUTSβ promotes large-scale (GAA)n expansions 144. Whether allele variants of the 

individual proteins are actually modifiers of repeat stability in humans remains to be ascertained 

145–148. Notably, genetic analysis of (GAA)n repeat instability in non-dividing somatic cells 

cannot be easily done in patient-derived tissues, as they present a static picture or are passaged 

derived cells, which underwent further replication cycles.  

To address this problem, Neil et al. developed a novel experimental system to study 

instability of a long (GAA)100 repeat in chronologically aging quiescent (G0) cells in S. 

cerevisiae 149. Three categories of mutagenic events were observed: repeat expansions, NHEJ-

dependent deletions, and HR-mediated gene conversions. Whereas the main mutational event in 

dividing yeast cells is repeat expansions, the balance rapidly shifted to large deletions frequently 

including the whole (GAA)n repeat as the cells entered quiescence (Figure 1-3 b) Deletions were 

triggered by DSBs at the repeat generated during MMR as discussed in 4.1.. These DSBs are 

then repaired by Exo1-mediated resection and NHEJ. Consequently, a functional MMR 

machinery suppresses expansions of (GAA)n repeats specifically in non-dividing yeast cells 

(Table 1) 55,65,149. Inactivation of MutSβ and MutLα and, above all, Exo1 increased both the 

frequency and the size of (GAA)n repeat expansions in quiescent cells. Finally, expansions 

involved processive DNA synthesis by Pol δ, likely occurring during error-prone repair of nicks 

accumulated in the damage-susceptible single-stranded parts of H-DNA 150. Whereas large-scale 
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expansions occur in one step during replication 83, expansions in quiescent cells could result 

from multiple smaller-scale expansions 149. 

In sum, MMR has been established as a major pathway modulating (GAA)n repeat 

stability, albeit with dramatic differences when it comes to the role of individual MMR 

components between different model systems. Note, also, that the effects of the MMR machinery 

on (GAA)n repeat instability are strikingly different from their role in (CAG)n repeat instability, 

as is comprehensively displayed in Table 1. In short, the MMR machinery binds but cannot 

excise long stable hairpins, further stabilizing those hairpins. Consequently, MMR promotes 

(CAG)n expansions in mice and humans 151–155. The association between MMR and (GAA)n 

repeat instability clearly does not fit the same scheme. Furthermore, the effects of MMR on 

(GAA)n stability are clearly different in dividing and non-dividing cells, as evidenced by 

different effects of MutLα and MutSβ described above and in Table 1. The latter difference 

could result from different expression levels of MMR proteins as well as a different relationship 

between replication, transcription, and DNA repair. 

Table 1: Role of MMR proteins during length instability of (GAA)n and (CAG)n repeats 

Complex MMR 
protein 

GAA somatic and non-
dividing 

GAA 
intergenerational 
and replication-
models 

CAG 
somatic and 
non-
dividing 

CAG 
intergenerational 
and replication-
models 

MutLα 
MutLγ 

MLH1 Promotes expansions 
 
Mouse model 
143 
 
No effect on expansions 
 
Promotes deletions  
 
Non-dividing yeast cells  
149 
 

Promotes expansions 
 
Mouse model and 
human cells 
108,143 

Promotes 
expansions 
 
HD mouse 
model  
156 
 
Human HD 
population 
157 
 

Prevents 
expansions 
 
S. cerevisiae 
158 

MutLα PMS2 
(Pms1 in 

Prevents expansions  
 
Mouse model 

Prevents expansions 
Promotes contractions 
 

Promotes 
expansions 

Prevents 
expansions 
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S. 
cerevisiae) 

Non-dividing yeast cells  
106,149 
 
Promotes deletions  
Non-dividing yeast cells  
149 
 

Mouse model 
142 
 
Prevents expansions 
 
Human cells 
108 

Prevents 
deletions 
 
Mouse 
model 
159 

S. cerevisiae 
158 

MutLγ MLH3 Prevents expansions  
 
Human cells 
108 

Prevents expansions  
 
Human cells 
108 

Promotes 
expansions  
 
HD mouse 
models and 
patient 
derived cells 
156,160 
 
 

No effect  
 
S. cerevisiae 
158 

MutSβ 
MutSα 

MSH2 Promotes expansions  
 
Mouse model 
Human cells 
106,107 

Prevents contractions 
 
Mouse model 
142 
 
Promotes expansions 
 
iPSC GAA expansion 
model  
144,161 
 

Promotes 
expansions 
 
Mouse 
models  
Human cell 
model 
126,162,163 

Promotes 
expansions 
 
S. cerevisiae 
Mouse model 
164,165 
Prevents 
contractions  
 
S. cerevisiae 
158 

MutSβ MSH3 Prevents expansions 
 
Promotes deletions 
 
Non-dividing yeast cells  
149 
 
Promotes expansions  
 
Human cells and FRDA 
fibroblasts 
107 

No effect on 
expansions 
 
G0 yeast cells 
149 
 
Prevents contractions 
 
Mouse model 
142 

Promotes 
expansions 
 
Human cell 
model  
126 

Promotes 
expansions 
 
HD mouse model 
DM1 mouse 
Human cell lines 
S. cerevisiae 
164,166–170 

MutSα MSH6 Promotes expansions  
 
Mouse model 
106 
 
No effect on expansions 
and promotes deletions 
 
Non-dividing yeast cells  
149 
 

Prevents expansions  
and contractions 
 
Mouse model 
iPSC model 
142,161 
 
No effect on 
expansions  
 
Human cells 
107 

Prevents 
expansions  
 
Human cell 
model 
126 

Prevents 
contractions 
 
HD mouse model 
166 
 
Prevents 
expansions  
 
S. cerevisiae 
164 
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Base excision repair in (GAA)n repeat instability 

Base excision repair (BER) is a DNA damage repair pathway which processes lesions initiated 

by oxidative damage, alkylation and base deamination. In short, the modified base is removed by 

a DNA glycosylase and the resulting abasic site is cleaved by the AP endonuclease creating a 

nick in a DNA strand. DNA polymerase β carries out repair DNA synthesis, which is followed 

by flap removal by flap-endonucleases and ligation. BER has been proposed to be a major 

pathway leading to small-scale, age-dependent somatic expansions of (CAG)n repeats 171,172. 

Trinucleotide repeat stability is influenced by BER based on the site of DNA modifications 

within the repeat, the presence of additional proteins, and its balance with MMR processes 173.  

Lai et al. showed that alkylation of (GAA)n repeats by the chemotherapeutic 

temozolomide results in BER-mediated (GAA)n repeat contractions both in vitro and in 

lymphoblasts of FRDA patients 174. A structure-prone repetitive flap may compromise 

coordination between Pol β and flap cleavage by the flap endonuclease FEN1. BER was also 

proposed as a mechanism of repair of abasic sites within R-loops formed at (CAG)n repeat 158. 

Laverde et al. conducted a biochemical study of BER activity on R-loop substrates containing a 

(GAA)20 repeat. The BER enzyme AP endonuclease 1 (APE1) was found to incise the abasic site 

in the (GAA)n R-loop, creating a double flap intermediate that hinders synthesis by Pol β while 

stimulating 5’-flap cleavage by FEN1. Cleavage by FEN1 promotes R-loop resolution and 

contractions of about half the repeat length 175. Therefore, the data so far indicate that processing 

of lesions in (GAA)n repeats by BER primarily results in repeat contractions. 

What remains to be determined is the direct contribution of individual oxidizing agents 

and lesions on (GAA)n repeat stability. The position of the lesion relative to the repeat could also 

be involved in determining whether repair will result in expansions or contractions, as is the case 
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for (CAG)n repeats 176. Oxidative damage is particularly relevant in the context of FRDA, as it is 

a prominent form of DNA damage in aging neurons and the frataxin protein itself is involved in 

the processing of oxidative damage 177,178. Mitochondrial dysfunction, accumulation of reactive 

oxygen species (ROS) and subsequent cell death has been proposed as a driving cause of FRDA 

179. ROS accumulation promotes elevated levels of oxidative damage in the cell. If oxidative 

damage repair modulates (GAA)n repeat instability in somatic cells, it could be one of the main 

drivers of age-dependent somatic instability. 

(GAA)n repeats are hotspots of homologous recombination 

(GAA)n repeats were shown to promote homologous recombination in bacterial and yeast 

experimental systems 55,180,181, a feature they share with other trinucleotide repeats 182. However, 

there are sensitive differences between the two systems. In bacteria, the recombinogenic 

potential of (GAA)n repeats decreased with their length, which was attributed to the formation of 

sticky DNA by longer repeats (see Section 2). In yeast, in contrast, the repeat’s recombinogenic 

potential increased with its length. Furthermore, repeat-mediated recombination in bacteria, but 

not in yeast, occasionally led to length instability of the repeat itself. Finally, the data from the 

tetrad analysis in yeast indicated that repeat-mediated recombination occurred during the G1 

phase of the cell cycle – it was replication-independent 180. We want to emphasize that unlike 

(CAG)n repeats, (GAA)n repeat instability is not modulated by homologous recombination 

factors in yeast experimental systems, except for when the RNase H enzymes had been deleted, 

eliciting a BIR response 64,82,105,182. 

 



 

27 
 

DOES FAN1 PLAY A ROLE IN (GAA)N REPEAT INSTABILITY? 

Cells contain a variety of structure-specific nucleases, which process flaps and other structures 

during DNA replication, repair, and recombination. Whereas each nuclease optimally processes a 

specific substrate, it is possible they can mis-recognize unusual DNA structures, influencing their 

stability. Two such nucleases are FEN1 (Rad27 in S. cerevisiae) and the Fanconi-associated 

nuclease FAN1. FEN1 processes 5’ flaps of Okazaki fragments during lagging strand synthesis 

and DNA damage repair 183. FAN1 is an interstrand cross-link (ICL) repair protein which 

exhibits 5’-to-3’ exonuclease activity as well as endonuclease activity, participates in HR and 

processing of stalled forks 184. FEN1 and FAN1 belong to the same class of enzymes and have 

been shown to have overlapping substrates, suggesting they might have similar or redundant 

roles in the regulation of repeat instability. 

In yeast, Rad27 (FEN1) prevents instability of both (GAA)n and (CAG)n repeats 64,185–188, 

and multiple models propose that it does so through its flap equilibration abilities, which likely 

counteracts the formation of non-B DNA structures. In contrast, mammalian FEN1 does not 

seem to fully share this important role, as its depletion does not affect (GAA)n instability and has  

contrasting effects on (CAG)n stability, and has not been identified as a disease regulator 189–193.  

What could explain this striking difference between organisms? It is possible that flap 

processing during Okazaki fragment synthesis might not be a major contributor to somatic 

instability overall. Alternatively, flap processing performed by other nucleases might be more 

important in human cells. Recently, FAN1 has emerged as a prominent candidate. Genome-wide 

association studies (GWAS) of Huntington’s disease have identified FAN1 as a strong genetic 

modifier of disease onset, with FAN1 mutations being associated with earlier onset 103,194. In 

addition, FAN1 prevents expansions of (CGG)n repeats in Fragile X syndrome mouse models 
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and rare missense variants in FAN1 were associated with expanded (CGG)n repeats present in 

individuals with autism spectrum disorders 195–197. 

Goold et al. propose that FAN1 acts through a nuclease-independent pathway to stabilize 

(CAG)n repeats and prevent expansions, possibly by recruiting DNA damage repair proteins to 

the repeat, promoting conservative repair 198. Candidates for key FAN1 interactors are its 

physical interactors in the MutL family 199,200. FAN1 and MLH1 have been recently shown to 

have opposite but interdependent effects on (CAG)n repeat instability. FAN1 sequesters MLH1 

through a *SPYF* motif, leaving it unable to promote (CAG)n expansions through its canonical 

MMR function 201–204 (Table 1). In these studies, the nuclease activity of FAN1 was needed to 

prevent expansions. Variants of FAN1 with reduced nuclease activity have been found in 

patients with particularly early HD onset and highlight the endo- and exonuclease activity of 

FAN1 in protecting against expansions 195,205. Therefore, it has become clear that FAN1 is a 

major regulator of (CAG)n repeat stability 206.  

Since MLH1 activity has been shown to regulate (GAA)n repeat instability in yeast and 

mouse models as well as in cultured human cells, it is foreseeable that the FAN1-MLH1 

interaction might influence the balance of (GAA)n repeat stability possibly by the processing of 

5’ flaps generated by strand displacement during DNA synthesis. The latter role would more 

closely mirror the effects of Rad27 on (GAA)n repeat instability, as Rad27 does not interact with 

the MMR machinery in S. cerevisiae in otherwise unperturbed conditions 207. Thus, we believe it 

is of great interest to study the role of FAN1 nuclease in (GAA)n repeat instability. 
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THERAPEUTIC AVENUES TARGETING (GAA)N REPEAT STABILITY  

Gene editing and replacement therapies to modulate (GAA)n repeat size and stability 

Friedreich’s ataxia is a predominantly monogenic disease. Therefore, removal of expanded 

(GAA)n repeats at the FXN locus via gene editing is a potentially promising approach to 

modulate and even prevent disease. Excision of the (GAA)n repeat and some of the flanking 

sequence with zinc-finger nucleases in FRDA derived cells can partially rescue defects in FXN 

expression and ameliorates pathological phenotypes in iPSC-derived neuronal cells 208. More 

recently, CRISPR technology has been applied to the study of repeat expansion diseases 209–211. 

Removal of expanded (GAA)n repeats in an FRDA mouse cell line containing one expanded 

(GAA)190 allele promoted partial transcriptional rescue of FXN gene expression, with an 

associated increase in protein levels 211. The same result, though, was not observed in a cell line 

with two expanded alleles 211. We envision that both length of the expanded allele and the 

relative size of the other allele can influence the success of CRISPR targeting.  

Genome editing techniques to restore frataxin levels can be combined with cell 

replacement therapies to overcome an additional hurdle in therapy. Before the advent of 

CRISPR, same-species (allogeneic) transplant of healthy cells had been explored as a method to 

treat FRDA symptoms in mice 212. The major hurdles of allogeneic transplantation are 

immunosuppression and graft rejection. The possibility of using the patient’s own cells, 

modifying their genome, and reintroducing them into the patient (autologous graft) is therefore 

much more attractive, as it circumvents the mentioned issues. Rocca et al. removed the expanded 

repeat from human FRDA fibroblasts and hematopoietic stem and progenitor cells (HPSC), 

reaching a substantial increase in frataxin protein levels and rescue of mitochondrial defects. 

HPSCs then underwent hematopoiesis but displayed reduced cell proliferation rates 210.   
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Can CRISPR succeed also in the context of a functional brain? FRDA-derived iPSCs and 

embryonic stem cells differentiated into neuronal derivatives are able to withstand grafting into 

rodent brains, survive and even mature into dorsal root ganglia (DRG) – the primary tissue 

affected by neurodegeneration in FRDA 213,214. Consequently, they constitute a model in which 

the utility of gene editing can be more reliably tested. FRDA-derived iPSCs have also been used 

to develop an in vitro 3D DRG organoid (DRGO) model 215. Removal of the expanded (GAA)n 

repeat by CRISPR partially restored the frataxin protein levels and rescued FRDA-associated 

phenotypes, and the level of rescue was greater when shorter (GAA)n repeats were deleted. On 

the other hand, an almost complete deletion of the first FXN intron restored frataxin expression 

levels to approximately wildtype levels. The repressing chromatin markers associated with FXN 

transcription silencing in FRDA were permanently removed when the whole intron was 

removed, indicating that long (GAA)n repeats propagate chromatin silencing through its 

upstream and downstream regions 215. Thus, removal of the expanded (GAA)n repeat alone might 

not be sufficient and will only work in association with the concomitant loss of repressive 

chromatin marks in its surroundings. 

What are some of the caveats? First, it seems that the extent of the FXN region to be 

removed will have to be tailored to the starting (GAA)n repeat length of the individual patient, 

and different guides might be needed in each specific case. Secondly, off-target effects need to 

be carefully studied and minimized, and this will have to be tested for each target site. Third, 

whether the same approach can be applied to intergenerational instability remains to be 

determined. Finally, long-term studies are needed to test whether once the repeat has been 

shortened it remains stable over a long period of time, or whether it eventually becomes unstable 

again. 
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An alternative approach is gene addition, in which transgenic wild-type FXN is 

reintroduced into cells using viral vectors to rescue frataxin expression (reviewed in 216). Since 

gene addition was successfully used for treating recessive genetic diseases in humans 217,218, this 

approach has been broadly investigated for FRDA, using various mouse models, patient-derived 

fibroblasts and in non-human primates (216 and references therein). The main caveats in the 

FRDA case, however, was toxicity upon delivery and failure to rescue frataxin expression in 

neurological tissues. 

Oligonucleotide-based approaches 

The availability of repeat-stabilizing agents, such as small molecules that stabilize H-DNA or 

promote contractions, is being investigated as a complementary approach for treating repeat 

expansion diseases 52,219. Since the protein coding sequence of frataxin remains unaltered in 

FRDA, upregulation of transcription and protein levels is a viable therapeutic avenue. Recently, 

the Napierala group has pioneered an oligonucleotide-based approach in which frataxin mRNA 

levels were stabilized resulting in increased frataxin protein levels in both FRDA fibroblasts and 

iPSC-derived neuronal progenitor cell lines 220. Targeting the 5’ and 3’ untranslated regions of 

the FXN in combination led to a modest increase in mRNA half-life protein levels without 

altering the chromatin status of the FXN gene 220. Since FRDA patients only have 5% to 35% of 

the control frataxin levels, it remains to be determined whether such an increase has the potential 

to alleviate frataxin-deficiency associated phenotypes 221,222. 

Oligonucleotides can also be used to directly try and prevent (GAA)n repeat expansions. 

The first support for this idea comes from the use of locked nucleic acids (LNA), which have 

been shown to be able to interfere with triplex DNA formation 223. LNA-DNA mixmers, which 

are not toxic for human cells, nearly completely prevented large-scale expansions of (GAA)n 
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repeats in human cells 224. This approach directly inhibits repeat expansions and is therefore very 

promising, albeit their effectiveness in FRDA patients remains to be determined. One of the 

major challenges regarding patient treatment with these oligonucleotides, as well as other 

promising small molecules 225–227, is the inefficiency of drug delivery to the central nervous 

system. While delivery to other affected tissues such as heart or pancreas can be achieved with 

viral vectors, the current ways of delivering drugs to the central nervous system are very invasive 

228. We hope that a better understanding of the mechanism of (GAA)n repeat instability and FXN 

expression during human development would lead to defining the most effective spatiotemporal 

windows for long-lasting treatment. 
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ABSTRACT 

Trinucleotide repeats, including Friedreich’s ataxia (GAA)n repeats, become pathogenic upon 

expansions during DNA replication and repair. Here, we show that deficiency of the essential 

replisome component Mcm10 dramatically elevates (GAA)n repeat instability in a budding yeast 

model by loss of proper CMG helicase interaction. Supporting this conclusion, live-cell 

microscopy experiments reveal increased replication fork stalling at the repeat in mcm10-1 cells. 

Unexpectedly, the viability of strains containing a single (GAA)100 repeat at an essential 

chromosomal location strongly depends on Mcm10 function and cellular RPA levels. This 

coincides with Rad9 checkpoint activation, which promotes cell viability, but initiates repeat 

expansions via DNA synthesis by polymerase d. When repair is inefficient, such as in the case of 

RPA depletion, breakage of under-replicated repetitive DNA can occur during G2/M, leading to 

loss of essential genes and cell death. We hypothesize that the CMG-Mcm10 interaction 

promotes replication through hard-to-replicate regions, assuring genome stability and cell 

survival. 
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INTRODUCTION 

Expandable DNA repeats are at the heart of over 50 diseases, spanning from neurodegenerative 

disorders to cancer 4,229. Expansions of (GAA)n repeats are known to cause two diseases: 

Friedreich’s ataxia (FRDA) upon biallelic repeat expansions in the 1st intron of the Frataxin 

(FXN) gene 9 and spinocerebellar ataxia 27B (SCA27B) caused by repeat expansions in the 1st 

intron of the Fibroblast Growth Factor 14 (FGF14) gene 230,231. (GAA)n repeats are a subgroup of 

homopurine-homopyrimidine mirror repeats that can fold into an alternative DNA secondary 

structure called H-DNA – an intramolecular DNA triplex, which was shown to hinder both DNA 

replication and transcription 28,29,31,110,232.  

Studies in S. cerevisiae and human cells collectively showed that (i) expanded (GAA)n 

repeats stall replication fork progression 50,52,53,56,233, (ii) mutations in replication-associated 

genes including replicative DNA polymerases promote (GAA)n repeat instability 64,65,83,234, and 

(iii) processes that deal with stalled replication fork repair and restart, such as template switching 

and restoration of reversed replication forks, modulate (GAA)n repeat stability and trinucleotide 

repeat stability generally 56,65,86,235. Nevertheless, much about the interaction between (GAA)n 

repeats, their structure, and the replication fork remains to be elucidated.  

Natural replication impediments, including DNA structures, can cause physical 

uncoupling of leading strand synthesis progression from CMG unwinding and lagging strand 

synthesis 236–242. As a result, single-stranded DNA (ssDNA) is exposed and coated by the ssDNA 

binding protein RPA, triggering the activation of the intra S-phase checkpoint, which ultimately 

leads to fork restoration and safeguards genome integrity 237,238,243–246. Therefore, physical and 

functional coordination of the replication fork could be central to repeat length maintenance. In 
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addition, components that might be dispensable for replication elongation during unperturbed 

replication might become more important when replicating through repetitive sequences such as 

long (GAA)n repeats.  

Figure 2-1: Roles of Mcm10 during DNA replication. 

(a) Mcm10 promotes CMG helicase isomerization and bypass during replication initiation. (b) 
Mcm10 allows for a CMG mode switch between encircling ssDNA and dsDNA, which is 
important for replication restart. (c)  Mcm10 interacts with both the CMG helicase and Pol a during 
replication elongation, stabilizing Pol a and coordinating leading and lagging strand synthesis. (d) 
Schematic of the domains of human and budding yeast Mcm10 proteins. (e) Partial amino-acid 
BLAST alignment of human and budding yeast Mcm10. Residyes in orange indicate the Hsp10-
like domain where the mcm10-1 mutation is located. Created with BioRender.com 
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The integrity of the replication fork during elongation and coordination between leading 

and lagging strand synthesis are promoted by accessory replication fork proteins – including 

Ctf4AND-1 and Mcm10 – which have roles in both replication initiation and elongation 247–253. 

Both Ctf4 and Mcm10 interact with the CMG helicase as well as with Pol a-primase 251,254–263, 

and Mcm10 also contacts the PCNA clamp 264. Ctf4 and Mcm10 interact with each other both in 

mammalian cells and in yeast, and Mcm10 stabilizes Ctf4 on chromatin 257,265. While Ctf4 is 

non-essential in yeast and only becomes crucial for replication in the context of low Pol a levels 

252, Mcm10 is essential for replication in all organisms in which it is present. It is important to 

note that direct interactions between the CMG helicase and Pol a-primase have recently been 

shown to recruit the complex to the lagging-strand template and promote priming without the 

need for Ctf4 or Mcm10 266,267.  

Mcm10 comprises an N-terminal coiled-coil domain important for oligomerization, an 

internal domain that includes an OB-fold with a PIP box and an Hsp10-like domain, which are 

highly conserved from yeast to humans (Figure 2-1 d). Metazoans have an additional C-terminal 

domain mediates further interactions with DNA and proteins (reviewed in 250). During 

replication initiation, Mcm10 contributes to the activation of the assembled CMG helicase and 

origin unwinding by facilitating the bypass of the two CMG hexamers 268–270 (Figure 2-1 a). The 

ssDNA/dsDNA gate function of Mcm10 has also been implicated in promoting bypass of 

lagging strand blocks in a manner mediated by its interactions with MCM 271–273 (Figure 2-1 b), 

but whether Mcm10 has a more prominent role in elongation as part of the replisome through its 

interactions with Pol a and under which conditions remains to be determined (Figure 2-1 c). 

Deficiencies in Mcm10 lead to impaired replication initiation, slower replication, increased 

ssDNA exposure, DNA damage and checkpoint activation 256,274–277. Furthermore, MCM10 
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haploinsufficiency leads to telomere erosion and micronuclei formation in iPSC cells, indicating 

that it has an important role in preventing genome instability 278. 

In this chapter, we focused on the role of the replication factor Mcm10 in the stability of 

expanded (GAA)n repeats in a yeast model system. We found that the Mcm10 protein strongly 

counteracts both repeat expansions and contractions. Strikingly, the viability of yeast strains 

containing unique expanded (GAA)n repeats at an essential portion of a chromosome arm is 

substantially decreased in Mcm10-deficient strains. Cell survival in this case is ensured by the 

Rad9 checkpoint activity, which facilitates DNA repair synthesis by DNA polymerase d while 

simultaneously promoting expansions. 

 

RESULTS 

Mcm10 deficiency elevates (GAA)n repeat instability due to impaired interactions with the 

CMG helicase 

To study the role of Mcm10 on (GAA)n repeat instability we used an experimental system 

previously established in the lab 65. In this system, a (GAA)100 repeat is located within the intron 

of an artificially split URA3 gene on chromosome III adjacent to the ARS306 origin. The repeat 

is flanked by non-repetitive sequences, for a total intron length of 974 bp. In S. cerevisiae, only 

introns shorter than ~1 kb can be spliced efficiently 279. Thus, repeat expansions that bring the 

total intron length over this threshold result in the inactivation of the URA3 gene, making the 

yeast cells resistant to 5-fluoroorotic acid (5-FOA). Other events, such as mutations and various 

recombinational events can also result in URA3 loss 83,280 (Figure 2-2 a). Therefore, repeat 

expansions were confirmed by PCR using repeat-flanking primers (Source Data file). In the 
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contraction assay, a longer (GAA)124 tract is inserted in the intron, bringing the total intron 

length to 1108 bp. Contractions of more than 20 repeat units reactivate the URA3 gene making 

the yeast cells URA+ 64 (Figure 2-2 b). In both the expansion and contraction cassettes, the 

(GAA)n repeats serve as the lagging strand template.  

 

Figure 2-2: Schematic of the instability assays used in this Chapter and Chapter 3. 

(a) Genetic assay system to measure repeat expansion rates. (b) Genetic assay system to measure 
repeat contraction rates. Created with BioRender.com 

 

To determine how Mcm10 affects repeat instability in these systems, we introduced a 

previously characterized mcm10-1 mutation. This P269L substitution lies in the structurally and 

functionally conserved Hsp10-like domain – a part of the larger internal domain of Mcm10 

responsible for its interactions with DNA, Pol a and PCNA (Figure 2-1 e) 281. This mutation 
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results in a temperature-sensitive (ts) phenotype, owing to both Mcm10 and Pol a degradation at 

restrictive temperatures 254. We found that the mcm10-1 mutation led to a 33-fold increase in 

expansion rate at the semi-permissive temperature (27°C), and a 6-fold increase even at the 

permissive temperature (23°C) (Figure 2-3 a). We also observed a 10-fold increase in repeat 

contractions at the semi-permissive temperature (Figure 2-3 b). We conclude that Mcm10 is an 

important replication factor in preventing the instability of long (GAA)n repeats, especially their 

expansion. 

 

Figure 2-3: Effects of the mcm10-1 mutation on (GAA)n repeat instability. 

(a) Expansion rates in the mcm10-1 mutant at the permissive (23°C) and semi-permissive (27°C) 
temperatures. (b) Contraction rates for the mcm10-1 mutant at the permissive (23°C) and semi-
permissive (27°C) temperatures. Plotted values indicate the corrected rate calculated with FluCalc 
(https://flucalc.ase.tufts.edu/) 280 and the error bars represent 95% confidence intervals. Numbers 
within bars indicate fold increase over the respective wild-type value. Expansion rates were 
determined by PCR of at least 96 FOAR colonies derived from two biological replicates. An event 
was considered an expansion when at least 10 repeats were added as detected by PCR. All 
expansion and contraction data for this chapter can be found in Table 7 and Table 8. 

 

Mcm10 has been shown to interact with the CMG helicase, thereby promoting both 

replication initiation and elongation 262,268,271,272. It specifically interacts with a conserved motif 
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in Mcm2, as well as with other MCM subunits of the CMG helicase 272,282. To study the role of 

Mcm10-CMG interactions in repeat instability, we looked at the effects of a previously identified 

dominant suppressor mutation in the Mcm2 subunit of the CMG helicase (mcm2G400D), which 

was shown to rescue the temperature-sensitive phenotype of the mcm10-1 mutant, minimizes 

ssDNA exposure and restores Pol a stability, particularly rescuing the elongation defects 

observed in the mcm10-1 mutant 274. This mutation is located in the allosteric control loop of the 

Mcm2 subunit, which is important to couple activities between CMG subunits 283, thus, on its 

own, it results in a decrease in the unwinding activity of the helicase 274. We found that the 

mcm2G400D mutation alone did not affect repeat instability (Figure 2-4 a and b), indicating 

that a decrease in the helicase unwinding rate alone is insufficient to trigger repeat instability. At 

the same time, we observed a near complete rescue of the elevated expansion and contraction 

rates in the mcm10-1 mcm2G400D double mutant compared to the mcm10-1 mutant alone 

(Figure 2-4 a and b). At the permissive temperature (23°C), expansions are only partially 

rescued (Figure 2-4 c), whereas contractions are completely rescues in this case as well (Figure 

2-4 d). Together, these data suggest that Mcm10 prevents repeat instability through its 

interaction with the CMG helicase during replication through the repeat. 
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Figure 2-4: A suppressor mutation in the Mcm2 subunit of the CMG helicase rescues 
instability of mcm10-1. 

(a) Expansion rates in the mcm10-1 and mcm2-G400D mutants at the semi-permissive temperature 
(27°C). RPA OE indicates RPA overexpression via 2μ multicopy plasmid containing all three RPA 
genes: RFA1, RFA2 and RFA3. (b) Contraction rates in the mcm10-1 and mcm2-G400D mutants 
at 27°C. (c) Expansion rates of the mcm2-G400D mutants at the permissive temperature (23°C). 
(d) Contraction rates of the mcm2-G400D mutants at 23°C. (e) Contraction rates of 
(GAGAAGAAA)41GAG repeat in the mcm10-1 and mcm10-1 RPA overexpression conditions at 
27°C. (f) Western blot analysis of various strains either containing the 2μ multicopy plasmid 
containing all three RPA genes (RFA1, RFA2 and RFA3), or without plasmid. The RPA antibody 
(AS07-214) detects all three RPA subunits: Rfa1p (70 kDa), Rfa2p (30 kDa) and Rfa3p (14 kDa). 
Ponceau S staining was used as a control for total protein loading. For a-e the plotted values 
indicate the corrected rate and the error bars represent 95% confidence intervals. Numbers within 
bars indicate fold increase over the respective wild-type value. 

W
T

mcm
10

-1

mcm
2G

40
0D

 

mcm
10

-1 
mcm

2G
40

0D
 

mcm
10

-1 
RPA O

E
1×10-6

4×10-6

2×10-5

6×10-5

2×10-4

1×10-3

4×10-3

(G
A

A
) 1

00
 e

xp
an

si
on

 ra
te

 (2
7°

C
)

lo
g2

 s
ca

le

45
x

W
T

mcm
10

-1

mcm
2G

40
0D

mcm
10

-1 
mcm

2G
40

0D

mcm
10

-1 
RPA O

E
3×10-5

6×10-5

1×10-4

2×10-4

5×10-4

1×10-3

2×10-3

(G
A

A
) 1

24
 c

on
tra

ct
io

n 
ra

te
 (2

7°
C

)
lo

g2
 s

ca
le

2.
7x

2.
2x

W
T

mc
m1
0-1

mc
m1
0-1

 R
PA O

E
0

5×10-5

1×10-4

2×10-4

(G
AG

AA
G

AA
A)

41
G

AG
 

co
nt

ra
ct

io
n 

ra
te

11
x

Rfa1 (70 kDa)

Rfa2 (30 kDa)

Rfa3 (14 kDa)

Ponceau S

No plasm
id

RPA OE

a

b

c

d

e

f

W
T

mcm
10

-1

mcm
2G

40
0D

mcm
10

-1 
mcm

2G
40

0D
0

5×10-5

1×10-4

2×10-4

2×10-4

(G
AA

) 1
24

 c
on

tra
ct

io
n 

ra
te

 (2
3°

C
)

W
T

mcm
10

-1

mcm
2G

40
0D

mcm
10

-1 
mcm

2G
40

0D
0

2×10-5

4×10-5

6×10-5

(G
A

A
) 1

00
 e

xp
an

si
on

 ra
te

 (2
3°

C
)

7x

6x



 

43 
 

(GAA)n repeat instability in mcm10-1 is not caused by lower levels of DNA polymerase a-

primase 

Mcm10 function has been proposed to be important for the stability of the Pol a-primase 

complex both in yeast and human cells 255,256. We investigated whether the phenotypes of the 

mcm10-1 mutants resulted from Pol a-primase complex degradation. The Pol1 subunit of Pol a-

primase was tagged with a 3x Flag-tag and protein levels were measured by western blotting. We 

indeed observed lower levels of Pol1 in mcm10-1 mutants compared to wild-type at the 

restrictive temperature (37°C), but not at the semi-permissive temperature of 30°C, which is 

higher than the temperature we conducted the instability assays at (Figure 2-5 a). In addition, 

Pol a-deficient cells were previously shown to have larger expansions, likely resulting from 

longer Okazaki fragments 83. We do not observe a meaningful difference in the median number 

of repeats added in the case of the mcm10-1 mutant (60 repeat units) when compared to the wild-

type (62 repeat units) (Figure 2-5 b), albeit two sample Kolmogorov–Smirnov test shows a 

small but significant difference in the shape of repeat distribution compared to WT.  
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Figure 2-5: Effects of the mcm10-1 on Pol a levels in the tested strains. 

(a) Western blot of Pol1 (Cdc17) tagged with a 3xFLAG tag in WT and mcm10-1 strains at the 
semi-permissive (30°C) and at the restrictive (37°C) temperatures. Ponceau S staining was used 
as a control for total protein loading. (b) Distribution of the number of added repeats units in the 
WT and mcm10-1 from fluctuation assay experiments in (Figure 2-3 a). Dashed lines represent 
the median number of repeats added and quartiles, numbers above bars are the median. Pairwise 
comparisons of distributions were conducted using the nonparametric goodness-of-fit 
Kolmogorov-Smirnov test. p=0.039. 

 

Finally, we tested a different Mcm10 mutant, mcm10-G261D, which was previously 

shown to lead to a decrease in Pol1 levels while maintaining Mcm10 levels 284. In this mutant, 

we did not observe an increase in instability over wild-type levels for either type of instability 

(Figure 2-6 a and b). We note, however, that we did not determine the Pol1 protein levels in our 

hands in the case of this mutant, which would be needed to make a stronger conclusion based on 

this set of experiments. 

Altogether, the results presented in this section indicate that lower Pol a levels are not 

responsible for increased instability in the mcm10-1 context. 
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Figure 2-6: (GAA)n repeat expansion (a) and contraction (b) rates in the mcm10-G261D 
mutant. Plotted values indicate the corrected rate and the error bars represent 95% confidence 
intervals. 

 

Mcm10 facilitates replication elongation through (GAA)n repeats 

Mcm10 is both an initiation and an elongation factor, and multiple studies showed that it is 

needed for efficient and complete DNA replication 285. Since expanded (GAA)n repeats were 

previously shown to cause replication fork stalling 52,53,56, and our current data suggest that 

Mcm10 is needed for stable repeat maintenance, we decided to investigate replication fork 

progression through the (GAA)100 repeats in the mcm10-1 context.  

To this end, we adopted a method for live-cell imaging of replication fork progression 

(Figure 2-7 a) 286. In this system, a non-repetitive 128xlacO and 128xtetO arrays are placed ~3 

kb and ~37 kb downstream from the ARS413 replication origin, respectively. These arrays are 

bound by their cognate LacI-Envy and TetR-tdTomato, resulting in a green and red focus, 

respectively. Replication of each array coincides with an increase in intensity of the respective 
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focus. The time difference between replication of the lacO and tetO arrays is used to monitor 

fork progression through the repeat sequences in live cells. Inserting the repeat in the sequence 

between the two arrays allowed us to monitor fork progression through the repeats and determine 

the effect of mcm10-1 with (GAA)100 serving as the lagging-strand template (Figure 2-7 b). 

 

Figure 2-7: Live-cell microscopy of replication fork progression through (GAA)100 repeats 
in WT and mcm10-1 cells. 

(a) Schematic of the live-microscopy assay to measure replication fork progression (created with 
BioRender.com), including a representative image from the microscopy measurements. Scale bar 
represents 2 µm. (b) Replication fork directionality chart for the wild-type live-cell microscopy 
strain containing the expansion cassette with the (GAA)91 repeat (strain CM454). Cells were 
counted as “lacO before tetO” (left-to-right fork) if the D time between the doubling in intensity 
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of the lacO and tetO was ³ + 5 min, as “simultaneous” if the D time was between -5 and + 5 min 
and as “tetO before lacO” (right-to-left fork) if the D time was £ - 5 min. Data is represented in % 
of cells in each category. (c) Time required to replicate a region of 28.4 kb, in WT and mcm10-1 
strains containing the expansion cassette with either no repeat or the (GAA)91 repeat at 30°C. The 
plotted numbers represent the median value and bars represent the interquartile range. Statistical 
analysis of replication rates was performed using Monte Carlo resampling with 1,000,000 
iterations. p values are indicated for significant comparisons. 

 

We compared strains carrying the expansion cassette with the (GAA)100 repeat to a those 

carrying the same cassette but with a filler sequence in place of the repeat (no repeat control). 

Wild-type and mcm10-1 derivatives of those strains were analyzed at the semi-permissive 

temperature of 30°C. In accordance with our previous data 65, there was repeat-mediated slowing 

of replication in the wild-type strains (Figure 2-7 c). There was a small, non-significant 

slowdown caused by the mcm10-1 mutation in the no repeat control, but the difference between 

WT and mcm10-1 became significant in the case of the (GAA)100 repeat (Figure 2-7 c). This 

comparison indicates that Mcm10 promotes replication elongation, especially when replicating 

through the expanded (GAA)n repeats. 

 

Single-stranded DNA at the replication fork primarily promotes repeat contractions 

Exposure of ssDNA during replication promotes the formation of non-B DNA structures and 

overexpression of the single-stranded DNA-binding RPA complex counteracts contractions of 

long (GAA)n repeats 64. The mcm10-1 mutation was shown to cause an increase in RPA foci at 

the non-permissive temperature, pointing to the accumulation of ssDNA 274. We therefore 

hypothesized that an increased single-strandedness of the (GAA)n repeat in the mcm10-1 mutant 

could result in its instability. To test this hypothesis, we overexpressed all three RPA subunits on 

a multicopy 2µ plasmid 64 and verified their overexpression via western blot (Figure 2-4 f). In 
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line with our hypothesis, RPA overexpression rescued the elevated contraction rate observed in 

the mcm10-1 mutant (Figure 2-4 b). In contrast, the expansion rate in the mcm10-1 mutant was 

not rescued at all by RPA overexpression (Figure 2-4 a).  

The (GAGAAGAAA)41GAG repeat is a  homopurine-homopyrimidine repeat of the same 

length and GC-content as the (GAA)124 repeat, but lacks the mirror symmetry required for the 

formation of a stable triplex structure64. In accordance with our previous data 64, its contraction 

rate is about 10-fold lower than the one of the (GAA)124 repeat (Figure 2-4 e). However, the 

mcm10-1 mutation led to a similar fold increase in contraction rate for the 

(GAGAAGAAA)41GAG repeat as for the (GAA)124 repeat and this effect is similarly rescued by 

RPA overexpression. Altogether, these results show that an excess of uncoated ssDNA at the 

repeat, rather than strong triplex formation, accounts for the elevated contraction rate in the 

mcm10-1 mutant. An increase in overall ssDNA exposure in the mcm10-1 mutant has been 

observed previously274, and is likely due to the mis-coordination between the helicase and the 

lagging-strand synthesis machinery. 

To explore this further, we first triggered replication fork uncoupling of the CMG 

helicase and polymerase e using hydroxyurea (HU). HU depletes the deoxyribonucleotide pool 

available during replication resulting in fork uncoupling, replication stress and increased ssDNA 

exposure 287. Treatment with 100 mM HU moderately increased (GAA)100 expansions (3.4-fold) 

(Figure 2-8 a) and had a more substantial increase on repeat contractions (8.3-fold) (Figure 2-8 

b). We then looked at the role of the Ctf4 protein trimer, which was proposed to have a role in 

replication fork coordination similar to Mcm10 by coordinating CMG and Polymerase a 

257,260,265. Deletion of the CTF4 gene had no effect on repeat expansions and only had a modest 

3.6-fold increase in repeat contraction rate (Figure 2-8 c and d).  
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Finally, we also mutated the Rfc1 subunit of the RFC clamp loader complex. Loading of 

the PCNA clamp by the RFC complex promotes processivity of Polymerase δ (reviewed in 288). 

The cold-sensitive rfc1-1 mutation (D513N) resides in the putative nucleotide binding domain of 

the protein and causes defective kinetics in PCNA loading and unloading, which should 

primarily affect lagging strand synthesis processes 289–291. At the permissive temperature (30°C), 

rfc1-1 had no effect on (GAA)100 expansions but caused a 15-fold increase in repeat contractions 

(Figure 2-8 e and f). Under semi-permissive conditions (27°C), both expansion and contraction 

rates were elevated, with the effect on contractions being further exacerbated (Figure 2-8 e and 

f). Since PCNA needs to be continuously reloaded during lagging strand synthesis, we conclude 

that expansions, unlike contractions, do not primarily occur during lagging strand synthesis and 

are not strongly affected by its processivity. Altogether, these results indicate that the observed 

phenotypes are intrinsic to Mcm10 and are not shared with other replication fork coupling 

modalities, which seem to be predominantly preventing repeat contractions. This indicates that in 

the mcm10-1 mutant, the temporary increase of ssDNA at the replication fork (especially on the 

lagging-strand template) is not the driving force responsible for the expansion events. This could 

mean that 1) there is persistence of ssDNA accumulation in mcm10-1 and/or 2) the ssDNA gaps 

mostly affect the leading strand template and are processed through a different mechanism. 
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Figure 2-8: Effects of hydroxyurea and mutations affecting fork coordination on (GAA)n 
repeat instability. 

(a) Rates of expansion in vehicle (H2O) versus 100 mM HU treatment conditions (30°C). (b) Rates 
of contraction in vehicle (H2O) versus 100 mM HU treatment conditions (30°C). (c) Rate of 
expansion in ctfΔ strains at 30°C. (d) Rate of contraction in in ctfΔ strains at 30°C. (e) Rates of 
expansion for the rfc1-1 mutation at the permissive (30°C) and semi-permissive (27°C). (f) Rates 
of contraction for the rfc1-1 mutation at the permissive (30°C) and semi-permissive (27°C). For 
a-f, the plotted values indicate the corrected rate and the error bars represent 95% confidence 
intervals. Numbers within bars indicate fold increase over the respective wild-type value. 

 

Mcm10 deficiency causes repeat length- and position-dependent viability defects  

During our instability assays with the mcm10-1 mutants, we observed a viability defect more 

pronounced than previously described in the literature 274,292. We wondered if the presence of the 
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long repeat could be responsible for this phenotype. We conducted serial dilutions and observed 

that at the semi-permissive temperature of 30°C, strains containing both the mcm10-1 mutation 

and the (GAA)100 repeat on the lagging strand template on our chromosome III location had a 

viability defect when compared to the mcm10-1 strain without the repeats, which only showed a 

delay in growth (Figure 2-9 a). In a more quantitative assay, we compared colony-forming units 

(CFUs) at 30°C and 23°C and saw that a carrier length of (GAA)40 repeats already caused a 

significant decrease in viability compared to the no-repeat strain. This effect was further 

exacerbated at the disease-causing lengths of (GAA)100 and (GAA)124, leading to a striking ~80% 

loss of viability (Figure 2-9 c). This effect was also observed, albeit in a milder form, when the 

(TTC)n run serves as the lagging strand template (Figure 2-9 d). To establish if the viability 

defects are caused by the triplex-forming potential of the (GAA)n repeat, we analyzed the 

viability of mcm10-1 strains carrying the (GAGAAGAAA)41GAG repeat, and we observed a 

viability decrease comparable to that of the (GAA)124 repeat (Figure 2-9 c). As was observed in 

the case of repeat instability, the mcm10-1 mcm2G400D double mutant fully rescued the viability 

defects for both types of homopurine-homopyrimidine repeats. Minimizing the presence of 

uncoated ssDNA at the repeat by overexpressing the RPA complex also led to a viability rescue 

for both repeats (Figure 2-9 c). The formation of ssDNA at the repeat in mcm10-1, which is due 

to fork miscoordination, therefore affects repeat viability independently of formation of a strong 

DNA triplex. 

Notably, our instability cassettes are historically located within the essential arm of 

chromosome III, where loss of telomeric-proximal DNA would lead to loss of cell viability. We 

then moved our expansion cassette adjacent to the ARS507 replication origin in a non-essential 

location on a chromosome V arm, making the loss of the telomere-proximal chromosome arm 
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possible 122,293. In this case, the viability of the mcm10-1 strains bearing the (GAA)100 repeat was 

the same as the no-repeat control in the same location (Figure 2-9 b), albeit the rate of cell 

growth was slower. Altogether, these results imply that cells containing expanded homopurine-

homopyrimidine repeats rely on Mcm10 function for survival only when the repeats are located 

on an essential chromosome arm. 
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Figure 2-9: The mcm10-1 mutation causes repeat-length dependent viability defects due to 
the loss of an essential chromosome arm. 

(a) Spot tests of strains containing either a no repeat cassette or the expansion (GAA)100 repeat 
cassette located at an essential region on chromosome III (ARS306) in wild-type and mcm10-1 
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backgrounds at the permissive (23°C), semi-permissive (27°C) and semi-restrictive (30°C) 
temperatures. Cells were grown to an OD600=1 in YPDUA medium at the permissive temperature 
and then spotted as a 1:10 serial dilution on YPDUA plates and grown for 3 days. (b) Spot tests of 
strains containing either a no repeat cassette or the expansion (GAA)100 repeat cassette located at 
a non-essential region on chromosome V (ARS507). Assay conducted as in (a). (c) Viability assay 
of strains containing no repeats or repeats of various lengths and compositions. The same number 
of cells was plated in duplicates at the semi-restrictive temperature (30°C) and at the permissive 
temperature (23°C) and grown for 3 days. Each datapoint represents the percent relative survival 
as determined by colony forming unit (CFU) counts. Each assay was conducted using at least two 
biological replicates. Plotted value indicated the mean and the bars indicate standard deviation. 
Statistical analysis was performed using unpaired t-test, *p < 0.05, **p < 0.01 and ***p < 0.001. 
(d) Viability assays for strains containing the expansion cassette represented in (Figure 2-2 b) 
with an inverted repeat, in which (TTC)100 is the lagging-strand template. Assay conducted as in 
(c).  

 

 

Viability defects in mcm10-1 (GAA)100 cells are exacerbated in DNA repair and Polymerase 

d mutants 

We conducted candidate gene analysis to decipher which cellular pathways contribute to the 

observed viability defect in the mcm10-1 strains carrying the (GAA)100 repeats. Rad51 and 

Rad52 are both involved in the homologous recombination and template switching (TS) 

processes 294. We observed a minor exacerbation of the viability defect in mcm10-1 rad51Δ and a 

much stronger effect in the mcm10-1 rad52Δ double mutant (Figure 2-10), with the latter being 

already pronounced even at permissive temperatures Figure 6-1. Template switching is also 

mediated by Rad5, a polyubiquitin ligase and DNA-dependent ATPase. The mcm10-1 rad5Δ 

double mutant displayed an exacerbated growth defect, particularly at the semi-permissive 

temperature of 27°C (Figure 2-10 and Figure 6-1), even though it did not further reduce 

viability in the colony formation assay (Figure 6-2). Preventing DSBs and gap resection by 

knocking out the Exo1 nuclease in the mcm10-1 background led to a partial rescue in growth in 
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the spot test, even though it did not enhance viability as measured by colony forming units 

(Figure 2-10 and Figure 6-2). 

 
Figure 2-10: Spot tests for various double mutants between DNA repair and checkpoint 
genes and mcm10-1. 

Cells were grown to an OD600=1 in YPDUA medium at the permissive temperature (23°C) and 
then spotted as a 1:10 serial dilution on YPDUA plates and 2 days at 30°C. 

 

Which DNA polymerase could be responsible for processing replication defects in the 

mcm10-1 mutants with (GAA)n repeats, and is thus facilitating cell survival? Knocking out the 

translesion synthesis polymerase Rev3 only had a minor effect on strain viability (Figure 2-10). 

We then turned to determining the role of DNA polymerase d, which is implicated in replication 

stress survival (reviewed in 295).  First, we tested the effect of the pol3-Y708A mutation in the 

catalytic subunit of Pol d296. The mcm10-1 pol3-Y708A double mutant displayed poor growth at 

all temperatures, including the permissive temperature of 23°C (Figure 2-11 a). Second, we 

placed Pol32, which is the processivity subunit of Pol d and also works as part of the translesion 

polymerase z, under an inducible galactose promoter, creating pGAL1-3xHA-POL32 strains 297. 

Differences in protein levels between conditions were confirmed via western blotting (Figure 

2-11 c). Under repressive conditions (glucose), we observed synthetic lethality with the mcm10-1 
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mutation, which was not observed under galactose induction (Figure 2-11 b). These data 

demonstrate that the lack of Pol32 protein renders mcm10-1 strains carrying (GAA)100 repeats 

practically inviable. We conclude that various DNA repair and post-replicative repair processes 

are needed to process the defects that arise in the mcm10-1 mutants and maintain cell viability, 

but Pol d function preserves genomic integrity of mcm10-1 cells. Additionally, the pol3-Y708A 

mutation led to a partial rescue of repeat expansions in mcm10-1, indicating that synthesis by Pol 

d is ultimately responsible for most (GAA)n expansion events. 

 

 

Figure 2-11: Effects of polymerase d mutations on the viability of mcm10-1 cells. 

(a) Spot tests of strains containing the (GAA)100 repeat with the mcm10-1 and the pol3-Y708A 
mutant. (b) Spot tests for strains in which the endogenous POL32 promoter was substituted for 
inducible the pGAL1 promoter to regulate POL32 expression level. For the pGAL1-3xHA-POL32 
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strains, cells were grown overnight in YPUA + 2% Raffinose and diluted and switched to media 
containing glucose or galactose until OD600=1 and then spotted as a 1:10 serial dilution on YPDUA 
or YPGalUA plates and grown for 2-3 days at 30°C. (c) Western blot of the pGAL1-3xHA-POL32 
strains to detect Pol32 protein levels under repressive (glucose) and inducting (galactose) 
conditions at 23°C. pGAL1-3xHA-POL32 was detected using Anti-HA Tag antibody 05-904 
(Sigma Aldrich, 1 µg/ml dilution in 5% skim milk in TBS-T). (d) Expansion rates for the mcm10-
1 pol3-Y708A double mutant. Plotted values indicate the corrected rate and the error bars represent 
95% confidence intervals. 

 

Mrc1 and Rad9 promote viability and expansions through different mechanisms 

While we observed that many of the DNA damage tolerance and repair pathways are essential to 

promote the viability of mcm10-1 cells, this does not necessarily mean that their absence would 

also exacerbate repeat expansion rates. The rate of repeat expansions remained unchanged in the 

mcm10-1 rad51Δ and mcm10-1 rad52Δ double mutant as compared to the mcm10-1 mutant 

alone, while the mcm10-1 rad5Δ mutant led to a modest additional 3-fold increase in the repeat 

expansion rate (Figure 2-12 a). Deletion of either the Exo1 exonuclease or the Rev3 TLS 

polymerase also did not affect the expansion rate of the mcm10-1 mutant (Figure 2-12 a). 

We reasoned that a common consequence of excessive ssDNA exposure, as is seen in the  

mcm10-1 mutant 274, is the activation of checkpoint pathways via the recruitment of various 

mediators and kinases, culminating with the activation of the effector kinase Rad53CHK2 298. The 

DNA replication checkpoint (DRC) recognizes ssDNA at stalled replication forks mainly using 

the Mec1ATR-Mrc1Claspin axis. The intra-S phase DNA damage checkpoint (DDC) is also 

triggered by persistent replication stress and accumulation of post-replicative ssDNA gaps is 

mediated by Rad9TP53BP1 299–302. In addition, the checkpoint is directly activated in response to 

double-strand breaks via Tel1ATM- Rad953BP1 (reviewed in 303–305). Activation of the checkpoint 

results in fork stabilization, slower replication and recruitment of additional factors for repair and 

restart (reviewed in 306, 307).  
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Figure 2-12: The Rad9 checkpoint and the Mrc1 replication function promote expansions 
in mcm10-1. 
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(a) Expansion rates in various mcm10-1 double mutants with genes involved in response to 
replication stress and DNA repair at the semi-permissive temperature (27°C). Numbers within bars 
represent the fold increase relative to the corresponding wild-type value. Numbers above bars 
represent fold increase over the single mcm10-1 mutant. (b) Contraction rates for the mcm10-1 
rad53K227A double mutant deficient in checkpoint activation at 27°C. (c) Expansion rates at 27°C 
using the separation of function mrc1AQ mutant in mcm10-1, which is deficient in the checkpoint 
function of Mrc1 and proficient in its replication function. The mcm10-1 mrc1AQ strain contains 
the pAO139 plasmid. All other strains on this graph are the same as in Fig. 6a but supplemented 
with the empty vector pRS415 for direct comparison. Non-selective stage was conducted on -LEU 
media to maintain the plasmids. (d) Spot tests for the strains used in Fig. 6c. Cells were grown to 
an OD600=1 in -LEU at the permissive temperature (23°C), then spotted as a 1:10 serial dilution 
on -LEU plates and grown for 2 days at 30°C. (e) Western blots of Rad53 to detect phosphorylation 
status in mcm10-1 and various double mutants. Cells were grown at 23°C, arrested in G1/S using 
a-factor at 30°C and then released into the cell cycle. Samples were collected at the indicated time 
points and the protein detected as described in the Methods. Ponceau S staining was used as a 
loading control. (f) Cell cycle analysis of mcm10-1 and various double mutants. Cells were grown 
at 23°C, arrested in G1/S using a-factor at 30°C and then released into the cell cycle. Cells were 
collected at the indicated timepoints and analyzed by flow cytometry using the SYTOXTM green 
DNA stain. 1N indicates G1 cells, 2N indicates G2/M cells after completion of S-phase. For a-c, 
the plotted values indicate the corrected rate and the error bars represent 95% confidence intervals. 
Numbers within bars indicate fold increase over the respective wild-type value. Numbers with 
arrows above bars indicates the fold change from the single mcm10-1 mutant. 

 

We studied the effect of key checkpoint regulators on the viability and repeat instability 

of mcm10-1 strains containing our experimental cassettes. The rad53K227A mutation affects the 

kinase activity of the Rad53 protein without compromising its role in maintaining normal dNTP 

levels via Dun1 phosphorylation 308. Both the rad53K227A mutation and RAD9 deletion caused a 

profound additional viability defect in mcm10-1, which was evident even at the permissive 

temperature (Figure 2-10 and Figure 6-1). We then tested how checkpoint defects affect the 

stability of the (GAA)n repeat. Both the rad53K227A and rad9Δ mutations significantly rescued 

hyper-expansion phenotype of the mcm10-1 mutant (Figure 2-12 a). In contrast, the mcm10-1 

rad53K227A mutant did not rescue (GAA)124 contractions, further indicating that different 

mechanisms account for expansions and contractions in Mcm10-deficient cells (Figure 2-12 b). 

Checkpoint activation is commonly reflected by changes in the cell cycle profile. We conducted 
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cell cycle profiling of WT and mcm10-1 strains containing the (GAA)100 expansion cassette 

using flow cytometry of DNA content. We observed that while the cell cycle profile of WT and 

mcm10-1 strains is virtually identical at the permissive temperature of 23°C, at 30°C there is a 

delay in S-phase progression in the mcm10-1 mutant, with the bulk of replication occurring 60 

min after release instead of 30-45 min after release (Figure 2-12 f and Figure 6-3), as was 

previously observed274. To directly relate cell-cycle stage with checkpoint activation, we 

conducted western blots using an antibody against the checkpoint effector kinase Rad53, which 

is phosphorylated upon checkpoint activation. The checkpoint was indeed activated in the 

mcm10-1 mutant during late S-phase (60 min), as can be observed by Rad53 phosphorylation, 

but no checkpoint activation could be detected during G2/M phase (120 min) (Figure 2-12 f). No 

checkpoint activation was detected in the mcm10-1 rad9Δ strains during late S-phase (Figure 

2-12 e and f). In summary, we observed that the Rad9 checkpoint senses the defects in mcm10-1 

likely during late replication and post-replicatively and initiates a response that ensures cell 

viability. During this response, however, (GAA)100 repeat expansions can occur.  

Mrc1 functions as an intra S-phase checkpoint mediator of replication stress but also 

works together with Tof1TIM and Csm3TIPIN to form the so called Fork Protection Complex 

(FPC), which regulates CMG helicase activity, limiting replication fork uncoupling and ssDNA 

exposure (reviewed in 245). In the mcm10-1 mrc1Δ double mutant, we observed a massive rescue 

in repeat expansions (Figure 2-12 a and c) as well as a synthetic viability defect with mcm10-1 

(Figure 2-10 and Figure 2-12 d). We then used a separation of function mutant to discern which 

function of Mrc1 is responsible for these phenotypes. In the Mrc1AQ mutant, the replication 

function of Mrc1 is intact while its checkpoint function is compromised 309. We introduced a 

plasmid containing the mrc1AQ allele in our mcm10-1 mrc1Δ strains and observed no rescue in 
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(GAA)100 repeat expansions compared to the empty vector control (Figure 2-12 c). Thus, Mrc1’s 

replication function promotes repeat expansions in the mcm10-1 mutant. 

Furthermore, Mrc1AQ expression rescued the viability defect back to the mcm10-1 single 

mutant levels (Figure 2-12 d). In the mcm10-1 mrc1Δ double mutant, we observed both a delay 

in cell cycle progression (Figure 2-12 f) and checkpoint activation during both S-phase and 

G2/M (Figure 2-12 e), as was previously shown for the mrc1Δ single mutant309. In contrast, the 

mcm10-1 mrc1AQ mutant displays checkpoint activation only in late S-phase, as did the mcm10-1 

single mutant (Figure 2-12 e), but does not fully rescue the S-phase delay observed in the 

mcm10-1 mrc1Δ context (Figure 2-12 f). Therefore, we conclude that the replication function of 

Mrc1, but not its checkpoint function, is required for the viability of the mcm10-1 strains 

carrying (GAA)n repeats. 

The mcm10-1 mutation increases fragility at the (GAA)100 repeat 

Expanded (GAA)n repeats induce double-stranded breaks (DSBs) in an orientation- and length-

dependent manner 55,65. In addition, Mcm10 deficiencies can generally lead to increased DSB 

levels 256,274,310. We examined whether the Mcm10 protein plays a role in counteracting fragility 

at the repeat by conducting an arm loss assay. A (GAA)100 repeat or a control sequence were 

placed within a split URA3 gene on the non-essential arm of chromosome V, in a manner 

centromere-proximal to the CAN1 gene and with the (GAA)100 on the lagging strand template 

(Figure 2-13 a). This is the orientation that has previously been associated with higher fragility 

levels at the repeat 55. The presence of the repeat led to an 3.8-fold increase over the no repeat 

control and was consistent with previously published results 122. The mcm10-1 mutation led to an 

increase of over one order of magnitude at the semi-permissive temperature for both the no-

repeat control and the (GAA)100 cassettes (Figure 2-13 b). As was the case for expansions, 
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fragility was not rescued by RPA overexpression in mcm10-1 strains, but was rescued when the 

CMG helicase was additionally mutated (mcm10-1 mcm2G400D) (Figure 2-13 b). We conclude 

that the observed increase in fragility observed in the mcm10-1 mutant is repeat-independent but 

also caused by the compromised interaction with the CMG helicase. 

 
Figure 2-13: The mcm10-1 mutation leads to repeat-independent increases in chromosomal 
fragility.  

(a) Assay system to measure arm loss rates as a proxy for chromosomal fragility on Chromosome 
V. Created in BioRender.com. (b) 5-FOAr CANr arm loss rates per cell per generation for strains 
containing either a no repeat control or the (GAA)100 repeat at the semi-permissive temperature 
(27°C). Plotted value indicates the corrected rate calculated with FluCalc 
(https://flucalc.ase.tufts.edu/) 280 and the error bars represent 95% confidence intervals. Numbers 
within bars represent fold increases relative to the corresponding wild-type value. Raw data can 
be found in Table 9. 
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DISCUSSION 

In this study, we investigated the role of the Mcm10 protein and other replisome factors in 

(GAA)n repeat instability. Mcm10 is a highly conserved protein that promotes DNA origin 

unwinding during replication initiation 253,311–314. Several studies implicated Mcm10 in 

replication elongation, either as a replisome component or its accessory factor 272–274. In addition, 

deficiencies in Mcm10 have been shown to lead to various types of genome instability and 

dysregulated DNA damage response 275,282,292,315, making it an attractive candidate to study in the 

context of repeat instability. We found that a temperature sensitive mutation in the Mcm10 

protein (mcm10-1) dramatically increases length instability of (GAA)n repeats even at the semi-

permissive temperatures (Figure 2-3), at which other studies found no noticeable mutational 

phenotypes 253,274,275. 

There are several mechanisms that could account for the elevated (GAA)n repeat 

instability in Mcm10 deficient cells. One possibility is that it could result from the degradation of 

Pol α that is known to occur in both yeast and human cells upon Mcm10 depletion 

256,257,274,284,316. Several of our results, however, argue against this possibility (Figure 2-5). First, 

we observed no loss of the catalytic subunit of Pol α, Pol1/Cdc17 at the semi-permissive 

temperatures. Second, a previous study showed that Pol α mutants resulted in the addition of a 

greater number of repeat units during expansions, but not an increase in the rate of (GAA)100 

repeat expansion, which is the opposite of what we observe in the mcm10-1 mutant 83. Third, Pol 

α mutations led to a strong increase in (GAA)124 repeat contraction in a study conducted in our 

laboratory 64, while we observe that the mcm10-1 effect on expansions is much greater than its 

effect on contractions. Fourth, an additional Mcm10 mutation that has been associated with low 
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levels of Pol1/Cdc17 but does not affect Mcm10 levels (mcm10-G261D) did not increase either 

(GAA)n repeat contractions or expansions (Figure 2-6). Altogether, these results convincingly 

indicate that lower Polymerase a-primase complex levels are not responsible for the strong 

increase in instability that we observed in the mcm10-1 mutant. 

Another possibility is that repeat instability could primarily result from replication fork 

uncoupling between the leading and lagging strand syntheses, since Mcm10 contributes to fork 

integrity by bridging the CMG helicase, DNA Pol α and DNA Pol ε 253,272,317,318. Uncoupling 

occurs when the helicase continues to unwind while leading strand synthesis by polymerase ε is 

halted, and lagging-strand synthesis continues 243. We therefore compared the effects on repeat 

instability between the mcm10-1 mutation and hydroxyurea (HU) treatment, which causes 

replication fork uncoupling (92–94). We found that HU treatment leads to an overall increase in 

(GAA)n repeat instability, with a much stronger effect on repeat contractions (Figure 2-8 a and 

b). We acknowledge, however, that hydroxyurea treatment has pleiotropic effects on replication, 

as it also affects origin firing, checkpoint activation, and the function of Pol d in lagging strand 

synthesis 295,319. Thus, we cannot confidently attribute the observed effects on repeat instability 

to fork uncoupling alone. Along the same lines, deletion of the Ctf4 protein – another CMG 

helicase, DNA Pol α and DNA Pol e adaptor – increases repeat contractions while leaving 

expansions unchanged (Figure 2-8 c and d), and the rfc1-1 mutation in the RFC complex, which 

was previously shown to increase small-scale expansion of (CGG)n repeats 320, also primarily 

increased (GAA)n repeat contractions (Figure 2-8 e and f). Altogether, we conclude that 

replication fork uncoupling leading to the accumulation of single-stranded repetitive DNA 

combined with the massive RPA depletion in the mcm10-1 mutant drives repeat contractions, 

which is in-line with our previous model 64. 
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How could Mcm10 counteract repeat expansions? Mcm10 is known to physically interact 

with and stabilize the CMG helicase via multiple MCM subunits 272,282, and it sits at the front 

edge of the CMG, which is optimal to face ssDNA/dsDNA junctions ahead of the fork 268,282. 

Mcm10 regulates the ability of the CMG helicase to switch between an ssDNA and dsDNA 

encircling modes in vitro 268. In the context of an uncoupled fork, the CMG-Mcm10 complex 

transitions to a dsDNA-encircling diffusive mode, which allows for fork re-entry and resuming 

of DNA synthesis upon encountering a lesion 268. In addition, Mcm10 was shown to be important 

to promote the bypass of lagging strand blocks via its CMG isomerization functions 272. To 

determine whether Mcm10 affects repeat instability via its interaction with the CMG helicase, 

we capitalized on a previous observation that Mcm10 and Mcm2 interact directly 272, and several 

mutations in Mcm2, including the mcm2G400D mutant, suppress the phenotypes of the mcm10-1 

allele 272,274. We found that both types of elevated repeat instability in mcm10-1 were rescued by 

the mcm2G400D mutation (Figure 2-4). 

We predicted that a consequence of perturbing the interaction between Mcm10 and the 

CMG helicase could be changes in replication fork speed through the (GAA)n repeat. Using live-

cell microscopy, we indeed found that (i) there is a repeat-dependent slowdown of replication in 

the wild-type context, which is consistent with what we observed using 2D-gel electrophoresis of 

replication intermediates in the same orientation 65, and (ii) the mcm10-1 mutation exacerbated 

this effect (Figure 2-7). Since this assay system is located ~3 kb downstream of the origin, 

initiation should not contribute to the observed effects. These results indicate that Mcm10 

promotes replication through the (GAA)n repeat and likely other hard-to-replicate genome 

regions, as was previously observed for replication termination in Xenopus egg extracts 321. 
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Increased fork stalling could result from more stalling events in the first place, or a 

difficulty of restart, which might be promoted by proper Mcm10-CMG interactions and be 

dependent on the ability of the CMG to switch from ssDNA to dsDNA encircling mode. Either 

of these events would lead to increased ssDNA exposure at the replication fork. While we 

observed a striking viability defect in Mcm10-deficient cells that contained expanded repeats at 

the essential chromosome III region, the viability defects were rescued by the mcm2G400D 

mutation as well as RPA overexpression, indicating that ssDNA accumulation is ultimately 

responsible for the viability defects (Figure 2-9). Accumulation of single-stranded gaps 

combined with increased mutagenesis were indeed previously observed in mcm10-1 mutants 292. 

We therefore studied whether processes that are involved in the repair of ssDNA gaps, such as 

template switching (TS), are at play in our case. Rad5 knockout was previously shown to 

decrease the viability of mcm10-1 mutants 292, implicating template switching and fork reversal 

in rescuing forks with Mcm10 function. In our case, deletion of the RAD5 gene further impaired 

growth in the mcm10-1 mutant. We identified a novel negative interaction between loss of 

Rad52, which is involved ssDNA gap filling in addition to homologous recombination 322, and 

Mcm10 deficiencies. Notably, none of the tested double mutants rescued the hyper-expansion 

phenotype. RAD51 and RAD52 deletion showed no change compared to mcm10-1 alone, while 

RAD5 knockout further increased repeat expansions. This indicates that while these pathways 

promote viability, they are not responsible for the elevated expansion rates observed in mcm10-1. 

We reasoned that persistent exposure of ssDNA gaps in the mcm10-1 mutant could 

activate the checkpoint and possibly also result in breakage at the fork. The checkpoint mediator 

Rad9 propagates checkpoint signaling during replication stress even in the presence of Mrc1 to 

promote repair processes at stalled forks, ssDNA gaps and DSBs 299,302,323. Rad9 was previously 
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shown to be important for the survival of cells harboring a partial C-terminal deletion of Mcm10 

318. A kinase-deficient Rad53 mutation as well as deletion the RAD9 gene further impaired the 

survival of repeat-containing mcm10-1 strains, pointing to persistent replication stress and 

checkpoint activation in the mcm10-1 mutant, which we additionally confirmed by western blots 

showing the phosphorylated form of the Rad53 effector kinase 299. In contrast to the DNA repair 

mutants described above, both RAD9 knockout and kinase-deficient Rad53 led to a partial rescue 

of the hyper-expansion phenotype in mcm10-1 mutants (Figure 2-10 and Figure 2-12). This 

result suggests that the Rad9 checkpoint promotes the survival of the mcm10-1 cells at the 

expense of triggering repeat expansions during DNA repair processes, which is very likely 

conducted by polymerase d (Figure 2-11). We also observed an increase in fragility at the 

(GAA)n repeat in the mcm10-1 mutant, measured in the form of arm loss rates (Figure 2-13). 

This is consistent with a proposed increase in DSBs in the mcm10-1 mutant in general 256,275,285, 

and indeed we observe the same fold increase in fragility in the mcm10-1 mutant with the control 

sequence, indicating that it is a repeat-independent effect. We would like to note that our arm 

loss assay system relies on the addition of a telomere at the available seed sequence following 

breakage to obtain a rate, and Mcm10 has been implicated in telomere maintenance in human 

cells 324,325. Therefore, it might not be the best system to test the fragility of the mcm10-1 mutant, 

and other systems such as Direct Duplication Recombination Assay (DDRA), might be a better 

assay to test it in to reach stronger conclusions 326. 

The other checkpoint mediator, Mrc1, appeared to promote viability of Mcm10-deficient 

cells carrying the (GAA)100 repeats via its function as part of the fork protection complex, rather 

than its checkpoint function (Figure 2-12 d). This result is consistent with in vitro studies 

showing that in the absence of the replication function of Mrc1, Mcm10 becomes crucial for 
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proper progression of leading strand synthesis, and that Mrc1 and Mcm10 are partially redundant 

in the replication stress response271,327,328. We propose that in the absence of both Mcm10 and the 

replication-associated function of Mrc1, replication through DNA repeats becomes grossly 

inefficient, counteracting repeat expansions and resulting in cell death. 

Overall, we propose a model in which Mcm10-deficiency causes replication problems 

such as increased fork stalling at the repeats and accumulation of ssDNA gaps genome-wide 

(Figure 2-14 a). This leads to Rad9 checkpoint activation during late S-phase in a manner 

triggered by RPA binding to ssDNA gaps or conversion to double-stranded breaks (Figure 2-14 

b and c), in-line with previous studies describing a parallel role of Rad9 to Mrc1-sustained 

replication stress response 299,302.  Checkpoint activation results in the repair of under-replicated 

DNA, which is crucial for cell viability. Our data indicates that the massive repeat expansions we 

observed occur during the gap repair DNA fill-in synthesis conducted by DNA polymerase d 

(Figure 2-14 c). If ssDNA gaps remain unrepaired until the G2/M phase of the cell cycle due to 

deficient checkpoint activation or incomplete repair synthesis, under-replicated ssDNA would 

cause mitotic chromosome breakage, loss of essential DNA and ultimately cell death (Figure 

2-14 d). This model explains why RPA overexpression rescues cell viability by triggering 

checkpoint activation, while not rescuing hyper-expansion phenotype, which is downstream of 

checkpoint activation. 
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Figure 2-14: Model of the replication defect in the mcm10-1 strain bearing the GAA repeat 
that leads to repeat instability and repeat-dependent loss of viability. 

(a) Mcm10-deficiencies give rise to increased replication fork stalling at the expanded (GAA)n 
repeat, which results in ssDNA gap formation. The genome-wide increase in ssDNA levels can 
results in RPA depletion at the repeat, leading to (b) Rad9 checkpoint activation during late S-
phase in a manner triggered by RPA binding to ssDNA gaps or conversion to double-stranded 
breaks. DNA repair and fill-in synthesis events lead to massive expansions during DNA synthesis 
conducted by polymerase d, possibly due to reduced processivity and replication slippage. (c) This 
also occurs in the case of proper ssDNA coating upon RPA overexpression, minimizing 
conversions to DSBs. (d) In cases of insufficient checkpoint activation or incomplete synthesis, 
mitotic breakage can occur, leading to loss of essential DNA regions and cell death. 

 

 Our model partially agrees with previous observations of a replication fork block in S. 

pombe 329, where Rad51 and Rad52 knockouts led to a loss of viability due to accumulation of 

unrepaired ssDNA followed by chromosomal breakage. MCM10 was shown to suppress 

PRIMPOL-mediated gap formation in collaboration with BRCA2, suggesting that it could have a 

more general role in suppressing gap formation during DNA replication 315.  
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We found that Mcm10 deficiency destabilizes (GAA)n as well as (GAGAAGAAA)n 

repeats and cause repeat-mediated viability defect. This indicates that Mcm10 is vital for the 

maintenance of homopurine-homopyrimidine repeats regardless of their structure-forming 

potential. It is tempting, therefore, to speculate that Mcm10 could contribute to the maintenance 

of various other simple DNA repeats, which cumulatively account for ~3% of the human 

genome 330. Indeed, MCM10 haploinsufficiency in human cell lines led to chromosomal 

rearrangements overlapping with common fragile sites (CFSs) 324, which are overall rich in 

(AT)n repeats 331,332. In addition, MCM10 promotes replication of telomeres 324, which are also 

highly repetitive DNA regions that can form alternative DNA structures. Further studies will be 

necessary to determine whether Mcm10 is also important for replication and maintenance of 

other disease-associated repetitive DNA sequences. 

 

MATERIALS AND METHODS 

All yeast strains used in this chapter are listed in Table 2. Point mutations were introduces using 

a CRISPR/Cas9333 plasmids. Standard gene replacements were conducted using the pAG32 as 

template. 

Oligonucleotides 

All primers used for strain construction and to detect expansion events are listed in Table 3. 

Fluctuation assays 

All assays were conducted with at least two independent biological replicates per genotype. 

Mutation rates were calculated using the FluCalc software (https://flucalc.ase.tufts.edu/) 280. 
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Rates are considered meaningfully different if the 95% confidence intervals do not overlap. All 

rates can be found in Table 7 and Table 8. 

Expansion rates: Two independent biological replicates per genotype were plated for singles on 

YPDUA plates at 30°C (2 days), 27°C (2.5 days) or at 23°C (3 days). For the double mutants that 

displayed a severe growth defect, we incubated the non-selective plates at 27°C for up to 6 days, 

or until the colonies were as large as the wild-type colonies after 2.5 days. The initial repeat 

length was confirmed for 12 or more single colonies which were then serially diluted in 10-1 

increments to a final dilution of 10-5. 100 μl of the 10-5 dilution were plated on YPDUA to 

determine the total cell count (TCC). 100 μl of 10-1 or 10-2 dilution were plated on selective 

plates. For ts strains, the selective stage was conducted on 0.175% 5-FOA Glucose plates for 4 

days at 23°C. For all other strains, the selective stage was conducted on 0.09% 5-FOA Glucose 

plates for 3 days at 30°C. Expansion events were confirmed by PCR using the A2 and B2 primer 

set and analyzed in ImageLab (BioRad). 

Contraction rates: Fluctuation assays for contraction rates were conducted as described in 

(Khristich et al., 2020) using the appropriate temperatures at the non-selective stage and selective 

stages. 

Arm loss rates (Fragility): Two independent biological replicates per genotype were plated for 

singles on YPDUA plates 5 days at 27°C or 6 days at 23°C. Repeat length was confirmed for 8-

12 single colonies which were then serially diluted in 10-1 increments to a final dilution of 10-5. 

75 μl of the 10-5 dilution were plated on YPDUA to determine the total cell count (TCC) and 

grown for 3 days at 23°C. 150 μl of the undiluted sample were plated on selective plates (YC-

Arg + 2% Glu + 0.1% 5-FOA + 0.006% Canavanine sulfate) and grown for 4 days at 23°C. 
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Viability Assays 

Repeat tract length was determined for single colonies of each genotype grown at the permissive 

temperature of 23°C. Singles of the correct repeat length were grown to an OD600 of 0.6-1 in 

complete (YPDUA) media. An amount of 10-4 or 10-5 culture dilution corresponding to 100-500 

cells was plated in duplicates on complete media in duplicates at both 23°C and 30°C. Colony 

forming units (CFUs) were counted after 3 days at 30°C and 4 days at 23°C. CFUs between 

duplicates were averaged and viability was calculated as (CFU 30°C)/(CFU 23°C) for each 

strain. Statistical differences were assayed using Welch’s t-test in GraphPad Prism.  

Spot tests 

Yeast strains were grown overnight in YPDUA media at the permissive temperature of 23°C, 

diluted to an OD600=0.2-0.3 and grown to log phase. pGAL1-3xHA-POL32 strains, cells were 

grown in YPUA + 2% Raffinose overnight at 23°C and then diluted to OD600=0.3 in YPUA 

media containing either 2% Glucose or 2% Galactose and grown until they reached an 

OD600=0.8-1. 200 µl of OD600=1 were collected and a serial 1:10 dilution was performed in 

sterile dH2O. 5 µl of each dilution (1 to 10-4) were spotted on YPDUA plates and placed at the 

temperatures indicated in the figure captions for 2-3 days and then imaged. Each spot test was 

conducted with at least two independent isolates of the same genotype. 

Protein Isolation and Western Blotting 

Total protein extraction was performed based on the protocol in 334. For RPA overexpression 

blots, strains were grown to log phase at 23°C. For Pol1 protein measurements, cells were grown 

to OD600 0.5-0.8 at 23°C and then shifted to 30°C or 37°C for 3 hours before sample collection. 

For measurements of pGAL1-3xHA-POL32 expressions, cells were grown in YPUA + 2% 
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Raffinose overnight at 23°C and then diluted to OD600=0.3 in YPUA media containing either 2% 

Glucose or 2% Galactose and grown until they reached an OD600=0.8-1. 3-5 OD600 per sample 

were collected by centrifugation (2500 rpm, 5 min, 4°C) and the pellet was flash-frozen in liquid 

nitrogen. The pellet was then thawed and treated with 150 µl/OD denaturing lysis buffer (1.85 M 

NaOH, 7.5% β-mercaptoethanol) for 15 min on ice. The lysate was then mixed with 1 volume of 

55% (w/v) trichloroacetic acid (TCA) for 15 min on ice. Proteins were then pelleted by 

centrifugation (13000 rpm, 4°C, 15 min) and washed with 1 volume of water (13000 rpm, 4°C, 

15 min). The protein pellet was then resuspended in 50 µl/OD HU sample buffer (8 M urea, 5% 

SDS, 1 mM EDTA, 1.5% DTT, 1% bromophenol blue) and heated for 10 min at 65°C before 

running on 4-12% NuPAGE Bis-Tris gels in MOPS buffer for 90 min at 150V. We used 

Novex™ Sharp Pre-stained Protein Standard as a ladder. Transfer onto nitrocellulose membranes 

was conducted using an iBlot2 Gel Transfer device at 25 V for 7 min. RPA subunits were 

detected using the AS07-214 antibody (Agrisera, 1:5,000 dilution in 5% skim milk in TBS-T). 

Pol1-3xFLAG was detected using the ANTI-FLAG M2 antibody (Sigma Aldrich, 1:2,000 

dilution in 5% skim milk in TBS-T). pGAL1-3xHA-POL32 constructs were detected using Anti-

HA Tag antibody 05-904 (Sigma Aldrich, 1 µg/ml dilution in 5% skim milk in TBS-T). Rad53 

was detected using anti-Rad53 antibody EL7.E1 (Abcam, 1:2,000 dilution in 5% skim milk in 

TBS-T). 

Cell Cycle Analysis by Flow Cytometry 

Strains were grown overnight at 23°C in YPDUA at 200 rpm. Subsequently, cultures were 

diluted to OD600=0.3 and grown for 150 min (23°C, 200 rpm). a-factor (Zymo Research, 10 

mM) was added to a final concentration of 0.1 µM and cultures were grown for an additional 60 

min (23°C, 200 rpm). ½ of the culture volume or the whole volume was then shifted to 30°C and 
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all cultures were grown for an additional 60 min (200 rpm) and cells were checked for shmoo 

formation with a light microscope. Cultures were then washed twice with 1 volume of YPDUA 

(2000 rpm, 2 min) and then resuspended in 1 volume of YPDUA containing Pronase E 

(Millipore Sigma # 537088) to a final concentration of 50 µg/ml and released at the respective 

temperatures. 

0.5-2 x 107 cells were then collected at the indicated time points, washed with nuclease-

free water and permeabilized with 1 ml 70% ethanol for overnight at 4°C. After centrifugation (5 

min, 1500 rpm, 4°C), pellets were washed in 1 mL 50 mM Tris-HCl pH 7.5 and the cells were 

resuspended in 500 µL 50 mM Tris-HCl pH 7.5 containing 2 mg/ml RNaseA (Thermo Scientific, 

10 mg/ml) and incubated overnight at 37°C. After centrifugation, the pellet was resuspended in 

200 µL 50 mM Tris-HCl pH 7.5 containing 1 mg/ml Proteinase K (Thermo Scientific) and 

placed at 50 °C for 30 min. The cells were then pelleted by centrifugation (5 min, 5000 rpm, 4°C) 

and resuspended in 500 µL of 50 mM Tris-HCl pH 7.5 and stored at 4°C until measurements 

were acquired. Before analysis, 100 µL of the prepared sample were added to 1 ml 50 mM Tris-

HCl pH 7.5 supplemented with 1 µM SYTOX™ Green Nucleic Acid Stain (Invitrogen). Data 

was acquired on an AttuneTM NxT machine using the Attune NxT software, and analyzed in 

FlowJo. We acquired 10,000 events on the ungated parameters. 

Live-cell microscopy of replication fork progression 

Yeast strains were grown overnight in synthetic complete (SC) medium at 23°C. Exponentially 

growing cultures were diluted to OD600=0.2, 10 µg/mL α-factor was added to arrest cells at G1 

phase and cultures were incubated for 1 hour at 23°C and then shifted to 30°C. Cells were then 

immobilized on microscopy chamber slides (Ibidi) coated with 2mg/mL concanavalin A (Sigma) 
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and washed thoroughly with warm SC medium to release the cells into S-phase. During imaging, 

cells were incubated in SC medium containing 4% glucose at 30°C. Live-cell imaging was 

performed on a CellDiscoverer 7 automated microscope (Zeiss) with an integrated LED light 

source, at 1 min intervals for 2 hours, using a 50x apochromatic water objective (NA=1.2) in 3D 

(8 z-sections 0.8 µm apart). Time-lapse measurements were collected using ZEN 3.0 software 

and analyzed using a custom-made, Python-based computational pipeline developed specifically 

for the analysis of replication rates, essentially as previously described 286. Our pipeline 

identifies, tracks and quantifies the LacI-Envy and TetR-tdTomato dots in each cell. For each 

strain, at least 200 cells were measured in two independent experiments. Statistical analysis of 

replication rates was performed using Monte Carlo resampling with 1,000,000 iterations. 
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Table 2: List of yeast strains of Chapter 2. 

Strain Name Genotype Comments 

CM25 CM77 mcm10-1 (P269L) ts, This study, CRISPR 

CM26 CM77 mcm10-1 (P269L) ts, This study, CRISPR 

CM77 MATa leu2-Δ1, trp1-Δ63, ura3–52, his3–200 (CH1585), 

ade2::KanMX, MIP1-wt, HAP1-wt, ChrIII(75594-75641):: 

PGAL-UR-(GAA)128-A3-TRP1 

PMID: 29447396 

JAH112 MATa leu2-Δ1 trp1-Δ63 ura3-52 his3-200 (CH1585) 

bar1Δ::HIS3 ChrIII(75423-75715)::pUR-URA3-Int-

GAA100d-TRP1 

PMID: 23142667 

CM71 MATa leu2-Δ1 trp1-Δ63 ura3-52 his3-200 (CH1585) 

bar1Δ::HIS3 ChrIII(75423-75715)::pUR-URA3-Int-

GAA100d-TRP1 

PMID: 23142667 

CM72 CM71 mcm10-1 (P269L) ts, This study, CRISPR 

CM73 CM71 mcm10-1 (P269L) ts, This study, CRISPR 

CM85 CM71 mcm2G400D This study, CRISPR 

CM86 CM71 mcm2G400D This study, CRISPR 

CM88 CM72 mcm2G400D This study, CRISPR 

CM89 CM72 mcm2G400D This study, CRISPR 

CM59 CM77 mcm2G400D This study, CRISPR 

CM60 CM77 mcm2G400D This study, CRISPR 

CM69 CM25 mcm2G400D This study, CRISPR 

CM70 CM25 mcm2G400D This study, CRISPR 
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CM195 CM25 rad53K227A This study, CRISPR 

CM197 CM25 rad53K227A This study, CRISPR 

CM200 CM72 rad53K227A This study, CRISPR 

CM201 CM72 rad53K227A This study, CRISPR 

CM221 CM71 rad5::HygB This study 

CM222 CM71 rad5::HygB This study 

CM218 CM72 rad5::HygB This study 

CM219 CM72 rad5::HygB This study 

CM227 CM71 ctf4Δ This study, CRISPR 

CM229 CM71 ctf4Δ This study, CRISPR 

SMYU170 CM77 ctf4::HygB This study 

CM148 CM77 ctf4Δ This study, CRISPR 

CM299 CM25 (pSK_UC57_2u_HIS3_RFA1_RFA2_RFA3) This study 

CM300 CM25 (pSK_UC57_2u_HIS3_RFA1_RFA2_RFA3) This study 

CM304 SMY706 (leu2Δ1, trp1Δ63, ura3Δ52, his3Δ200, MIP1, 

HAP1, MATa) ura3Δ bar1Δ + ChrIII(75423-75715)::pUR-

UR-TTC100-A3-TRP1  

This study 

CM305 SMY706 (leu2Δ1, trp1Δ63, ura3Δ52, his3Δ200, MIP1, 

HAP1, MATa) ura3Δ bar1Δ + ChrIII(75423-75715)::pUR-

UR-TTC100-A3-TRP1 

This study 

CM388 CM72 with CMP72 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM389 CM72 with CMP72 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study, CRISPR 

CM345 CM71 rad51Δ This study, CRISPR 

CM346 CM71 rad51Δ This study, CRISPR 

CM348 CM72 rad51Δ This study, CRISPR 
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CM349 CM72 rad51Δ This study, CRISPR 

CM361 CM71 rad52Δ This study, CRISPR 

CM362 CM71 rad52Δ This study, CRISPR 

CM363 CM72 rad52Δ This study, CRISPR 

CM365 CM72 rad52Δ This study, CRISPR 

CM355 CM71 exo1Δ This study, CRISPR 

CM357 CM71 exo1Δ This study, CRISPR 

CM358 CM72 exo1Δ This study, CRISPR 

CM359 CM72 exo1Δ This study, CRISPR 

CM415 YEG150 mcm10-1 This study, CRISPR 

CM416 YEG150 mcm10-1 This study, CRISPR 

CM438 YEG200 mcm10-1 This study, CRISPR 

CM439 YEG200 mcm10-1 This study, CRISPR 

CM440 YEG200 mcm10-1 This study, CRISPR 

CM315 CM304 mcm10-1 This study, CRISPR 

CM316 CM305 mcm10-1 This study, CRISPR 

YEG236/1 CM71 rad53K227A PMID: 34849883 

YEG236/2 CM71 rad53K227A PMID: 34849883 

YEG200/1 CM71 mrc1::natMX PMID: 34849883 

YEG200/3 CM71 mrc1::natMX PMID: 34849883 

YEG150/1 CM71 rad9Δ PMID: 34849883 

YEG150/2 CM71 rad9Δ PMID: 34849883 

CM153 CM72 GAA40 This study 

CM154 CM72 GAA40 This study 

CM155 CM71 GAA40 This study 

CM156 CM71 GAA40 This study 
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SMYUD24 MATa, leu2-Δ1, trp1-Δ63, ura3-52, his3-200, 

ade2Δ::KanMX4, HAP1-wt, ChrIII(75594- 75641)::PGal1-

UR-(GAGAAGAAA)41GAG-A3-TRP1 

PMID: 31911468 

SMYUD25 MATa, leu2-Δ1, trp1-Δ63, ura3-52, his3-200, 

ade2Δ::KanMX4, HAP1-wt, ChrIII(75594- 75641)::PGal1-

UR-(GAGAAGAAA)41GAG-A3-TRP1 

PMID: 31911468 

CM281 SMYUD24 mcm10-1 This study, CRISPR 

CM282 SMYUD24 mcm10-1 This study, CRISPR 

JAH281 MATa leu2-Δ1, trp1-Δ63, ura3–52, his3–200 (CH1585), 

ade2::KanMX, MIP1-wt, HAP1-wt,  ChrIII(75594-

75641)::pUR-UR-no repeat control-A3-TRP1 

This study 

CM409 JAH281 mcm10-1 This study, CRISPR 

CM410 JAH281 mcm10-1 This study, CRISPR 

JAH293 MATa, leu2-1, trp1-63, his3-200, ura3Δ, bar1Δ, Chr. V arm 

loss centromere-facing no repeat control 

This study 

CM351 MATa, leu2-1, trp1-63, his3-200, ura3Δ, bar1Δ, 

ChrV(33,834-33,999)::UR-(GAA)100-A3 TRP1 

This study 

CM353 MATa, leu2-1, trp1-63, his3-200, ura3Δ, bar1Δ, 

ChrV(33,834-33,999)::UR-(GAA)100-A3 TRP1 

This study 

CM366 CM351 mcm10-1 This study, CRISPR 

CM368 CM353 mcm10-1 This study, CRISPR 

CM377 JAH293 mcm10-1 This study, CRISPR 

CM378 JAH293 mcm10-1 This study, CRISPR 

CM438 YEG200 mcm10-1 This study, CRISPR 

CM439 YEG200 mcm10-1 This study, CRISPR 

CM440 YEG200 mcm10-1 This study, CRISPR 

CM441 CM71 rev3::HygB This study 
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CM443 JAH112 rev3::HygB This study 

CM445 CM72 rev3::HygB This study 

CM447 CM73 rev3::HygB This study 

CM477 CM281 mcm2G400D This study 

CM478 CM282 mcm2G400D This study 

CM466 CM71 + pRS415 This study 

CM467 CM71 + pRS415 This study 

CM468 CM72 + pRS415 This study 

CM469 CM72 + pRS415 This study 

CM480 CM438 pRS415 This study 

CM481 CM438 pRS415 This study 

CM462 CM438 pAO139 (mrc1AQ) This study 

CM463 CM438 pAO139 (mrc1AQ) This study 

CM252 CM71 Pol1-3xFLAG-KanMX This study 

CM257 CM72 Pol1-3xFLAG-KanMX This study 

CM485 CM71 pol3-Y708A This study 

CM487 CM71 pol3-Y708A This study 

CM488 CM72 pol3-y708A This study 

CM490 CM72 pol3-y708A This study 

CM491 CM71 kanMX-pGAL1-3xHA-POL32 This study 

CM492 CM71 kanMX-pGAL1-3xHA-POL32 This study 

CM493 CM72 kanMX-pGAL1-3xHA-POL32 This study 

CM494 CM72 kanMX-pGAL1-3xHA-POL32 This study 

CM153 CM72 GAA40 This study 

CM154 CM72 GAA45 This study 

CM296 CM281 + pSK_UC57_2u_HIS3_RFA1_RFA2_RFA3 This study 

CM297 CM281 + pSK_UC57_2u_HIS3_RFA1_RFA2_RFA3 This study 
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CM454 CM343 ChrIV(336,187)::URA3-Int-norpt-TRP1 This study 

CM343 W1588, MATa, leu2-3,112, trp1-1, can1-100, ura3-1, ade2-

1, chrIV(332,960)::LacOx128, chrIV(336,187)::NatMX, ch

rIV(352,560)::TetOx128, ade1Δ::LacI-Envy-KanMX-TetR-

tdTomato 

This study 

CM425 CM343 ChrIV(336,187)::URA3-Int-GAA100d-TRP1 This study 

CM471 CM454 mcm10-1 This study 

CM436 CM425 mcm10-1 This study 

CM371 CM71 + CMP72 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM372 CM71 + CMP73 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM373 CM71 + CMP74 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM315 CM304 mcm10-1 This study 

CM316 CM305 mcm10-1 This study 

CM317 CM305 mcm10-1 This study 

CM163 CM77 mcm10-G261D This study 

CM164 CM77 mcm10-G261D This study 

CM240 CM71 mcm10-G261D This study 

CM241 CM71 mcm10-G261D This study 

CM137 CM71 rfc1-1 (D513N) This study 

CM138 CM71 rfc1-1 (D513N) This study 

CM143 CM77 rfc1-1 (D513N) This study 

CM144 CM77 rfc1-1 (D513N) This study 

CM351 SMY943, ChrV(33,834-33,999)::UR-(GAA)100-A3 TRP1 arm loss WT GAA100 strain, 

this study 
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CM353 SMY943, ChrV(33,834-33,999)::UR-(GAA)100-A3 TRP1 arm loss WT GAA100 strain, 

this study 

CM366 CM351 mcm10-1 This study 

CM368 CM353 mcm10-1 This study 

JAH293 SMY943, ChrV(33,834-33,999)::UR-norpt-A3 TRP1 arm loss WT no repeat control 

strain, this study 

JAH294 SMY943, ChrV(33,834-33,999)::UR-norpt-A3 TRP1 arm loss WT no repeat control 

strain, this study 

CM377 JAH293 mcm10-1 This study 

CM378 JAH293 mcm10-1 This study 

CM390 CM353 + CMP72 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM393 CM353 + CMP72 

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM391 CM366 + CMP72  

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM392 CM366 + CMP72  

(pSK_UC57_2u_LEU2_RFA1_RFA2_RFA3) 

This study 

CM418 CM351 mcm2-G400D This study 

CM420 CM351 mcm2-G400D This study 

CM422 CM366 mcm2-G400D This study 

CM423 CM366 mcm2-G400D This study 

 

Table 3: List of primers used in Chapter 2. 

Name Sequence Purpose 

pRCC plasmid amplification oligos to introduce CRISPR/Cas9 guides 

Mcm10_pRCC_F GGTCTCCATGGTAGTACTTCgttttagagctagaaatagcaagttaaaataagg 
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Mcm10_pRCC_R GAAGTACTACCATGGAGACCcgatcatttatctttcactgcggag mcm10-1 

(P269L) 

mutation 

Mcm2_pRCC_F GCTCCCGGAACCGTTCCTCCgttttagagctagaaatagcaagttaaaataagg mcm2G400D 

mutation Mcm2_pRCC_R GGAGGAACGGTTCCGGGAGCcgatcatttatctttcactgcggag 

Rad53_pRCC_F AACTACTGGGAAAACATTCGgttttagagctagaaatagcaagttaaaataagg rad53K227A 

mutation Rad53_pRCC_R CGAATGTTTTCCCAGTAGTTtccgatcatttatctttcactgcggag 

CTF4_pRCC_F AACAATAACGCGAACCGGGGgttttagagctagaaatagcaagttaaaataagg CTF4 deletion 

CTF4_pRCC_R CCCCGGTTCGCGTTATTGTTcgatcatttatctttcactgcggag 

rad51_pRCC_F TCAGCGGTTCGGATTAGACCgttttagagctagaaatagcaagttaaaataagg RAD51 

deletion rad51_pRCC_R GGTCTAATCCGAACCGCTGAcgatcatttatctttcactgcggag 

rad52_pRCC_F ACCAGGTTCTTCGTCGAGTCgttttagagctagaaatagcaagttaaaataagg RAD52 

deletion rad52_pRCC_R GACTCGACGAAGAACCTGGTcgatcatttatctttcactgcggag 

Pol3_pRCC_F TGGTTTTACAGGAGCGACGGgttttagagctagaaatagcaagttaaaataagg pol3-Y708A 

mutation Pol3_pRCC_R CCGTCGCTCCTGTAAAACCAcgatcatttatctttcactgcggag 

Mcm10G261D_pRC

C_F 

AGATATTATAATCTTCGCCTgttttagagctagaaatagcaagttaaaataagg mcm10-G261D 

mutation 

Mcm10G261D_pRC

C_R 

AGGCGAAGATTATAATATCTcgatcatttatctttcactgcggag 

rfc1-1_pRCC_F TACAAGAGGTGATATCCGCCgttttagagctagaaatagcaagttaaaataagg rfc1-1 mutation 

rfc1-1_pRCC_R GGCGGATATCACCTCTTGTAcgatcatttatctttcactgcggag 

CRISPR/Cas9 repair templates 

Mcm10-1_rep_temp TAGAAAGATATTATAATCTTCGCCTGGGTGATGTGATAGCA

ATATTAAAtCTTGAAGTACTACCATGGAGACCCTCAGGGCG

AGGAAATTTTATCAAATC 

mcm10-1 

mutation 
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Mcm2-

G400D_rep_temp 

ATTATCAAAGGGTTACGCTCCAGGAAGCTCCCGGAACCGTT

CCTCCAGACCGTCTACCAAGACATAGAGAAGTCATTTTGTT

GGCGGATTTGGTAGATGT 

mcm2-G400D 

mutation 

Rad53_repairtemp_F TTGCCACAGTAAAGAAAGCCATTGAAAGAACTACTGGGAA

AACATTCGCCGTGGCGATTATAAGTAAACGCAAAGTAATA

GGCAATATGGATGGTGTGAC 

Rad53-K227A 

mutation 

Rad53_repairtemp_R GTCACACCATCCATATTGCCTATTACTTTGCGTTTACTTATA

ATCGCCACGGCGAATGTTTTCCCAGTAGTTCTTTCAATGGCT

TTCTTTACTGTGGCAA 

CTF4del_rep_temp AAATAATTGAGAAGGGCAAGAAGTGACGTAAATATACTAG

ACGTACTATTAAAAATGTAAAATATATATACGCAAGAGAC

AATTATTTGATACCTGTTCA 

CTF4 deletion 

rad51_repairtemp_F CGACAAAGAGCAGACGTAGTTATTTGTTAAAGGCCTACTAA

TTTGTTATCGTCATGTATTTGGTCTCTTG 

RAD51 

deletion 

rad51_repairtemp_R AGAGGAGAATTGAAAGTAAACCTGTGTAAATAAATAGAGA

CAAGAGACCAAATACATGACGATAACAAAT 

rad52_repairtemp_F TTAGTCTGTTAAGAAAAGACGAAAAATATAGCGGCGGGCG

GGTTACGCGACCGGTATCGAAACGCTTCCTGGCCG 

RAD52 

deletion 

rad52_repairtemp_R AGGATTTTGGAGTAATAAATAATGATGCAAATTTTTTATTT

GTTTCGGCCAGGAAGCGTTTCGATACCGGTCGCG 

Exo1_repairtemplate ACCACATTAAAATAAAAGGAGCTCGAAAAAACTGAAAGGC

GTAGAAAGGAAAGTTAAGTACTGCACGTTTCATATCGGAG

GTATATTTTTCAAATGAAAA 

EXO1 deletion 

Pol3_Y708A_rep_te

mp 

TTTTAAATGGTAGACAATTGGCTTTGAAGATTTCAGCTAAC

TCTGTCgcgGGTTTTACAGGAGCGACGGTtGGTAAATTGCCAT

GTTTAGCCATTTCTT 

pol3-Y708A 

mutation 
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Mcm10G261D_rep_t

emp 

ATATCTTCGGGAAAAAGGGTGTAGAAAGATATTATAATCTT

CGCCTGgacGATGTGATAGCAATATTAAACCCAGAAGTACTA

CCATGGAGACCCTCAG 

mcm10-G261D 

mutation 

rfc1-1_rep_temp TCAAACTTGATCCAAATGTCATTGATAGGTTGATACAGACT

ACAAGAGGTAATATCCGCCAAGTTATTAATCTACTTTCAAC

GATATCTACGACTACTA 

rfc1-1 mutation 

Gene replacement primers 

Rev3_pAG_F ATGTCGAGGGAGTCGAACGACACAATACAGAGCGATACGG

TTAGATCATCCGGATCCCCGGGTTAATTAA 

Rev3 deletion, 

used with 

pAG32 Rev3_pAG_R GCGAGACATATCTGTGTCTAGATTACCAATCATTTAGAGAT

ATTAATGCTGCATAGGCCACTAGTGGATCTG 

Gene tagging primers 

Pol1-PL3FLAG-

KanMX_F 

CGATTGTGGACGTCGCTACGTTGATATGACTAGCATATTTG

ATTTCATGCTAAATagggaacaaaagctggag 

Pol1-3xFLAG-

KanMX tagging 

Pol1-PL3FLAG-

KanMX_R 

TTTTCTTACTATATAGAATATTCATGAGATCACACAACACA

TACAAAATACTTACctatagggcgaattgggt 

Pol32_F4 TTTTGAAAAGTACGCAGAAGTTCGTTACATCGCAATCAGAT

CAGCTCGAAgaattcgagctcgtttaaac 

KanMX-

pGAL1-3xHA-

POL32 tagging Pol32_R3 ACCTCAGTGAAGAGCTTCTCATTGATAAAATATGACGCCTT

TTGATCCATgcactgagcagcgtaatctg 

Checking primers 

Mcm10_check_F GCCTGAATACGCCAACTG MCM10 

amplification 

for sequencing 

Mcm10_check_R AATTCGAAGGTTGAAGGATTTG 

Mcm2_F TTAGCGGAGTCCAAAGCCAT MCM2 

amplification 

for sequencing 

Mcm2_R TCACGTTCTTCTTCTTCAGTCCA 
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CTF4_upstr_F GCGACGCGTAATAAAGTTTCC CTF4 external 

check CTF4_dnstr_R AAAATTCGCAAGGACGCTTC 

CTF4_F GCCTGGAAAATCCAAGCGGAC CTF4 ORF 

absence CTF4_R CACATCTTCCGCATTCGCTTC 

RAD51_chk_F CAATTCGCAAGAAACGCACT RAD51 ORF 

absence RAD51_chk_R AAGTAGTCATCGGGAAGAAGAGTA 

RAD51_upstr_F TTTCTGTCCTGGTTTGTTTACAGTA RAD51 

external check 

RAD52_chk_in_F GCCAAGAAATCTGCCGTTAC RAD52 ORF 

absence RAD52_chk_in_R TGAGCTTTCGCTGATTTCATCC 

Ex52_R ACGTCGCTAAAGATGGTATGGTA RAD52 

external check E52x-F CTAGAGGATTTTGGAGTAATAAATAATGATG 

Exo1_F CAGCGGGAGGGAAAACTGAT EXO1 ORF 

absence Exo1_R CTCTGTTGGCTAGAGGTTGGTG 

exo1_KOchk_Fwd GTATTACGTCCAAACTAAGTTCGCG EXO1 external 

check exo1_KOchk_rev GACCGCTAGCGGCTTGATTAG 

Rad53_seq_F TGGTGTAGGCGTGGAATCAG RAD53 

amplification 

for sequencing 

Rad53_seq_R TTTTGCCAGACCAAAGTCGG 

REV3_upstr_F CGAGTGCAGTGCGTCTAGAAATAGTGT REV3 external 

primers Rev3_down_R GGCGTTATTAATGCATCTGGGTCC 

JK183_hygRleft_rev ACAGTCACATCATGCCCCTG HYG internal 

primer for 

REV3 check 

RFC1_in_chk_F ATGCCGGTGTTAAAAACGCT rfc1-1 checking 

primers RFC1_in_chk_R CCATATGGCCGGCAACTTTT 

Repeat length primers 
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A2 CTCGATGTGCAGAACCTGAAGCTTGATCT Check repeat 

length of 

(GAA)100 

strains 

B2 GCTCGAGTGCAGACCTCAAATTCGATGA 

T1 GCCGCTCGAGTGAACCTGAAGCTTGATCT Check repeat 

length of 

(TTC)100 

strains 

T2 AGCTGAGTGCAGACCTCAAATTCGATGA 

Live-cell microscopy strain construction 

cm343_int_F CGCGTGATGTGAACATCAGCCCTTAGTTGAACTCTGTGGAC

ACAAGACTAACGTCGCGGATCCGGAGATCTAGC 

Inserting 

expansion 

cassettes in 

CM343 at the 

NAT locus 

cm343_int_R TAGCTCGTAGATAGATACTGACAGACTGATACTCTACGCTC

ATACGATACCCGGGCGATAAGCTAGCAGG 

cm343_norpt_int TAGCTCGTAGATAGATACTGACAGACTGATACTCTACGCTC

ATACGATCCGGGCGATAAGCTAGGGCA 
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ABSTRACT 

Deoxyribonucleotides (dNTP) are the building blocks of DNA synthesis, and their cellular levels 

are regulated during the cell cycle and in response to stimuli such as DNA damage. Both high 

and low dNTP pools have been linked to genomic instability. We hypothesized that variations in 

dNTP levels would affect the stability of low-complexity regions, such as long (GAA)n repeats. 

In this chapter, we discovered that both an overall decrease and an increase in dNTP pool levels 

elevate (GAA)n repeat instability. While lower dNTP pools particularly promote repeat 

contraction, higher dNTP levels similarly affect both contractions and expansions. A specific 

mutation in the ribonucleotide reductase enzyme that increases dCTPs and dTTPs levels and 

decreases dATP and dGTP mildly increased expansions and had no effect on contractions. 

Collectively, these data indicate that imbalances in the dNTP levels, such as the ones observed in 

the context of several cancer states, can contribute to the instability of (GAA)n repeats. 
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INTRODUCTION 

Deoxyribonucleotide (dNTP) pool levels are regulated in a cell-cycle dependent manner and the 

amount of dNTPs available during S-phase for DNA synthesis is tightly regulated to ensure a 

balance between complete genome replication and fidelity during synthesis. At the onset of S-

phase in budding yeast, low dNTP levels transiently activate the Mec1-Rad53 checkpoint 

pathway, leading to activation of the Dun1 kinase and degradation of the ribonucleotide 

reductase (RNR) inhibitor Sml1, and therefore results in an increase in dNTP levels to support 

genome duplication 335–337. RNR is the central enzyme complex involved in dNTP synthesis, as it 

catalyzes the rate-limiting step that converts ribonucleoside triphosphates to deoxyribonucleoside 

triphosphates (Figure 3-1 a). RNR is regulated in multiple manners: transcriptional regulation, 

regulation through the cascade described above, and allosteric regulation of the large RNR 

subunits by NTPs/dNTPs themselves (reviewed in 338).  

Progression into S-phase with low dNTP levels, such as in the cause of hydroxyurea 

treatment, causes replication stress and DNA damage, particularly at hard-to-replicate regions 

such as chromosomal fragile sites339 and non-canonical DNA secondary structures such as G4340. 

On the other hand, exceedingly high dNTP levels have also been associated with genome 

instability, cell cycle dysregulation, and as a potential driver of cancer 336,341,342. This is mainly 

due to the reduction in fidelity of DNA polymerases and an increase in the usage of alternative 

polymerases such as translesion synthesis (TLS) polymerases, thereby increasing the genomic 

mutational load 343–345. This notion was further corroborated by a study that showed that in the 

context of polymerase e variants associated with tumorigenesis, their mutator phenotype was 

dependent on the availability of dNTPs, as deletion of the Dun1 kinase resulted in lower 

mutagenicity 346. Nucleotide pool imbalances both give rise to replication stress and DNA 
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damage and regulate the cellular response to these signals. Generally, DNA damage leads to an 

increase in dNTP production to ensure timely DNA synthesis and repair 337,347 (Figure 3-1 b). In 

mammalian cells, this does not seem to necessarily be the case 348,349. 

 

Figure 3-1: Mechanisms of dNTP pool regulation. 

(a) The ribonucleotide reductase (RNR) enzyme converts ribonucleotides into 
deoxyribonucleotides. (b) Regulatory pathway in S. cerevisiae leading to an increase in dNTP 
production in response to stress signals via upregulation of RNR activity. 

 

While dNTP pools can affect DNA replication and stress response globally, we and 

others hypothesized that these effects might be exacerbated in regions of low complexity, where 

there is a high local need of specific nucleotides. Long repetitive sequences are an example of 

these low-complexity regions, and nucleotide availability could therefore be a modulator of 1) 

fork stalling at repetitive sequences and 2) repeat instability during DNA replication 350,351. For 

example, low nucleotide pools could leads to increased ssDNA gaps that promote the formation 

of secondary structures at the repeats and promote instability during synthesis if the polymerase 
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skips over a preformed structure or slips during replication, or by ribonucleotide excision repair 

due to an increase incorporation of ribonucleotides and DNA:RNA hybrids 352. In the case of 

high nucleotide pools, translesion synthesis polymerases could lead to increased repeat instability 

and promote polymerase slippage. In the case of repetitive sequences, is also plausible that 

specific nucleotide imbalances could affect the two strands differentially. 

In this chapter, we investigated the effect of nucleotide pool depletion, increase and 

imbalances on the instability of expanded (GAA)n repeats using three approaches. First, we 

studied the effects of HU-induced dNTP depletion on repeat stability. Next, we determined the 

role of Cyclin-dependent kinase inhibitor (CKI) SIC1, the functional homolog of p27Kip1 in 

human cells 353, which regulates the transition from G1 to S-phase by repressing B-type cyclins 

354. Finally, we tested various point mutations in the Rnr1 subunit of the RNR complex. These 

mutations are known to cause specific nucleotide pool imbalances, including overall dNTP pool 

increase 355.  

Overall, we find that nucleotide depletion increases repeat instability, with a stronger 

effect on contractions. On the other hand, increases in dNTP levels more strongly promotes 

(GAA)n repeat expansions. Future studies would be needed to determine the exact mechanism by 

which this occurs and whether the same would be observed in human cells.  
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RESULTS 

 

Nucleotide depletion by hydroxyurea induces (GAA)n repeat instability 

We first set out to test the effects of overall nucleotide pool depletion on the instability of 

expanded (GAA)n repeats using the instability reporters described in Chapter 2. A common agent 

used to induce replication stress is hydroxyurea (HU). HU inhibits the proton-coupled electron 

transfer step in in the RNR reaction, leading to an overall decrease of available dNTP pool 

levels. HU also inhibits enzymes containing Fe-S clusters, which includes all B-type 

polymerases (reviewed in 319). It is important to note that not all nucleotides are affected equally 

by hydroxyurea, with stronger effects on purines356.  

As we presented in Chapter 2, exposure to 100 mM HU results in a 3.4-fold increase in 

repeat expansions and an 8.3-fold increase in repeat contractions when compared to the vehicle 

(DMSO) control (Figure 3-2 b). To determine whether the instability is affected in a differential 

manner based on which sequence is on the leading or lagging strand, we also tested the inverted 

cassette for repeat contractions, in which (TTC)124 serves as the template for lagging-strand 

synthesis, where we observed a comparable increase (10.7-fold) (Figure 3-2 c). We also 

determined the general mutation rate by using the number bands of unchanged repeat size after 

the fluctuation assay as a proxy for URA3 mutations. Our rate for the vehicle treated control was 

comparable to the previously published mutation rate for the (GAA)100 expansion cassette83, and 

the rate was increased by 6.55-fold in the HU-treated condition (Figure 3-2 d). Altogether, our 

results indicate that hydroxyurea treatment generally increases both types of repeat instability in 

a seemingly orientation-independent manner and suggests that low dNTP levels might be a 

driver of repeat instability. 
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Figure 3-2: Effects on dNTP depletion caused by hydroxyurea treatment of (GAA)n  repeat 
instability. 

(a) Mechanism of nucleotide depletion by hydroxyurea (HU), which inhibits the ribonucleotide 
reductase (RNR) enzyme. (b) (GAA)100 expansion rates under vehicle (DMSO) and 100 mM HU 
treatment conditions. (c) Contraction rates for (GAA)124 and (TTC)124 cassettes, where the 
indicated repeat corresponds to the lagging strand template sequence, under vehicle (DMSO) and 
100 mM HU treatment conditions. (d) Rate of URA3 mutation under vehicle (DMSO) and 100 
mM HU treatment conditions. Plotted values indicate the corrected rate and the error bars represent 
95% confidence intervals. Numbers within bars indicate fold increase over the respective vehicle  
value. All experiments were conductive with a non-selective temperature of 30°C. All expansion 
and contraction data for this chapter can be found in Table 7 and Table 8. 

 

 

Defects in timing of S-phase entry increases (GAA)124 repeat contractions 

Right before S-phase, Sic1, which is an inhibitor of the Clb-Cdc28 kinases, is phosphorylated an 

degraded to allow for entry into S-phase and proper origin firing 353,357–359. SIC1 deletion causes 

uncontrolled entry into S-phase, resulting in perturbed origin firing and ultimately prolonged S-

phase and an increase in chromosomal instability 358,360. Deletion of SIC1 did not have affect the 

5-FOA rates in our expansion assay (Figure 3-3 a). Note that we did not proceed with repeat 

PCRs to determine the actual expansion rate in the case of this mutant. On the other hand, the 
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sic1D strains showed a 2.37-fold increase in (GAA)124 contraction rates (Figure 3-3 b). These 

results indicate that contraction levels might be more susceptible to perturbation of S-phase entry 

than expansion rates. 

 

Figure 3-3: Effects of the deletion of the cell-cycle regulator Sic1 on (GAA)n repeat 
stability.  

(a) 5-FOA resistance rates for the (GAA)100 expansion assay. Actual expansion rate was not 
calculated via repeat PCR as we expected no effect based on the resistance rates. (b) (GAA)124 
contraction rates upon deletion of SIC1. Plotted values indicate the corrected rate and the error 
bars represent 95% confidence intervals. Numbers within bars indicate fold increase over the 
respective wild-type value. All experiments were conductive with a non-selective temperature of 
30°C. 

 

Changing the available dNTP pool levels by mutations in the ribonucleotide reductase 

subunit Rnr1 mildly affects (GAA)n repeat instability 

dNTP pool imbalances can be achieved by mutating the RNR enzyme itself 355. There are 

three major regulatory sites in the RNR enzyme: the “A-site” is the activity site, the “S-site” that 
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determines substrate specificity, and the “C-site” which is the catalytic core of the enzyme. 

Schmidt et al. performed a screen to identify mutations in the RNR1 subunit of the RNR complex 

that displayed a mutator phenotypes and discovered that all of the identified alleles are linked to 

elevated or imbalanced dNTP pool levels. The mutant alleles were phenotypically categorized 

into four groups in a manner dependent on their interactions with additional genes, including 

polymerases and exonucleases. We selected a few of the mutations identified in this study to 

determine the role of specific nucleotide imbalances on the stability of (GAA)n repeats. A 

schematic representing the relative dNTP pool levels for the mutants we tested as measured in 

Schmidt et al. is provided in (Figure 3-4). 

 

 

Figure 3-4: Relative dNTP pool levels compared to the wild-type levels.  

Adapted from Schmidt et al. 355. 

 

First, we tested the rnr1-A245V mutation primarily results in the depletion of purines 

(dATP and dGTP), which are on the lagging-strand template of the repeat, and a concomitant 

increase in pyrimidine (dTTP and dCTP) levels 355, which are on the leading strand template of 
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the repeat. We observed that the rnr1-A245V mutation does not affect (GAA)124 repeat 

contractions, but leads to a modest but significant 2.5-fold increase in expansion rates (Figure 

3-5). 

 

Figure 3-5: (GAA)n instability rates in the rnr1-A245V mutant.  

(a) (GAA)100 expansion rates for the rnr1-A245V mutant. (b) GAA)124 contraction rates for the 
rnr1-A245V mutant. Plotted values indicate the corrected rate and the error bars represent 95% 
confidence intervals. Numbers within bars indicate fold increase over the respective wild-type 
value.All experiments were conductive with a non-selective temperature of 30°C. 

 

The rnr1-Y285C mutation increases pyrimidine levels, while leaving purine levels 

unchanged. This mutation did not have an effect in our fluctuation assay with expansions strains 

(Figure 3-6). We note that we did not test the contraction rates for this mutant and it would be 

interesting to test this mutation in the future. This indicates that a mere increase in pyrimidine 

levels available for lagging strand synthesis does not affect the propensity of the repeat to 

expand. 
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Figure 3-6: (GAA)100 repeat expansions in the rnr1-Y285C mutant.  

Plotted values indicate the corrected rate and the error bars represent 95% confidence intervals. 
All experiments were conductive with a non-selective temperature of 30°C. 

 

Finally, we sought to determine what would happen in the case in which all nucleotide 

pools are increased, and can therefore mimic a circumstance of RNR complex upregulation as is 

observed in the context of DNA damage response. The rnr1-F15S mutation, located in the A-

site, results in an increase of over 5-folds in the level of all four dNTPs (Figure 3-4). 

Interestingly, the rnr1-F15S mutation led to a 3.5-fold increase in expansion rates, as well as a 

mild 2-fold increase in contraction rates (Figure 3-7). This indicates that an overall increase in 

the nucleotide pool levels promotes an increase in (GAA)n repeat instability. 
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Figure 3-7: (GAA)n instability rates in the rnr1-F15S mutant. 

(a) (GAA)100 expansion rates for the rnr1-F15S mutant. (b) GAA)124 contraction rates for the rnr1-
F15S mutant. Plotted values indicate the corrected rate and the error bars represent 95% confidence 
intervals. Numbers within bars indicate fold increase over the respective wild-type value. All 
experiments were conductive with a non-selective temperature of 30°C. 

 

DISCUSSION AND FUTURE DIRECTIONS 

In this chapter, we aimed to determine whether deoxyribonucleotide (dNTP) levels can modulate 

(GAA)n repeat instability. There were several reasons why we hypothesized this could be the 

case. First, the level of available dNTPs can regulate replication fork speed as it influences the 

rate at which new nucleotides can by incorporated in the nascent strands 361. Secondly, DNA 

repeats have an inherent sequence bias and low-complexity composition, which can create a high 

local need for specific dNTPs. 

 Overall, we have identified that a decrease of the overall nucleotide pool during S-phase 

as the one caused by HU treatment causes an increase in repeat instability, with a stronger effect 
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on repeat contractions, and this effect occurs independently of repeat orientation (Figure 3-2). 

This is consistent with our previous model published in Khristich et al. as well as the results 

presented in Chapter 2 64. Other studies have shown an increase in the instability of other repeats 

in HU treated cells: expanded (CAG)n repeats undergo increased expansions upon 100 mM HU 

treatment, whereas their contractions did not increase, indicating a that a different mechanism is 

responsible for the contraction events in the case of the CAG repeat 362.  A similar effect to that 

observed upon HU treatment was observed in the case of premature cell-cycle entry in the 

absence of the Sic1 protein (Figure 3-3), albeit to a much milder degree. We would like to 

emphasize that the nucleotide pool levels have not been determined by us or by others in the 

sic1D context and therefore we cannot conclude that the observed increase in contractions is due 

to changes in the dNTP pool in this case, but we hypothesize that premature cell-cycle entry 

would coincide with a temporary depletion of the nucleotide pool. 

We also set out to study specific mutations in the Rnr1 subunit of the RNR complex, 

which result in different imbalances between nucleotides and have been related to mutator 

phenotypes, especially in the absence of the exonuclease Exo1 and mismatch repair 355. Specific 

dNTP imbalances have been shown to affect the stability of telomeric sequences, which also 

have inherent low-complexity 363. While we used strains derived from the same genetic 

background as the ones used in the original study that characterized the rnr1 alleles355, we did 

not directly measure the dNTP concentrations in our strains, and it is therefore possible that the 

specific nucleotide levels are slightly different in our study, which might affect the magnitude of 

the observed differences in our experiments. Nevertheless, we predict that the general trend of 

which nucleotide pools are decreased or increased in the mutants would be consistent with the 
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ones in Schmidt et al. and we therefore primarily attribute the observed differences to the 

changes in dNTP pool levels. 

We tested the rnr1-A245V mutation, in which purine levels are increased and pyrimidine 

levels are decreased and we observed only a minor effect on (GAA)n repeat expansions. To 

determine whether this was due to the increase in purines or the decrease in pyrimidines, we 

turned to a different mutant, rnr1-Y285C, in which pyrimidine levels are comparably elevated, 

but purines are not depleted. In this case, we did not observe an increase in expansions, 

suggesting that the minor increase we observed in the rnr1-A245V mutant is caused by the 

depletion of dATPs and dGTPs, which constitute the newly synthesized leading strand. This 

indicates that there are strand specific effects of nucleotide imbalances on (GAA)n repeat 

instability. We were unable to obtain the rnr1-Q288A allele, which would have allowed us to test 

the effect of an increase in dATPs and dGTPs on the stability of the repeat 364.  

 Interestingly, we observed an increase in both types of instability when the dNTP pool 

was overall increased in the case of the rnr1-F15S mutation. This observation is particularly 

interesting because one of the cellular responses to DNA replication stress and DNA damage is 

Rad53 checkpoint activation through the Mec1-Rad53-Dun1 kinase cascade, which results in the 

degradation of the ribonucleotide reductase inhibitor Sml1, increasing dNTP pool levels to 

promote DNA repair, especially through the activity of more promiscuous polymerases such as 

translesion synthesis polymerases 365,366, and by promoting polymerase slippage. While this 

ensures genomic integrity, it can come at the cost of mutagenesis. It would be interesting to test 

whether removing the activity of these polymerases would rescue the increase in repeat 

instability that we observed. Similarly, we could directly test whether removing the RNR 
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inhibitor Sml1 results in an increase in repeat instability, since it also causes an increase in 

overall dNTP levels 367. 

 It is tempting to speculate that in contexts of elevated replication stress and DNA 

damage, changes to the dNTP pool could be an additional, underestimated modulator of DNA 

repeat stability. It is important to note, however, that dNTP pool regulation in human cells is 

quite different than the yeast pathways. In human cells, the dNTP triphosphohydrolase SAMHD1 

is a major regulator of dNTP pools both during the normal cell cycle and in response to DNA 

damage, and mutations in SAMHD1 have been associated with cancers 368–370. It would be 

interesting to investigate whether mutations in SAMHD1 are associated with an increase in 

microsatellite instability. 

 

MATERIALS AND METHODS 

Yeast strains 

All yeast strains used in this chapter are listed in Table 4. Point mutations were introduces using 

a CRISPR/Cas9333 plasmid containing guides targeting RNR1, and repair templates were 

provided in the form of oligonucleotides. Sic1 was deleted by standard gene replacement using 

the pAG32 as template. 

Oligonucleotides 

All primers used for strain construction and to detect expansion events are listed in Table 5. 

Fluctuation assays 
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All assays were conducted with at least two independent biological replicates per genotype. 

Mutation rates were calculated using the FluCalc software (https://flucalc.ase.tufts.edu/)280. Rates 

are considered meaningfully different if the 95% confidence intervals do not overlap. All raw 

rates are reported in Table 7 and Table 8. For the HU experiment, we conducted the non-

selective stage of the expansion or contraction assay on either YPDUA plates supplemented with 

100 mM hydroxyurea (Sigma Aldrich) or the corresponding volume of DMSO (Sigma Aldrich). 

Expansion rates. Two independent biological replicates per genotype were plated for singles on 

YPDUA plates at 30°C for 2 days. The initial repeat length was confirmed for 12 single colonies 

which were then serially diluted in 10-1 increments to a final dilution of 10-5 in sterile water. 100 

μl of the 10-5 dilution were plated on YPDUA to determine the total cell count (TCC) for 2 days 

at 30°C. 100 μl of 10-1 dilution were plated on selective YC Glucose plates containing 0.09% 5-

FOA and grown for 3 days at 30°C. Expansion events were confirmed by PCR using the A2 and 

B2 primer set and analyzed in ImageLab (BioRad). 

Contraction rates. Fluctuation assays for contraction rates were conducted as described in 

(Khristich et al., 2020) at 30°C.  
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Table 4: List of yeast strains used in Chapter 3. 

Strain Name Genotype Comments 

123 SMYP1 CH1585 + GalURA3-GAA128-XS This study, made by 

Alexandra Khristich 

166 SMYUI2 SMY710 + GalURA3-GAA124-XS-inverted PMID: 31911468 

168 SMYUI4 SMY710 + GalURA3-GAA124-XS-inverted PMID: 31911468 

CM115, CM116, 

CM117 

CM71 rnr1Y285C This study 

CM157, CM159 CM71 rnr1A245V This study 

CM160, CM161 CM71 rnr1F15S This study 

CM38, CM39 SMYU sic1::hygB This study 

CM43, CM45 SMYP1 rnr1A245V This study 

CM52, CM53 SMYP1 rnr1F15S This study 

CM71 MATa leu2-△1 trp1-△63 ura3-52 his3-200 bar1△::HIS3 

ChrIII(75423-75715)::URA3-Int-GAA100d-TRP1 

PMID: 23142667 

CM77 SMYU MATa leu2-Δ1, trp1-Δ63, ura3–52, his3–200 (CH1585), 

ade2::KanMX, MIP1-wt, HAP1-wt, ChrIII(75594-75641):: PGAL-

UR-(GAA)128-A3-TRP1 

PMID: 31911468 
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Table 5: List of primers used in Chapter 3. 

Name Sequence Purpose 

pRCC plasmid amplification oligos to introduce CRISPR/Cas9 guides 

RNR1_pRCC_F 
ACCAATACCACCAGCAGTTTgttttagagctagaaatagcaagtta

aaataagg 
rnr1-A245V and rnr1-

Y285C mutations 
RNR1_pRCC_R AAACTGCTGGTGGTATTGGTCcgatcatttatctttcactgcggag 

RNR1F15S_pRCC_F 
GAGCGGTAATCTTATCGAATgttttagagctagaaatagcaagtta

aaataagg rnr1-F15S mutation 

RNR1F15S_pRCC_R ATTCGATAAGATTACCGCTCcgatcatttatctttcactgcggag 

CRISPR/Cas9 repair templates 

RNR1_A245V_donor 

GGACTCTATCGAGGGGATTTACGACACCTTGAAGG

AATGTGCTTTGATTTCGAAAACTGTTGGTGGTATTG

GTCTACATATCCATAACATTCGTTCAACT 

rnr1-A245V mutation 

Rnr1_F15S_rep_temp 

ATTAACATCATGTACGTTTATAAAAGAGACGGTCGT

AAAGAACCTGTaCAAtccGATAAGATTACCGCTCGTA

TATCACGCTTATGCTATGGTTTAGATC 

rnr1-F15S mutation 

Rnr1Y285C_rep_temp 

TACTTCTAACGGTTTAATTCCTATGATTCGTGTTTTC

AATAACACTGCCCGTtgcGTTGACcaaGGTGGTAATAA

AAGACCTGGTGCGTTTGCCCTTTA 

rnr1-Y285C mutation 

Gene replacement primers 

SIC1_pAG_F 
CCAAACCTCTACGGAATTTTGACCCTTGAAGCAGGG

ACTATTACACGAAACGGATCCCCGGGTTAATTAA 
Sic1 deletion 

SIC1_pAG_R 
AGTAAGTAAATAAAATATAATCGTTCCAGAAACTTT

TTTTTTTCATTTCTcataggccactagtggatctg 

Checking primers 

SIC1_chk_F GCACTATTGCCGTGTTTCCT 
Sic1 deletion check 

SIC1_chk_R CATCCTCCCCTAACTCGCTT 
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SIC1_ORF_F GCCAGGAGTCAAGAAAGTGA 

SIC1_ORF_R GAAACAATGCCTTTGGCTTG 

RNR1_A245V_check_

F 
TATGAGAGTCGCACTAGGCA 

rnr1-A245V check RNR1_A245V_check_

R 
CTCTTTACCGTGGTTCTTCCTA 

RNR1_A245V_seq AACGATCGGCTGCCATGTTA 

Rnr1_upstr_F CTTGTTGCCTTTGTTAAGTCAG rnr1 mutations check 
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CHAPTER 4 Cancer-associated (GAAA)n repeats stall DNA synthesis and form DNA 

triplexes in vitro 
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ABSTRACT 

Triplex forming sequences are enriched in translocation events in cancers and somatic cancer-

associated mutations are found adjacent to and within H-DNA forming sequences. Expansion of 

a (GAAA)n repeat in the first intron of the UGT2B7 gene has been identified as the first cancer-

associated repeat expansion event, occurring in 34% of all clear cell renal cell carcinoma cases. 

The (GAAA)n sequence has the potential to form a DNA triplex due to its homopurine-

homopyrimidine mirror-repeat nature, as well as potentially serving as a DNA unwinding 

elements due to its A-rich composition. Here, we started investigating the structure forming 

abilities of the (GAAA)n  repeat using in vitro DNA polymerization assays and chemical probing 

followed by primer extension assays. We show that the (GAAA)n can stall DNA synthesis by a 

B-family DNA polymerase in a manner that is promoted by increased Mg2+ ions and is 

consistent with the formation of an intramolecular triplex during DNA synthesis. 
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INTRODUCTION 

Short tandem repeats (STRs), which consist of repetitions of 1-9 bp, represent about 3% of the 

human genome 1. Historically, the identification and characterization of STRs has been hindered 

by several issues that arise when trying to sequence through them. First, many of these regions 

are too large to be covered in a single sequencing read using technologies such as Sanger 

sequencing and NGS, and therefore cannot be confidently mapped to the reference genome 371. 

In addition, several sequencing methods encounter the same problems that occur during DNA 

replication, such as polymerase stalling and polymerase slippage. These issues have led to an 

underestimation of the disease states caused by repeat expansions, and advances in both 

sequencing and computational technologies have allowed the identification of several additional 

repeat expansion diseases (REDs), and more than 20 new REDs have been identified since 2009 

4,372. The overwhelming majority of REDs are rare neurodegenerative diseases, but the 

involvement of repeat expansions in cancer has been hypothesized since 1995 373. Since then, 

instability of STRs has been observed in various cancer genomes, especially in the case of 

microsatellite instability (MSI), which is highly elevated in MMR-deficient colorectal cancers 

374. 

In 2023, Erwin et al., set out to identify recurrent repeat expansions (rREs) in cancer 

genomes using available genomic short-read sequencing datasets and a novel computational tool 

called ExpansionHunter Denovo (EHdn) 375, which does not rely on the presence of a reference 

genome 376. They identified 160 rREs, which were non-randomly distributed, enriched near or at 

functional locations of the genome and highly sub-type specific. A large portion of the identified 

rREs consisted of homopurine-homopyrimidine repeats, with (GAA)n and (GAAA)n repeats 

being the mostly highly enriched sequences. In a specific example, (GAAA)n repeat expansions 
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in the first intron of the UGT2B7 gene were identified in 34% of all clear cell renal cell 

carcinomas (ccRCCs). Healthy kidney cells harbor on average 26 repeat units, while affected cell 

lines have between 63 and 160 units. Targeting the expanded alleles with a synthetic 

transcription factor that targets (GAAA)n and recruits transcriptional machinery led to decreased 

proliferation and increased cell death in cell lines containing repeat expansions, as had 

previously been shown for (GAA)n repeats in Friedreich’s ataxia cell lines, indicating a 

potentially shared pathogenic mechanism. In a separate study aimed at identifying genome-wide 

H-DNA forming sequences using the S1-END-Seq technique reviewed in Chapter 1, (GAA)n 

and (GAAA)n repeats were the two most highly identified sequences, indicating that they 

generally have a strong triplex forming potential 46. In addition, the same sequences have been 

found to highly correlate with translocation breakpoints in cancers 377.  

Together, these studies indicate that (GAAA)n repeats might be able to form triplex DNA 

structures and stall DNA replication, as has been shown to be the case for both (GAA)n repeats 

and (A2G3)n repeats, which are associated with the RED CANVAS (Cerebellar Ataxia, 

Neuropathy, Vestibular Areflexia Syndrome), in vitro as well as in vivo 50,53,378. 

In this brief Chapter, we performed in vitro polymerization experiments using both A- 

and B-family polymerases and determined that (GAAA)13 repeats can stall DNA polymerization 

in vitro when synthesis is performed with a B-family polymerase and in conditions which 

promote triplex formation, such as the increased presence of available Mg2+ cations. 
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RESULTS 

The (GAAA)n repeat does not impede replication by an A-type polymerase and can act as a 

DNA unwinding element 

We first set out to test whether (GAAA)n repeats would stall in vitro polymerization using the A-

family polymerase Thermo Sequenase, an exonuclease deficient DNA polymerase I. We used a 

plasmid containing the (GAAA)13 repeat as a template and carried out DNA sequencing 

reactions using a primer that either binds upstream or downstream of the repeat to initiate 

synthesis. We carried out the extension reactions at a temperature of 72°C using 3.5 mM Mg2+. 

In this case, we did not observe a stall in either orientation of the repeat (Figure 4-1 a).  

We additionally used chemical probing to determine whether the (GAA)13 forms a 

secondary structure using potassium permanganate (KMnO4), which modifies single-stranded 

thymines, inhibiting the formation of Watson-Crick base pairing. We only conducted this 

analysis with the (T3C)13 template, as we expected that if there were to be a stall it would be 

more prominent when (A3G)13 is the template, as was observed for the (A2G3)n repeat 378. We 

observed a pattern of repeat modifications consistent with a region of single-stranded DNA 

spanning the whole length of the repeat, whereas the unmodified plasmid had basically no signal 

at all (Figure 4-1 a). These data collectively indicate that under the tested conditions (i) there is 

no repeat-mediated inhibition of DNA synthesis in vitro and (ii) the pattern observed in when 

conducting chemical probing is consistent with the whole repeat being unwound, a pattern 

consistent with the (GAAA)n repeat acting as a DNA unwinding element in supercoiled DNA 

(Figure 4-1 b). 
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Figure 4-1: Thermo Sequenase does not stall during polymerization through the (GAA)13 
repeat. 

(a) Sequencing reactions with Thermo Sequenase showing unperturbed replication through the 
(GAAA)13 repeat in either orientation. On the right, the last two lanes show the primer extension 
reactions for potassium permanganate treated and water treated plasmids, pyrimidine strand was 
used as the template. More details on the experimental procedure are provided in the Materials and 
Methods section. (b) Schematic of a DNA unwinding element, such as the one that can be formed 
by the (GAA)13 repeat. Asterisks indicate single-stranded thymines that can be modified by 
KMnO4. Created in BioRender. 
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The (GAAA)n repeat impedes replication by a B-type polymerase and can form a DNA 

triplex 

We then decided to conduct the in vitro polymerization experiments using a B-type polymerase 

instead, which are the family that the replicative eukaryotic DNA polymerases belong to. For 

these experiments, we used exonuclease-deficient Vent polymerase. In this experiment, we 

lowered the temperature to 50°C to mimic a more physiological reaction. In addition, we tested 

two different concentrations of Mg2+ (2 mM and 5 mM). We observed an orientation-dependent 

inhibition of DNA synthesis, in which there was a stall when the purine run served as a template, 

but not when the pyrimidine run did. The stall which was exacerbated in at 5 mM Mg2+ (Figure 

4-2 a). 

Since the signal accumulation occurred in the middle of the repeat tract and there is a 

dependence on the concentration of the magnesium cations, we conclude that under these 

conditions, Vent is stalled by the formation of an intramolecular triplex during DNA synthesis 

(Figure 4-2 b). 
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Figure 4-2: Vent (exo-) stalls during polymerization through the (GAA)13 repeat when the 
homopurine run is the template for synthesis. 

(a) Vent polymerase stalls in the middle of (GAAA)n repeats only when they serve as the 
template and the stalling is exacerbated by increased Mg2+ availability. More details on the 
experimental procedure are provided in the Materials and Methods section. (b) Schematic 
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representation of triplex formation during a single run of synthesis showing why the polymerase 
would stall in the middle of the repeat. Created with BioRender.com.  

 

DISCUSSION 

In this Chapter, we provide preliminary data regarding in vitro polymerization and structure 

formation for the (GAAA)n repeat, whose expansions in the first intro of the UGT2B7 gene have 

recently been associated with the etiology of ~34% of all clear cell renal cell carcinoma cases, 

being responsible for ~110,000 yearly cases of kidney cancer worldwide 379. Formation of DNA 

triplexes has been previously associated with cancers in the case of the Burkitt lymphoma 

translocation hotspot in the c-MYC gene. Several studies have shown that the triplex formed at 

the c-MYCI promoter sequence promotes the oncogenic translocation between c-MYC and an 

immunoglobulin gene, and this sequence is associated with increased mutagenesis 77,81,380,381. 

More generally, triplex-forming sequences are enriched in translocation breakpoints in several 

types of cancer 80,377, and triplex forming sequences are enriched in mutations that are recurrent 

in cancer 60. Collectively, this indicates that in many cases, triplex forming sequences associate 

with cancers. 

The case of the (GAAA)n repeat in UGT2B7 is of particular interest because in this case 

the expanded repeat itself could be the cancer-driving mutation, and it is the first ever case of a 

repeat expansion being associated with a cancer. While the rRE was not associated with overall 

decreased levels in UGT2B7 expression, Erwin et al., noted that there was a decrease in a 

specific transcript isoform, which has been previously associated with the same type of cancer 

375. Crucially, they also used a synthetic transcription factor Syn-TEF, which displayed anti-

proliferative activity specifically on cell lines with the expanded repeats. Therefore, 
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understanding the behavior and features of this expansion could be crucial to the development of  

therapeutics. Specifically, we aimed at determining whether this sequence could form non B-

DNA structures during in vitro replication. 

Since the (GAAA)n repeat is both A-rich and is a homopurine-homopyrimidine mirror 

repeat, we hypothesized that it could either form a DNA unwinding element (DUE) or a DNA 

triplex, also called H-DNA. Our experiments with the A-family polymerase Thermo Sequenase 

showed no stalling the chemical probing pattern was consistent with the repeat behaving like a 

DUE. Another sequence containing just one more adenine, the (A4G)n repeat, was shown to also 

behave like a DUE in a similar chemical probing and primer extension assay 378. On the other 

hand, the experiment with the B-family polymerase Vent (exo-) Polymerase showed a stall when 

the purine run was the template for replication, and the stalling pattern in which the polymerase 

was able to replicate just the first half of the repeat, is consistent with the formation of a triplex 

during a single cycle of replication. Therefore, we conclude that the (GAAA)n repeat is able to 

form a DNA triplex at least in vitro. 

Whether (GAAA)n repeats can form triplexes in vivo as well as the mechanisms of 

instability of this repeat remain to be determined, and it is work that will be complementary to 

the one presented in this chapter to form a complete study. 

 

MATERIALS AND METHODS 

All protocols in this Chapter were adapted from Hisey et al., 2024 378, where I contributed as an 

author conducting the experiments found in Figure 1 b. Oligonucleotides used in this Chapter are 
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listed in Table 6. The CMP50 plasmid is identical to the pJH1 plasmid described in 378, but with 

the (A3G)13 repeat replacing the (A2G3)60 repeat found in pJH1. 

Chemical Probing with Potassium Permanganate 

2 μg of supercoiled DNA from plasmid CMP50 were incubated in 10 mM Tris–HCl pH 7.5, 2 

mM MgCl2 buffer with either 6 mM KMnO4 or an equal volume of water for 2 min at 37°C. The 

reaction was quenched with 1 M β-mercaptoethanol, precipitated using 100% ethanol, washed 

with 70% ethanol, and resuspended in 5 μl water, and used as a template for primer extension as 

described in the Thermo Sequenase section using the USBio Thermo Sequenase Cycle 

Sequencing Kit (Cat# 78500) with the following modifications: the DNA was pre-annealed with 

0.25 pmol primer JH271. The final volume of the labeling reaction was 8.75 μl with the same 

ratios as described in the manufacturer's instructions, and dNTPs were added to a final 

concentration of 75 μM for each dNTP for the primer extension step. 

DNA Polymerization Experiment with Thermo Sequenase 

The double-stranded plasmid CMP50 was used as a template. Primers JH271 and JH272 were 

used to polymerize through the repeats with either the pyrimidine or purine repeat in the template 

strand, respectively. Reactions using Thermo Sequenase were carried out as described in 378: The 

USBio Thermo Sequenase Cycle Sequencing Kit (Cat# 78500) was used according to the 

manufacturer's 3′-dNTP internal label cycling sequencing instructions with the following 

modifications. Instead of conducting multiple rounds of labeling and extending, we conducted 

only one round of extension. 5 ug of the plasmid were mixed with 0.5 pmol of either JH271 or 

JH272 primer and water was added to a total volume of 11 μl water, annealed at 95°C for 2 min 

and immediately submerged in an ice-water bath. The labeling components were then added and 
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the primer extension product was labeled at 60°C for 30’’ with 0.625 µM [α-32P]dATP. We then 

aliquoted the reaction into four pre-aliquoted termination mixes, and termination was carried out 

at 72°C for 5 min. 4 μl of stop solution were added to each reaction, mixed, and incubated at 

95°C for 5 min and immediately submerged into an ice-water bath. Each sequencing termination 

reaction contained 80 μM dNTPs and 0.8 μM of the designated ddNTP. 8 μl of each reaction was 

loaded onto a 6% polyacrylamide gel with 7.5 M urea prepared according to manufacturer's 

instructions (National Diagnostics SEQUAGEL SEQUENCING SYSTEM 2.2 #EC-833). The 

gel was run at 1800 V for ~ 2.5 hours, dried, exposed and imaged using an Amersham Typhoon 

PhosphorImager. 

DNA Polymerization Experiment with Vent (exo-) Polymerase 

Vent (exo-) DNA polymerase (New England Biolabs # M0257S) was used according to primer 

extension experiments described in 382 with the following modifications. 0.5 pmol of primer and 

5 μg (1.06 pmol) of DNA were pre-annealed as described above in Thermo Sequenase reactions, 

labeling was carried out at 60°C for 30 s, termination was carried out at 50°C for 5 min. Steps 

after termination were identical to those with Thermo Sequenase. Exact ddNTP and dNTP 

concentrations varied based on the exact nucleotide to yield optimal sequencing reaction 

resolution, but ddNTP concentrations ranged from 400 to 900 μM and dNTP concentrations 

ranged from 30 to 100 μM, as described in 378. 

 

Table 6: List of primers used in Chapter 4. 

Number Name Sequence 

JH271 JH271_C_template_dATP_lab AGCGCTATATGCGTTGATGC 
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JH272 JH272_G_template_dATP_lab GCTTAAAAAGATTCTCTTTTTTTATGATATTTGTACA

T 

ACKNOWLEDGMENTS 

We would like to thank Dr. Julia Hisey for the collaboration on this project and teaching me how 

to perform DNA sequencing gels and chemical probing. 

CRediT AUTHOR STATEMENT 

Conceptualization and experimental design: C.M. and S.M.M. Data accumulation: C.M. Writing: 

C.M. 

  



 

120 
 

CHAPTER 5 OVERALL CONCLUSIONS AND FUTURE DIRECTIONS 

 

One of the most interesting results of our study on the role of Mcm10 in preventing homopurine-

homopyrimidine repeat instability in Chapter 2 is that while Mcm10 deficiency affects both 

contractions and expansions of the repeats, the mechanisms appear to be fundamentally different, 

as we have determined by performing genetic controls and we discuss more in detail here. 

In the case of (GAA)n contractions in mcm10-1, our data suggests that they occur due to 

increased ssDNA accumulation at the fork during lagging-strand synthesis, which promotes 

formation of slipped strand structures (including but not limited to DNA triplex formation), 

which lead to contractions during synthesis (Figure 5-1). Our genetic data is consistent with this 

model: both the mcm2-G400D mutation and RPA overexpression, which counteract the 

accumulation of excessive uncoated ssDNA, rescue contractions in mcm10-1.  

 

Figure 5-1: Overall model of repeat contractions in the mcm10-1 context. 
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Further, we also show that in the mcm10-1 rev1D double mutant, we observe a further 

increase in instability, as was previously observed in the wild-type context64. This is due to the 

fact that Rev1 is able to insert a G opposite to a C or lesion in the template strand, and our 

lagging strand template is the (GAA)n run383, and therefore promotes lagging-strand synthesis 

through the repeats. Overall, we would like to emphasize that in the mcm10-1 mutant, 

contractions happen through the same mechanism they do in the wild-type context64, but since 

the basal levels of ssDNA at the replication fork is highly elevated, so are the contraction rates. 

The overall increase in repeat instability in the mcm10-1 mutant was accompanied by a 

repeat-length dependent decrease in viability at the semi-permissive temperatures. Interestingly, 

this held true both in the case of long GAA repeats as well as GAGAAGAAA repeats of the 

same length, which cannot form a strong DNA triplex. In both cases, the viability defect was 

rescued by overexpression of the ssDNA-binding protein RPA. Therefore, we conclude that 

exposure of long ssDNA gaps containing repetitive sequences is especially problematic for cell 

survival in the Mcm10-deficient context. Why is that the case? The global increase in ssDNA 

exposure in the mcm10-1 mutant can cause depletion of RPA at the ssDNA repeat sequence. In 

addition, this effect is exacerbated by the fact that RPA has a 10-fold lower affinity for poly-

purine tracts than poly-pyrimidine tracts384. In our case, the GAA poly-purine tract is the 

lagging-strand template. RPA overexpression can therefore attenuate the excessive ssDNA 

exposure on the lagging-strand template to counteract repeat contractions. In the case of 

viability, we believe that RPA coating prevents excessive conversion of both leading and lagging 

strand gaps into DSBs and promotes checkpoint activation and repair synthesis, thereby ensuring 

cell survival. 
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The mechanism of expansions in the mcm10-1 mutant appears to be quite different. We 

conclude that they occur during post-replicative filling of ssDNA gaps generated during DNA 

replication. Those expansions are rescued by the mcm2-G400D mutation, which prevents the 

formation of the ssDNA gaps in the first place, but they are not rescued by RPA overexpression, 

indicating that ssDNA-coating is not sufficient to prevent the expansion events. We propose two 

slightly different models for how the expansions happen in the context of RPA depletion at the 

repeat, versus in the context of efficient coating by RPA (Figure 5-2). Replication gaps in 

mcm10-1 have indeed been reported before292, and in human cells, Mcm10 suppresses 

PRIMPOL mediated gap accumulation315. ssDNA gaps left behind the replication fork lead to the 

checkpoint activation, and we indeed observe Rad9-dependent checkpoint activation during late 

Figure 5-2: Models for processing of leading strand gaps in the mcm10-1 mutants leading to 
repeat expansions and ensuring cell viability in the context of low (A) vs. high (B) RPA levels. 
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S-phase, which promotes repeat expansions. On the other hand, the Mrc1 checkpoint function is 

not required for this process. This is consistent with persistence of the replication stress response 

at ssDNA gaps299,302. As was observed by García-Rodríguez et al., Exo1 processing of daughter-

strand gaps can further exacerbate this effect, as we observed a mild rescue in growth in the 

mcm10-1 exo1D context.  

Ultimately, DNA synthesis through the repeat (and other gaps at essential locations) 

needs to be performed to maintain genome integrity. We, thus, set out to determine which post-

replicative pathway could be responsible for this synthesis. Elevated expansions in the mcm10-1 

mutant did not involve Rev3 – a subunit of DNA polymerase ζ needed for translesion synthesis 

(TLS), nor Rad5 – a ubiquitin ligase needed for template switching and TLS. On the other hand, 

our data indicated that Pol d is responsible for the elevated expansions in mcm10-1, as reducing 

its fidelity partially rescued them. Furthermore, both fidelity and processivity of Pol d were 

crucial to maintain the viability of mcm10-1 strains. There is evidence that Pol d can perform 

gap-filling in a manner distinct and complementary from its role in the DNA polymerase ζ, and 

our Pol3 phenotype supports this hypothesis, given the fact this subunit is unique to Pol d. We 

propose that during post-replicative synthesis by Pol d, there is an increase in polymerase 

slippage, as the polymerase is not stabilized by the accessory subunits of the replisome, leading 

to repeat expansions. We believe that this gap-filling occurs post-replication, either during late S-

phase or during G2/M. Note that our proposed mechanism and genetics is generally consistent 

with a break-induced replication (BIR) mechanism, which was previously discussed by us for 

CAG repeats 385, but the elevated expansions in the mcm10-1 mutant were not dependent on 

Rad52386. Nevertheless, BIR might still be a general contributor to ensuring genome integrity in 
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the mcm10-1 mutant, as Rad52 (but not Rad51) deletion did have a large synthetic effect on 

viability with the mcm10-1 mutation.  

Our observations in Chapter 3 indicate that nucleotide pool imbalances, especially overall 

increase and decrease in dNTPs, can contribute to an increase in repeat instability. When dNTP 

pool decreases resulting from HU treatment or Rnr1 mutations, slower dNTP incorporation 

might lead to an increase in ssDNA gaps, including at the repeat, similarly to what we observed 

in the mcm10-1 mutation. Thus, it would be interesting to test whether RPA overexpression in 

this context would attenuate the effect on contractions and expansions, and whether combining 

dNTP depletion with the mcm10-1 mutation causes an exacerbation of the observed effects in the 

mcm10-1 context. On the other hand, an increase in dNTP pool could lead to an overall increase 

in error-prone DNA synthesis, which we hypothesize could synergize with the mcm10-1 

mutation in the context of repeat expansions. 

For future directions, it will be extremely interesting to 1) determine whether Mcm10 

mutations gave the same effects on other homopurine-homopyrimidine repeats, such as the 

CANVAS-associated (A2G3)n repeat378, and 2) investigate whether Mcm10 functioning is 

important to maintain other types of structure-forming tandem repeats, such as AT repeats, 

which can form cruciforms387, CAG repeats, which can form hairpin-like structures388, and G-

quadruplex forming repeats. On the flip side, Mcm10 overexpression was shown to increase the 

instability of a poly-GT tract316, making it foreseeable that the same could be true for other 

tandem repeats. Given that Mcm10 amplification is a prevalent feature of many cancers, such as 

bladder and ovarian cancer, future studies are needed to establish whether Mcm10 

overexpression leads to tandem repeat instability in cancers. Supporting this idea, high Mcm10 

levels have been correlated with microsatellite instability in seven tumor types389. These efforts 
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will be particularly important in cases in which the cancer type itself is associated with repeat 

expansions, such as in the case of the A3G repeat we studied in Chapter 4. 
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CHAPTER 6 APPENDIX 

 

Figure 6-1: Spot tests at the permissive (23°C) and semi-permissive (27°C) temperatures 
for the genotypes tested in Figure 2-10.  

Assay conducted as described in the referenced Figure. 

 



 

127 
 

 
Figure 6-2: Colony forming unit viability assay for additional mcm10-1 double mutants.  

Conducted as described in Figure 2-9. 
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Figure 6-3: Flow Cytometry of DNA content for WT and mcm10-1 at 23°C versus 30°C.  

Experiment and analysis conducted as described for Figure 2-12 f. 
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Table 7: Raw expansion rates for data presented in Chapter 2 and Chapter 3. 

Chapter 2 
Strain Number Genotype rate lower CI upper CI Temp/Treatment 
CM71 WT 5.35E-06 2.85E-06 8.38E-06 23°C 
CM72, CM73 mcm10-1 3.13E-05 2.07E-05 4.36E-05 23°C 
CM71 WT 1.30E-05 7.99E-06 1.89E-05 27°C 
CM72, CM73 mcm10-1 4.28E-04 2.82E-04 5.94E-04 27°C 
CM85, CM86 mcm2-G400D 5.20E-06 2.76E-06 8.18E-06 27°C 
CM88, CM89 mcm10-1 mcm2-G400D 2.62E-05 1.68E-05 3.71E-05 27°C 
CM388, CM389 mcm10-1 RPA OE 5.87E-04 3.39E-04 8.82E-04 27°C 
CM71 WT 2.93E-05 1.69E-05 4.41E-05 30°C, DMSO 
CM71 WT 9.83E-05 5.75E-05 1.47E-04 30°C, 100 mM HU 
CM71 WT 2.93E-05 1.69E-05 4.41E-05 30°C 
CM227, CM229 ctf4Δ 4.37E-05 2.77E-05 6.23E-05 30°C 
CM137, CM138 rfc1-1 5.01E-05 3.04E-05 7.33E-05 30°C 
CM137, CM138 rfc1-1 1.24E-04 8.33E-05 1.70E-04 27°C 
CM218, CM219 mcm10-1 rad5Δ 1.19E-03 6.53E-04 1.84E-03 27°C 
CM348, CM349 mcm10-1 rad51Δ 2.28E-04 1.30E-04 3.44E-04 27°C 
CM363, CM365 mcm10-1 rad52Δ 8.09E-04 4.64E-04 1.22E-03 27°C 
CM445, CM447 mcm10-1 rev3Δ 2.97E-04 1.81E-04 4.34E-04 27°C 
CM358, CM359 mcm10-1 exo1Δ 4.16E-04 2.51E-04 6.10E-04 27°C 
CM200, CM201 mcm10-1 rad53-K227A 1.46E-04 8.79E-05 2.14E-04 27°C 
CM415, CM416 mcm10-1 rad9Δ 5.73E-05 3.18E-05 8.80E-05 27°C 
CM438, CM440 mcm10-1 mrc1Δ 2.77E-05 1.22E-05 4.75E-05 27°C 
CM466, CM467 WT + pRS415 plasmid 2.69E-05 1.60E-05 3.98E-05 27°C 
CM468, CM469 mcm10-1 + pRS415 1.24E-03 7.40E-04 1.84E-03 27°C 
CM479, CM480, 
CM481 

mcm10-1 mrc1Δ + 
pRS415 

5.91E-05 3.38E-05 8.92E-05 27°C 

CM462, CM464 mcm10-1 + pAO139 
(mrc1AQ) 

7.76E-04 4.65E-04 1.14E-03 27°C 

CM85, CM86 mcm2-G400D 7.51E-06 3.97E-06 1.18E-05 23°C 
CM88, CM89 mcm10-1 mcm2-G400D 3.79E-05 2.47E-05 5.32E-05 23°C 
CM240, CM241 mcm10-G261D 5.07E-05 3.33E-05 7.06E-05 30°C 
Chapter 3 
Strain Number Genotype rate lower CI upper CI Temp/Treatment 
CM36, CM37 GAA100 7.35E-06 2.85E-06 3.34E-06 30°C 
CM157, CM159 GAA100 rnr1A245V 7.20E-05 4.93E-05 9.78E-05 30°C 
CM71 GAA100 2.93E-05 1.69E-05 4.41E-05 30°C 
CM115, CM116, 
CM117 

GAA100 rnr1Y285C 3.47E-05 3.05E-05 3.91E-05 30°C 
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CM160, CM161 GAA100 rnr1F15S 1.04E-04 7.12E-05 1.41E-04 30°C 
CM71 GAA100 WT 2.93E-05 1.69E-05 4.41E-05 30°C, DMSO 
CM71 GAA100 WT 9.83E-05 5.75E-05 1.47E-04 30°C, 100 mM HU 

 

 

Table 8: Raw contraction rates for data presented in Chapter 2 and Chapter 3. 

Chapter 2 
Strain Number Genotype rate lower CI upper CI Temp/Treatment 
CM77 WT 7.85E-05 4.92E-05 1.12E-04 23°C 
CM25, CM26 mcm10-1 1.15E-04 7.89E-05 1.57E-04 23°C 
CM77 WT 8.43E-05 5.74E-05 1.15E-04 27°C 
CM25, CM26 mcm10-1 8.62E-04 6.97E-04 1.04E-03 27°C 
CM59, CM60 mcm2-G400D 6.65E-05 4.09E-05 9.66E-05 27°C 
CM69, CM70 mcm10-1 mcm2-G400D 2.25E-04 1.62E-04 2.96E-04 27°C 
CM299, CM300 mcm10-1 RPA OE 1.84E-04 1.24E-04 2.52E-04 27°C 
CM77 WT 1.70E-04 1.18E-04 2.28E-04 30°C, DMSO 
CM77 WT 1.42E-03 1.10E-03 1.76E-03 30°C, 100 mM HU 
CM77 WT 1.70E-04 1.18E-04 2.28E-04 30°C 
SMYU170, CM148  ctf4Δ 8.30E-04 5.33E-04 1.17E-03 30°C 
CM143, CM144 rfc1-1 2.52E-03 2.04E-03 3.04E-03 30°C 
CM143, CM144 rfc1-1 2.79E-03 2.31E-03 3.31E-03 27°C 
CM195, CM197 mcm10-1 rad53-K227A 8.90E-04 6.25E-04 1.19E-03 27°C 
CM59, CM60 mcm2-G400D 3.73E-05 2.04E-05 5.79E-05 23°C 
CM67, CM68 mcm10-1 mcm2-G400D 9.17E-05 5.66E-05 1.33E-04 23°C 
SMYUD24, 
SMYUD25 

WT 1.03E-05 5.87E-06 1.55E-05 27°C 

CM281, CM282 mcm10-1 1.16E-04 9.48E-05 1.39E-04 27°C 
CM296, CM297 mcm10-1 RPA OE 3.06E-05 2.18E-05 4.05E-05 27°C 
CM163, CM164 mcm10-G261D 1.35E-04 1.02E-04 1.70E-04 30°C 
Chapter 3 
Strain Number Genotype rate lower CI upper CI Temp/Treatment 
SMYUI2, SMYUI4 GAA124 inverted 2.62E-04 1.85E-04 3.48E-04 30°C, DMSO 
SMYUI2, SMYUI4 GAA124 inverted 2.80E-03 2.13E-03 3.53E-03 30°C, 100 mM HU 
SMYU GAA124 1.70E-04 1.18E-04 2.28E-04 30°C, DMSO 
SMYU GAA124 1.42E-03 1.10E-03 1.76E-03 30°C, 100 mM HU 
CM38, CM39 SMYU sic1::HygB 4.03E-04 3.23E-04 4.89E-04 30°C 
SMYP1 GAA124 with WT ade 1.09E-04 7.02E-05 1.53E-04 30°C 
CM43, CM45 SMYP1 rnr1A245V 9.63E-05 6.28E-05 1.35E-04 30°C 
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CM52, CM53 SMYP1 rnr1F15S 2.18E-04 1.61E-04 2.81E-04 30°C 

 

 

Table 9: Raw fragility rates for data presented in Figure 2-13. 

Chapter 2 
Strain Number Genotype rate lower CI upper CI Temp/Treatment 
JAH293, 
KAH294 

no rpt WT 4.61E-08 2.58E-08 7.04E-08 27°C 

CM377, CM378 no rpt mcm10-1 6.1767E-07 5.0319E-07 7.4061E-07 27°C 
CM351, CM353 GAA100 WT 1.77E-07 1.24E-07 2.35E-07 27°C 
CM366, CM368 GAA100 mcm10-1 2.68E-06 2.19E-06 3.22E-06 27°C 
CM390, CM393 GAA100 RPA OE 2.97E-07 1.93E-07 4.16E-07 27°C 
CM391, CM391 GAA100 mcm10-1 RPA OE 1.76E-06 1.47E-06 2.07E-06 27°C 
CM418, CM420 GAA100 mcm2-G400D 1.89E-07 1.32E-07 2.53E-07 27°C 
CM422, CM423 GAA100 mcm10-1 

mcm2G400D 
1.79E-07 1.33E-07 2.30E-07 27°C 
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