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ABSTRACT
The heart is an organ of vital importance and great fragility. In humans,
damage to the heart leads to scarring, dysfunction, and heart failure. In contrast,
amphibian hearts have heightened reparative abilities, and an understanding of
how they accomplish this feat can lead to a greater knowledge of improving
human heart health. We have developed a novel optogenetic model of heart
disease in the Xenopus laevis tadpole, taking advantage of the unique ability of a
genetically encoded photosensitizer, the KillerRed protein, to generate reactive
oxygen species upon activation with green light. We show that KillerRed can be
used to ablate tissues and developing organs in the X. laevis tadpole, and that
when this method of damage is applied to the heart, it induces a phenotype
mimicking

cardiac

stress

in

mammals.

We

demonstrate

that

partial

dedifferentiation and proliferation of cardiomyocytes, mechanisms normally
associated with cardiac regeneration, are activated in the X. laevis heart (a
nonregenerative system) following KillerRed-induced damage, and that these
mechanisms are regulated by different pathways than they are in organisms with
fully regenerative hearts. Finally, we characterize the effects of alternate methods
of activating KillerRed in the heart and show that activation by different light
sources induces drastically different phenotypes. The data we present here show
the unique nature of the Xenopus laevis cardiac response to oxidative stress,
distinct from either mammals or organisms capable of full cardiac regeneration,
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and highlight this model system’s importance in demonstrating an intermediate
level of reparative and regenerative potential.
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CHAPTER ONE
Introduction
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Why study heart repair?
Heart disease is the leading cause of death in the United States (E. J.
Benjamin et al., 2018). The devastating impact that cardiac injury and stress have
on public health and mortality is in large part because the human heart, like the
hearts of other adult mammals, is particularly poor at repair. Injury to the heart,
both acute (as from infarction) or chronic (as from hypertension, atherosclerosis,
or even aging), leads to scarring, cardiac hypertrophy, apoptosis, necrosis, and
eventually heart failure and death (Porrello et al., 2013; Boyle et al., 2011;
Whelan et al., 2010; Konstantinidis et al., 2012; Santini et al., 2007; Azevedo et
al., 2005). There are many sources of damage that can lead to such a state, but one
of the most prevalent in human hearts is oxidative stress caused by reactive
oxygen species (ROS), a damaging class of free radicals produced naturally as a
byproduct of cellular metabolism. In low levels, ROS can be harmless or even
beneficial as signaling molecules (Thannickal and Fanburg, 2000; Schieber and
Chandel, 2014), but during cardiovascular disease the normal methods by which
ROS levels are controlled become deregulated. Common conditions and diseases
like hypertension, atherosclerosis, and ischemia/reperfusion can cause this
deregulation, leading to a buildup of pathological levels of ROS in the heart, and
inducing a host of detrimental effects on the heart muscle (Takimoto and Kass,
2007; Giordano, 2005). An understanding of how to prevent and repair the worst
effects of oxidative stress is therefore vital to advancing the cause of human
health.
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KillerRed as a model for heart damage
To study the effects of ROS-induced heart disease in an organism, we
have taken advantage of the unique properties of the fluorescent protein
KillerRed. KillerRed is an artificial Green Fluorescent Protein (GFP) analogue
with an excitation maximum of 585 nm (green light) and an emission maximum
of 610 nm (red light) (Bulina et al., 2005; Pletnev et al., 2009). It is composed of
two homodimers, each consisting of a β-barrel structure with a fluorophore at the
center (Carpentier et al., 2009). A water-filled channel reaching from one end of
the β-barrel to the fluorophore is what gives KillerRed its most striking property:
upon photoexcitation, KillerRed’s fluorophore initiates an electron transfer
reaction with dissolved oxygen in the cellular medium, releasing a burst of ROS
that primarily consists of superoxide radicals (Carpentier et al., 2009; Pletnev et
al., 2009; Vegh et al., 2011). This light specificity, along with the fact KillerRed
can be genetically encoded, allows both its expression and activation to be highly
regulated, giving a great deal of spatial and temporal control over KillerRedinduced ROS production. KillerRed has been used in a variety of organisms for an
equally great variety of purposes, including triggering cell death (Bulina et al.,
2005; Teh et al., 2010), light inactivation of proteins (Bulina et al., 2006;
Baumgart et al., 2012), cell cycle control (E. Serebrovskaya et al., 2011), causing
double stranded breaks in DNA (Waldeck et al., 2011), phototherapy of tumors
(Shirmanova et al., 2012), and, notably, inducing oxidative stress in the zebrafish
brain and heart (Lee et al., 2010; Teh et al., 2010). The production of superoxide
radicals makes KillerRed particularly suitable for use as a model for cardiac
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oxidative stress, as this type of ROS is a prominent component of the pathology
of many types of heart disease, including reperfusion injury, infarction, and
coronary heart disease (Fattman et al., 2003). In this dissertation, we demonstrate
the use of KillerRed for the first time as a means of inducing oxidative stress in an
amphibian heart, characterizing the endogenous cardiac response to injury and
exploring its implications on cardiac health and repair.

Scope of dissertation
This dissertation establishes KillerRed as a novel model for tissue damage
in multiple tissues and organs of the embryonic amphibian Xenopus laevis, with
particular focus on its use in modeling the effects of oxidative stress on the
vertebrate heart. I also investigate repair strategies to combat the most detrimental
effects of oxidative stress, both those endogenous to the Xenopus heart and those
that can be externally applied. In the following chapters, I explain the current state
of research into cardiac regeneration in fish and amphibians (Chapter Two),
establish KillerRed as a tool for tissue ablation in Xenopus laevis (Chapter Three),
demonstrate that X. laevis utilizes pathways found in cardiac regeneration when
repairing KillerRed-induced damage (Chapter Four), characterize alternate
methods of KillerRed activation and their effects on the heart (Chapter Five), and
present preliminary data suggesting a means of preventing the negative effects of
oxidative stress by manipulation of bioelectric signaling cues (Appendix I).

Summary of chapters
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Chapter Two is a literature review summarizing the current state of
research on cardiac regeneration and repair in fish and amphibians. We first
provide a general overview of the cardiac regeneration process across numerous
fish and amphibian models, using a variety of damage methods. We discuss the
advantages and disadvantages of each damage model, and which models are
applicable to the various forms of heart disease found in humans. We then discuss
in detail the processes and pathways activated in response to cardiac damage, and
how they each contribute to regenerating a functional heart. Finally, we conclude
with a discussion of non-regenerative repair, focusing on adaptations and
responses to cellular and physiological stress that do not meet the threshold for
activating a full regenerative response. This work was previously published in
Journal of Developmental Biology (Jewhurst and McLaughlin, 2015).
Chapter Three establishes KillerRed as a novel tool for tissue ablation in
Xenopus laevis, with a focus on its use in regeneration studies. We demonstrate
that light activation of KillerRed expressed in the embryonic eye and kidney
results in an increase in caspase-3-mediated apoptosis followed by extensive
ablation of those organs, as measured by gross morphology and molecular
markers. We also establish that KillerRed expression without light exposure
results in a lesser degree of cellular and tissue damage, with an intermediate level
of apoptosis and tissue ablation from that seen in light-exposed embryos. This
work was previously published in Journal of Cell Death (Jewhurst et al., 2014).
Chapter Four demonstrates the use of KillerRed as a model of oxidative
stress in the Xenopus laevis tadpole heart, characterizing the effects of damage on
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the heart and determining the endogenous repair strategies of the developing
heart. We show that the X. laevis cardiac response to oxidative stress shares
elements of the mammalian (nonregenerative) and urodele/fish (regenerative)
response to cardiac injury, while also exhibiting mechanisms and pathways
distinct from each of those model systems. We show that the injury response
consists of two phases, the earlier dominated by indicators of stress and the latter
by markers of repair and regeneration. Overall, we establish X. laevis cardiac
repair as occupying an intermediate place in the spectrum of cardiac regenerative
potential. This work was submitted to BMC Developmental Biology and is under
revision (August 2018).
Chapter Five characterizes alternate methods of KillerRed activation and
their effects on the X. laevis heart. We show that different levels of light
activation – ambient lighting, low intensity LED light, and high intensity metal
halide light – produce unique responses from the KillerRed-expressing Xenopus
heart. Even minimal ambient lighting during development induces cell death,
changes in membrane voltage, and changes in gross cardiac morphology and leftright patterning. Conversely, a short exposure to high-intensity light produces no
response from stress genes, in stark contrast to the significant stress response seen
after long-term low-intensity light activation.
Appendix I shows preliminary data suggesting that inhibiting function of
the ion channel HCN4 is sufficient to prevent KillerRed-induced hypertrophy. We
also investigate the regulation of endogenous HCN4 and the effects of HCN4
expression on cardiac development in conjunction with KillerRed.
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Abstract
The epidemic of heart disease, the leading cause of death worldwide, is
made worse by the fact that the adult mammalian heart is especially poor at
repair. Damage to the mammal heart – such as that caused by myocardial
infarction – leads to scarring, resulting in cardiac dysfunction and heart failure. In
contrast, the hearts of fish and urodele amphibians are capable of complete
regeneration of cardiac tissue from multiple types of damage, with full restoration
of functionality. In the last decades, research has revealed a wealth of information
on how these animals are able to perform this remarkable feat, and nonmammalian models of heart repair have become a burgeoning new source of data
on the morphological, cellular, and molecular processes necessary to heal cardiac
damage. In this review we present the major findings from recent research on the
underlying mechanisms of fish and amphibian heart regeneration. We also discuss
the tools and techniques that have been developed to answer these important
questions.

Introduction
The human heart is an organ of both vital importance and startling
fragility. Heart disease is the leading cause of death worldwide, responsible for
one in every four deaths (Lozano et al., 2013). In the United States this figure is
even higher, with one-third of all deaths attributable to heart disease. In addition,
8 million Americans have suffered a myocardial infarction at some point in their
lives, and one third of adult Americans are afflicted with hypertension, which can
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have detrimental effects on heart physiology and function (Mozaffarian et al.,
2015). In short, heart disease is an epidemic unlike any other. Thus, a greater
understanding of the causes of heart disease, and treatment for its most damaging
effects, are of the greatest necessity.
The major difficulty in developing treatments for cardiac tissue damage is
that the adult mammalian heart is particularly poor at repairing post-injury.
Infarction or physical damage to mammal hearts often results in permanent
scarring, leading to cardiac remodeling and heart dysfunction, and ultimately
contributing to progressive heart failure (Azevedo et al., 2005). Research into
mammalian heart repair has generally followed two strategies – stem cell/cardiac
progenitor-based therapies, and endogenous pathways of repair (Garbern and Lee,
2013). Once thought to be distinct processes, these two approaches may in fact be
more related than previously believed. Some studies indicate that stem cell-based
strategies work by acting indirectly on existing heart cells and stimulating
endogenous repair processes, rather than any direct contribution to restoring tissue
by the stem cells themselves (Garbern and Lee, 2013; Engel, 2005). An
understanding of the inherent repair capabilities of the heart, therefore, seems to
be the most comprehensive approach towards developing novel methods of
treatment.
For decades, the mammalian heart was believed to be a post-mitotic organ,
and therefore incapable of healing itself after damage. However, more recent
research has shown that low levels of mitosis occur in mature cardiomyocytes,
and new myocytes are routinely generated from pre-existing ones as part of the
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heart’s natural maintenance of homeostasis (Senyo et al., 2013). Increased
proliferation of myocytes adjacent to myocardial infarcts has also been seen in
human patients, though this process is not sufficient to fully repair damage
(Beltrami et al., 2001). Cardiac regeneration – that is, restoration of muscle with
limited to no scarring – has even been observed in neonatal mice under a wide
variety of damage models (Xin et al., 2013; Mahmoud et al., 2013; Porrello et al.,
2013; Porrello et al., 2011; Haubner et al., 2012), though the extent of
regeneration these animals are capable of has been disputed (Andersen et al.,
2014). Research into the inherent reparative and regenerative capacity of
mammalian hearts thus shows promise for developing strategies to combat and
repair heart damage in humans. However, since mammal embryos are difficult to
manipulate and closely observe during repair, and adult mammal hearts are
incapable of regenerating, the potential of mammalian models remains limited for
understanding how heart tissue can be regenerated.
In recent years, therefore, the scientific community has begun to take a
greater interest in non-mammalian hearts as a model for heart repair. In particular,
the so-called “lower vertebrates,” amphibians and fish, have proven themselves to
be highly tractable model systems in this field of study. The fact that these
animals can regenerate cardiac tissue has been known for some time; forty years
ago, Oberpriller and Oberpriller discovered that damage to the hearts of adult
newts caused cardiomyocytes near the wound site to proliferate, a sign of
regenerative capacity (Oberpriller and Oberpriller, 1974). That same year, Becker
and colleagues showed that the salamander heart could fully restore itself after
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injury, both functionally and histologically (Becker et al., 1974). In the following
decades, further research was conducted on heart regeneration in urodele
amphibians, most commonly the newt Notophthalmus viridescens (McDonnell
and Oberpriller, 1983; McDonnell and Oberpriller, 1984; Oberpriller et al., 1995),
but also the axolotl Amblystoma mexicanum (Cano-Martínez et al., 2010; Flink,
2002) and the salamander Triturus viridescens (Becker et al., 1974). Many of the
gross morphological and cellular events of cardiac regeneration were first
characterized in amphibian systems, and they remain important as models for
studying regenerative processes.
It was not until 2002 that a species outside of amphibians was found to be
capable of cardiac regeneration in adult organisms – the zebrafish, Danio rerio.
Poss and colleagues demonstrated that zebrafish hearts are capable of fully
regenerating missing cardiac tissue, with no sign of scarring and full restoration of
functionality, within 60 days after injury (Poss et al., 2002). Since that discovery,
D. rerio has become, by far, the most utilized and well-characterized model
organism for studying heart regeneration. With a wealth of molecular tools and
genomic data available for the species, profiling gene expression, creating
transgenic organisms, and mutagenesis are made significantly easier than in less
well-characterized model systems (Poss et al., 2002). The morphological and
cellular processes during zebrafish heart regeneration show a great deal of
conservation with those same processes in amphibians, but the tools available to
study zebrafish have made it possible to delve even further into the underlying
molecular pathways. While zebrafish have been the primary model for cardiac
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regeneration, other species of teleost fish are capable of it as well, allowing for
opportunities to study the evolutionary conservation of regenerative processes.
Fish species in which heart regeneration has been studied include Danio
aequippinatus, a close relative to the zebrafish (Lafontant et al., 2012), the
goldfish Carassius auratus, a more distant relative of the Danio genus (Grivas et
al., 2014), and Polypterus senegalus, a member of the most basally branching
group of ray-finned fishes (Kikuchi, Holdway et al., 2011). However, the
regenerative response is not present in all teleosts; at least one species, the
medaka Oryzias latipes, scars instead of regenerating after cardiac trauma (Ito et
al., 2014).
In the past decade, therefore, the field of cardiac regeneration has
expanded rapidly. A wealth of research has been conducted in both amphibian
and fish model systems, across numerous species, into how these animals are
capable of restoring damaged or missing heart tissue. In this review, we discuss
the major findings on heart regeneration in non-mammalian species, as well as the
tools that have been developed to study this process.

Techniques for studying heart regeneration and repair
Mechanical manipulation
As our knowledge of the processes of cardiac regeneration has advanced,
so too have the tools we use to study it. The first developed, and by far most
common, method of damaging hearts to study their repair is injury via mechanical
manipulation. This broad category of techniques includes amputation of the
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ventricular apex (Poss et al., 2002), resection of the ventricular myocardium
(away from the apex) (Witman et al., 2011), resection of the atrium (McDonnell
and Oberpriller, 1984), and mechanical squeezing or crushing (Laube et al.,
2006).
Ventricular apical amputation is one of the most widely-used methods in
injuring hearts, likely due to its highly visible phenotype and relatively easy
access to the ventricular apex. The body of the animal and the pericardium are
opened up to expose the heart. A pair of scissors is used to cut off the apex; in
fish, approximately 20-30% of the ventricle is removed (Poss et al., 2002; Raya et
al., 2003), while in amphibians 10-15% is standard (Oberpriller and Oberpriller,
1974; Flink, 2002). In fish, the wound clots in less than a minute, and the animal
is left to heal the incision in its abdomen (Poss et al., 2002). In amphibians,
sutures are required in the abdominal wall, and the animal is left at cold
temperatures overnight to recover (Flink, 2002; Oberpriller and Oberpriller,
1974). In all species, the survival rate of this procedure is 80-90%, but amputating
an excessive amount of the ventricle can greatly reduce this number (Poss et al.,
2002). Other variants of mechanical damage follow a similar procedure, with the
major differences being where on the heart the incision takes place, or with what
tools the damage is induced. These alternate methods may be used to target a
different region of the heart, such as atrial resection (McDonnell and Oberpriller,
1984), or to improve reproducibility and survivability, such as (non-apical)
ventricular resection (Witman et al., 2011). Because surgery through the
abdominal wall may have its own effects on the repair response, sham-operated
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controls – consisting of an incision to access the heart, but no damage to the heart
itself – are always necessary with this technique.
Although mechanical damage does not replicate any human heart disease
in particular, it may be most applicable to the study of infarcts, where large
regions of myocardial tissue undergo necrosis. However, the similarities are
limited. In an infarct in the human heart, cellular debris remains at the wound site
post-injury, and it must be removed before repair can begin; in a resected heart,
no tissue is left behind, leaving one less step to be required before repair can take
place (González-Rosa and Mercader, 2012). Differences like these make it
difficult to directly apply results from resection experiments into a human heart
disease context. To this end, other damage models that better recapitulate certain
aspects of heart disease have also been developed.

Cryoinjury
The cryoinjury model was developed to better mimic natural conditions of
heart disease, specifically those found after myocardial infarction (MI). Unlike
resection, which involves wholesale removal of tissue from the heart, cryoinjury
induces tissue damage in situ, much like what would occur from ischemia during
MI. Following cryoinjury, 25% of the ventricle undergoes necrosis or apoptosis,
on a similar scale to MI-induced ischemia, after which fibrosis occurs much as it
does in the mammalian heart. Unlike in mammalian heart damage, however,
regeneration follows, with the fibrotic tissue eventually replaced by functional
myocardium (González-Rosa and Mercader, 2012). Originally developed for
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mammalian studies, the cryoinjury model has been used for decades in studying
repair of infarct-like wounding in mice and rats (Murry et al., 1996; Ciulla et al.,
2004; van den Bos et al., 2005). Since its adaptation for fish, cryoinjury has been
extensively used in zebrafish models to study cardiac regeneration (GonzálezRosa and Mercader, 2012; González-Rosa et al., 2011; Chablais and Jazwinska,
2012; Schnabel et al., 2011; Chablais et al., 2011; Chablais and Jaźwińska, 2012).
Cryoinjury results from application of extreme cold to living tissue. The
change in temperature disrupts proteins and forms ice crystals that damage the
plasma membrane, resulting in apoptosis and necrosis. Cryoinjury is commonly
performed with a copper or stainless steel filament (< 1 mm diameter) cooled by
liquid nitrogen, known as the cryoprobe (González-Rosa and Mercader, 2012;
Chablais and Jazwinska, 2012). An alternate protocol uses a small (2 mm
diameter) cone of dry ice instead (Schnabel et al., 2011). After the animal is
anesthetized, an incision is made in the body wall and pericardium to provide
access to the heart. The cryoprobe is applied to the ventricle for a few seconds –
the exact time varying by protocol – after which it is removed and the animal is
left to heal naturally (González-Rosa and Mercader, 2012; Chablais and
Jazwinska, 2012; Schnabel et al., 2011). Mortality is greatly reduced compared to
ventricular resection, with 5% or less subject death reported (Chablais et al.,
2011; Schnabel et al., 2011). As with resection, sham-operated controls are
necessary to account for the effects of opening the abdominal wall.
An interesting variation on this method – cautery, application of extreme
heat – has been used in two heart regeneration studies, one in the giant danio (D.
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aequippinatus) and one in the goldfish (Carassius auratus). The procedure is
performed in much the same way as cryoinjury, only using a heated filament; it
has the same advantages as cryoinjury as well, leaving behind a region of necrotic
tissue akin to that found in an infarct (Lafontant et al., 2012; Grivas et al., 2014).

Inducible transgenics
One of the major advantages of working with fish and amphibians over
mammals is the relative ease of producing transgenic organisms. Because fish and
amphibian embryos develop externally, techniques such as microinjection or
electroporation allow for simpler introduction of transgenes than in mammals,
which usually require transfection. To this end, a number of transgenic models of
heart damage have been developed in the lower vertebrates. The inducible nature
of these models, usually by exposure to or injection of a drug, prevents the
transgene from interfering with normal heart development and allows for the
creation of a disease phenotype within a highly specific time period.
The first such tool to be developed for use in a heart regeneration study
was

the

Nitroreductase(NTR)/Metronidazole(Mtz)

system,

a

genetically

expressed, inducible, targetable method of cell ablation. Escherichia coli
nitroreductase is expressed in the target organism, usually under a tissue- or cell
type-specific promoter. Upon introduction of the prodrug Metronidazole [1-(2hydroxyethyl)-2-methyl-5-nitroimidazole], a substrate of NTR, the Mtz is reduced
to a potent DNA cross-linking agent. Death of the host cell via apoptosis follows
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within hours to days. The toxic form of Mtz does not cross cell boundaries,
making this method highly cell-specific (Curado et al., 2007; Curado et al., 2008).
The NTR/Mtz system has so far been used for heart studies only in larval
zebrafish. The NTR gene has been expressed under the cardiac myosin light chain
2 (cmlc2) and ventricular myosin heavy chain (vmhc) promoters, allowing for
either heart-wide expression or expression limited to specific regions of the heart.
NTR can be conjugated to fluorescent proteins, including CFP and mCherry,
allowing for visual identification of transgenic organisms and tissues. The
zebrafish heart regenerates after Mtz-induced cell ablation, and since Mtz can be
washed out, the regenerated cardiomyocytes will not themselves undergo further
apoptosis (Curado et al., 2007; Zhang et al., 2013).
Another tool that has been used for inducible, targeted cell ablation in
zebrafish is the Z-CAT (zebrafish cardiac ablation transgenes) system, which uses
two transgenes to restrict cell death to a target population. The first construct
contains a fusion of Cre recombinase and estrogen receptor (CreER) to create a
Cre that is inducible by 4-hydroxytamoxifen (4-HT). In order to restrict
expression to cardiomyocytes, it is placed under a cmlc2 promoter. The second
transgene is the bactin2:loxp-mCherry-STOP-loxp-DTA construct; the β-actin2
promoter further restricts activity to the myocardium, where, upon 4-HT
induction, diphtheria toxin A-chain (DTA) is produced. This approach induces
apoptosis in the target cells within 2 days of 4-HT exposure (J. Wang et al.,
2011). A total of ~60% of cardiomyocytes are ablated throughout the course of
this process, resulting in severe heart failure phenotypes. Unlike NTR/Mtz, this
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method is not reversible; however, regeneration still follows within 1-3 weeks
after 4-HT exposure (J. Wang et al., 2011; J. Wang et al., 2013; Choi et al., 2013).
A major advantage of genetic approaches is that they do not require any
invasive surgery or manipulation, reducing the likelihood of off-target effects.
The choice of promoter in the transgenic animal restricts expression of the
transgene – and therefore cell death – to a specific cell type, which is both
advantageous and disadvantageous. On the one hand, the ablation target is highly
specific, allowing a researcher to study cardiomyocyte regeneration in isolation
from the other layers of the heart. However, natural diseases like MI may result in
the death of multiple cell types within a region, something these methods fail to
replicate. The choice of genetic or mechanical methods of ablation therefore
depends greatly on what sort of injury and repair process the researcher wishes to
investigate (González-Rosa and Mercader, 2012). Regeneration from genetic
ablation also takes place within a greatly accelerated timeframe compared to
cryoinjury or resection, occurring within two weeks in the Z-CAT model
(Chablais and Jaźwińska, 2012). The differences between repair of a contiguous
region of missing (or necrotic) tissue, and repair of scattered ablation of cells,
may limit how applicable these results are to repair of infarcts. However, necrosis
and apoptosis akin to the effects of genetic ablation do play a role in several other
types of heart disease and heart failure, which these techniques can help to study.
Ischemia, oxidative stress, alkalosis, and other conditions not caused by physical
trauma to the heart can lead to an increase in both apoptosis and necrosis
throughout the myocardium (Konstantinidis et al., 2012). Furthermore, cell death
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is a causative factor in heart failure and associated conditions, and can cause
mortality in as few as 0.08% of cardiomyocytes. Understanding how organisms
regenerate from dispersed cell death can therefore be a highly useful tool in
treating many forms of heart failure (Wencker et al., 2003; Hayakawa et al.,
2003).

Environmental conditions
A number of cardiac diseases in humans are caused by either the presence
of damaging agents in blood, such as reactive oxygen species, or deprivation of
essential resources, such as oxygen. Oxidative stress, hypoxia (Giordano, 2005),
acidosis (Jeffrey et al., 1987), and osmotic stress (Falck et al., 2000) are among
the conditions with an adverse effect on cardiac function that result from a change
in blood composition.
A major advantage of aquatic model organisms is the ability to replicate
these conditions by simply changing the components of the solution that the
animal is living in, altering pH, oxygen levels, or presence of toxins. For fish or
amphibian larval stages, diffusion is usually sufficient to expose the heart to the
solute of interest (Parente et al., 2013). However, adult amphibian stages,
especially of those species living on land, may require removal of the heart to
perfuse it with solution (I. S. Aggeli et al., 2001). In this manner, the gas content,
pH, and presence of any solutes in the lumen of the heart can be precisely
controlled. The disadvantage of this technique is that the heart can only be looked
at in isolation, rather than as part of a functioning whole organism.
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Much like genetic ablation models, such treatments cause dispersed cell
damage or death, and as such are not appropriate for mimicking infarction or
other acute forms of trauma. Because most environmental conditions do not
induce as drastic a damage phenotype as mechanical methods like amputation or
cryoinjury, these techniques are more commonly used for the study of nonregenerative heart repair. A series of studies on the ability of the frog Rana
ridibunda to protect against heart damage has examined the effects of many
diverse environmental factors, including: hyperosmosis, via increased NaCl and
KCl concentration (I. K. Aggeli et al., 2002); oxidative stress, via hydrogen
peroxide (Gaitanaki et al., 2003); hypoxia, either via replacement of oxygen in
solution with nitrogen (I. S. Aggeli et al., 2001), or by addition of cobalt (II)
chloride (Gaitanaki et al., 2007); acidosis and alkalosis via buffers of the
respective pH (Stathopoulou et al., 2006); and mechanical overload, via increased
perfusion pressure (I. K. Aggeli et al., 2001). Environmental conditions have also
been used in the study of heart repair in fish. By exposing zebrafish to hypoxic
conditions, and then returning them to oxygenated water, it is possible to replicate
the oxidative stress that occurs following ischemia/reperfusion in human hearts
(Parente et al., 2013).

Heart regeneration in fish and amphibians
While very different in gross morphology, the hearts of fish and
amphibians have much in common with each other and with mammalian hearts.
The vertebrate heart consists of three main layers – the endocardium, an
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endothelial layer lining the inner lumen of the heart; the myocardium, the muscle
layer; and the epicardium, a protective sheet of epithelial cells covering the
outside of the myocardium. The myocardium is itself composed of two layers: the
compact myocardium that forms the walls of the heart, and the trabecular
myocardium, which forms the contractile trabeculae on the interior of the heart
chambers (Poss et al., 2002; Kikuchi, Holdway et al., 2011). Additionally, the
general pattern of heart development is well conserved among the vertebrates: a
symmetrical pair of nkx2.5-positive mesodermal regions, known collectively as
the heart field, help to establish the cardiac precursor cell population. During early
development, these fields migrate to the midline of the organism and converge to
form a linear heart tube. This tube then loops into an S-shape, as the cells along its
axis differentiate into atrial and ventricular cells. Extracardiac populations of cells
meanwhile migrate to the heart to form the endocardium and epicardium. In fish,
no further chamber septation occurs; in amphibians, the atrium separates in two.
Both taxa have only a single ventricle, unlike mammals (Bakkers, 2011).
Befitting such similarities in development and morphology, heart
regeneration follows a highly stereotyped behavior, independent of species or
most methods of damage. Within the first hours to days after injury, clotting
begins to seal the wound, followed by an inflammatory response that leads to
deposition of a collagen and fibrin extracellular matrix (ECM) by epicardiumderived fibroblasts. Next, cardiomyocytes outside the injury zone partially
dedifferentiate to reenter the cell cycle, proliferate, and migrate to the wound site.
The fibrotic material filling the wound is replaced over the following days to
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weeks with functional cardiomyocytes (summarized in Table 1). Depending on
the exact damage model studied, additional steps may be required. For example,
cryoinjury, which replicates the effects of an infarct, results in necrotic tissue that
needs to be cleared before fibrosis and regeneration can continue (Schnabel et al.,
2011). Conversely, certain methods of damage may not require some of these
steps during repair. Z-CAT genetic ablation, for instance, results in minimal
collagen deposition (J. Wang et al., 2011).
The major processes involved in heart regeneration – epicardial activation,
fibrosis, and cardiomyocyte processes, including dedifferentiation, proliferation,
and migration – are described in greater detail below. Most of the specific results
were reported in zebrafish, although amphibian experiments have shown that
many of these processes are conserved across vertebrate taxa. Where the
regeneration process differs in other organisms, it is specifically noted.

Epicardial activation
A key component of heart regeneration in numerous species and models of
damage is the role of the epicardium. The epicardium and the tissue types derived
from it play an important part in cardiac development, where epicardium-derived
cells (EPDCs) differentiate into numerous cell types, including coronary vascular
smooth muscle and fibroblasts (Gittenberger-de Groot et al., 2010). During heart
regeneration, epicardial processes include reactivation of developmental genes in
epicardial cells and the transdifferentiation of epicardiocytes into other cell types
necessary for regeneration to proceed, including fibroblasts. Epicardial activation
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Crushing

Amputation

N. viridescens

Cautery

C. auratus

Cautery

D. aequippinatus

Ablation (NTR)

—

5d [15]

3d [14]

1d [13]

—

3d [10]

Ablation (Z-CAT)

D. rerio (larva)

3d [6]

1d [6]

Cryoinjury

—

—

—

—

1d [11]

7d [10]

1d [2]

<1d [1]

Epicardial
activation

Amputation

D. rerio (adult)

Inflammation

—

7d [16]

7d [14]

—

—

—

4d [7]

2d [3]

Fibrin

—
1d [19]

1d [18]

14d [14]

—

1d [11]

7d [10]

4d [8]

7d [4]

Dediff.

7d [16]

14d [14]

7d [13]

—

14d [10]

7d [7]

14d [3]

Collagen

Fibrosis

—

7d [16]

3d [14]

7d [13]

2d [11]

7d [10]

3d [6]

7d [3]

Prolif.

—

30d [17]

—

14d [13]

2d [11]

60d [16]
84d [18]

14d [19]

45d [14]

45d [13]

4d [12]

30d [10]

60d [7]

60d [3]

Recovery
(morph.)

23d [16]

—

—

4d [12]

14d [10]

30d [7]

14d [9]
—

30d [5]

Recovery
(function)

9d [3]

Migration

Cardiomyocytes

Table 2.1. Timeline of main events in cardiac regeneration by organism and damage model.

Table 2.1. Timeline of main events in cardiac regeneration by organism
and damage model. Times listed are the earliest point at which the process
was observed. A dash (—) indicates that no data exists for this model.
References:
1. Sallin et al., 2015
2. Lepilina et al., 2006
3. Poss et al., 2002
4. Jopling et al., 2010
5. Kikuchi et al., 2010
6. Schnabel et al., 2011
7. Chablais et al., 2011
8. Huang et al., 2013
9. Chablais and Jaźwińska, 2012
10. Wang et al., 2011
11. Zhang et al., 2013
12. Curado et al., 2007
13. Lafontant et al., 2012
14. Grivas et al., 2014
15. McDonnell and Oberpriller, 1984
16. Witman et al., 2011
17. Oberpriller and Oberpriller, 1974
18. Piatkowski et al., 2013
19. Laube et al., 2006

25

begins with re-expression of wt1, a marker of stem cells and developing
epicardium in particular, as well as other epicardial developmental genes like
raldh2 (necessary for retinoic acid synthesis) and tbx18, all within the first 1-2
days after injury. Raldh2 is most active during early regeneration; it is first
expressed in the atrial and ventricular epicardium days after the injury, is
localized to the site of the injury by one week, and diminishes in expression by
two weeks after injury. Meanwhile, tbx18 expression persists much longer, at
least one month post-injury (González-Rosa et al., 2012; Itou et al., 2012;
Schnabel et al., 2011; Lepilina et al., 2006; Kikuchi, Holdway et al., 2011).
Regeneration of the epicardium itself occurs relatively early in the
regeneration process, occurring before restoration of the myocardium is visible
(Lafontant et al., 2012). Activated epicardial cells begin to proliferate
approximately three days after injury, and by two weeks, the epicardium has
enclosed the injured area, providing protection and support for regeneration of the
myocardium (Lepilina et al., 2006; Mercer et al., 2013).
Approximately one week after injury, epicardial cells upregulate
expression of snail2 and twist1b, markers of the epithelial-to-mesenchymal
transition (EMT), in preparation for transdifferentiation (J. Kim et al., 2010).
Beginning at 2 weeks post-injury, activated epicardial cells then infiltrate the
myocardium, where they downregulate wt1 expression and differentiate into a
variety of EPDC cell types (González-Rosa et al., 2012). Some migrate into the
regenerating coronary vasculature to become vascular pericytes and organize
neovascularization, a process mediated by platelet-derived growth factor (PDGF)
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and fibroblast growth factor (FGF) signaling (González-Rosa et al., 2012;
Kikuchi, Gupta et al., 2011; J. Kim et al., 2010; Lepilina et al., 2006). Others
express fibronectin and transdifferentiate to fibroblasts, which infiltrate the injury
site to first deposit collagen, and later promote migration of cardiomyocytes into
the wound to replace fibrotic tissue (J. Wang et al., 2013). One important cell type
not found in this list is cardiomyocytes; epicardial cells that undergo EMT do not
subsequently express myocardial differentiation markers like myosin heavy chain
(MHC) or cmlc2. Similarly, they do not express the endothelial marker fli1,
indicating that endocardium is also not among the potential fates of EPDCs
(González-Rosa et al., 2012; Kikuchi, Gupta et al., 2011).

Cardiomyocyte dedifferentiation and proliferation
In order for injured or infarcted myocardium to regenerate, new
cardiomyocytes must be produced; where, then, do they come from? Early studies
in zebrafish heart regeneration indicated that the cardiomyocytes involved in
regenerating missing myocardium were formed through differentiation of an
undifferentiated progenitor cell population (Lepilina et al., 2006). However,
subsequent experiments have shown that all regenerated cardiomyocytes originate
from existing cardiomyocytes (Jopling et al., 2010; Kikuchi et al., 2010). Since
adult cardiomyocytes are largely quiescent, regeneration requires them to reenter
the cell cycle, which is controlled in part by the mitotic checkpoint kinases Mps1
and Plk1. Inhibition of either of these kinases prevents the replacement of fibrotic
tissue with myocardium and leads to permanent scarring (Poss et al., 2002;
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Jopling et al., 2010). Also necessary for proliferation is the gap junction protein
Cx43. Mps1 and Cx43, along with numerous other cell-cycle regulators, structural
proteins, and cardiomyopathy-associated genes are regulated by the miRNA miR133, downregulation of which is essential to create a permissive environment for
cardiomyocyte proliferation to proceed (Yin et al., 2012).
Reentry

of

cardiomyocytes

into

the

cell

cycle

also

requires

dedifferentiation and re-expression of several cardiac development genes
(Kikuchi et al., 2010; Lepilina et al., 2006). The question of which genes are
reactivated, and exactly to what extent dedifferentiation occurs, is disputed. Some
groups have reported expression of the early developmental genes nkx2.5, hand2,
tbx5, tbx20, and mef2 in regenerating hearts (Lepilina et al., 2006; Zhang et al.,
2013), while others have observed no expression of these genes (Raya et al.,
2003; Jopling et al., 2010). Gata4, an early cardiac development gene and one of
the principle markers of this dedifferentiation process, has in contrast repeatedly
been observed in both fish and amphibians (Kikuchi et al., 2010; L. Zhao et al.,
2014; Witman et al., 2011). Gata4 expression is re-induced in cells of the outer
compact myocardium, predominantly near the injury site, and these gata4+ cells
are what proliferate and fill the wound site (Kikuchi et al., 2010). Also
upregulated in the regenerating myocardium is the homeobox gene msx, a gene
that regulates regeneration across species and organs, including newt limbs and
zebrafish fins. However, msx is not upregulated in heart development, indicating
that the regeneration process is more complex than just a recapitulation of cardiac
development (Raya et al., 2003).
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Morphologically, dedifferentiation is visible in both fish and amphibian
cardiomyocytes in the form of disorganized sarcomeres, loss of intercellular
cohesion, a rounding of cell shape, and downregulation of terminal differentiation
cardiac proteins like myosin and troponin (Lepilina et al., 2006; Zhang et al.,
2013; Laube et al., 2006; J. Wang et al., 2011; Jopling et al., 2010; Tate and
Oberpriller, 1989). Fewer experiments have looked at gene expression in
amphibians during heart regeneration, but one of those that has showed an
increase in nkx2.5, hand2, gata4, gata5, and islet1 (Witman et al., 2011), the latter
of which has not been observed in fish heart regeneration (Zhang et al., 2013).
This combination of proliferation and dedifferentiation is indicative of
epimorphic regeneration, in which an undifferentiated blastema forms at the site
of injury, and undergoes differentiation to replace the missing or infarcted tissue.
In zebrafish, this is manifested as an accumulation of highly proliferative
blastemal cells expressing embryonic markers in the immediate vicinity of the
infarct zone, beginning at 4 days post-injury. In addition to this immediate local
response, there is also an increase in proliferation throughout the rest of the
uninjured heart that persists to later stages of regeneration. The distribution of
mitotic cells shifts away from the infarcted region as regeneration progresses,
possibly indicating that later phases of regeneration are associated with heart-wide
systemic repair (Sallin et al., 2015). This late, ventricular-wide increase in
proliferation has also been observed in the newt heart during regeneration (Mercer
et al., 2013).
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One particularly interesting source of cardiomyocytes during ventricular
repair, observed in both amphibians and fish, is the atrium. Atrial myocardial
proliferation in response to ventricular damage was first observed in the newt,
Notophthalmus viridescens, where in fact proliferation was more prevalent in the
atrium than in the ventricle (McDonnell and Oberpriller, 1983). Another
amphibian species, the axolotl Amblystoma mexicanum, showed a comparable
increase in atrial mitosis during regeneration of the ventricle (Flink, 2002).
In zebrafish, an atrial response is visible even before an increase in
proliferation occurs. Raldh2 is upregulated in the atrial endocardium within an
hour after ventricular injury, hours before it is upregulated in the ventricle
(Kikuchi, Holdway et al., 2011). At one day post-injury, activation of the
uninjured atrial epicardium begins simultaneously with that of the injured
ventricle, with raldh2 expression followed by tbx18 upregulation. Expression of
these markers, however, soon restricts itself to the area immediately adjacent to
the ventricular wound. Meanwhile, fibroblast growth factor receptor (fgfr),
associated with cardiomyocyte migration into the wound, is activated in
contiguous patches throughout the atrial epicardium (Lepilina et al., 2006). These
findings suggest that activation of all three layers of the atrium is involved in
cardiac regeneration.
The role of atrial cardiomyocytes in ventricular regeneration has been
confirmed in zebrafish using a cell ablation model. When ventricular
cardiomyocytes are ablated, atrial cardiomyocytes dedifferentiate into cardiac
progenitor cells. These cells show disorganized structure, decreased expression of
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terminal differentiation markers like MHC, and re-expression of developmental
genes including gata4, hand2, nkx2.5, tbx5a, tbx20, and mef2. The progenitor
cells then reacquire a ventricular identity as they migrate into the ventricle to
become mature ventricular cardiomyocytes. The migration process is dependent
on Notch signaling, and upregulation of both Notch pathway components and
raldh2 occurs in the atrial endocardium, indicating a possible role for retinoic acid
(RA) as well (Zhang et al., 2013).
In addition to its role in epicardial activation, RA is necessary for
cardiomyocyte proliferation. Raldh2 is activated by the inflammatory response in
the atrial and ventricular endocardium within hours after injury, and within a day
becomes localized to the site of the injury. These raldh2-positive cells are also
enriched for expression of cardiac developmental genes hand2 and gata5. Along
with raldh2-positive epicardial cells, the endocardium makes up one of the two
major sources of RA during heart regeneration. Inhibition of RA signaling from
endocardial and epicardial cells greatly reduces injury-induced cardiomyocyte
proliferation. However, overexpression of RA has no effect on proliferation
levels, indicating that RA signaling is necessary, but not sufficient for proper
cardiomyocyte proliferation (Kikuchi, Holdway et al., 2011). The endocardium is
also responsible for producing Interleukin 11a (Il11a), a ligand of the Jak1/Stat3
signaling system. Jak1/Stat3, expressed in the myocardium, and its downstream
effectors are likely involved in cell survival during the early, wound-healing
portion of regeneration, and are necessary for later cardiomyocyte proliferation
(Fang et al., 2013).
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A number of other paracrine and juxtacrine signaling pathways, involving
all three layers of the heart, are also necessary for cardiomyocyte proliferation.
These include PDGF (Lien et al., 2006), Hedgehog, Insulin-like growth factor
(IGF), TGF-β, and Notch (Choi et al., 2013). Sonic hedgehog (Shh) is activated in
the injury-adjacent epicardium, with downstream markers of Shh activity
observed in adjacent cardiomyocytes. IGF is expressed in the endocardium, with
its receptor present in the injured myocardium (Choi et al., 2013). TGF-β is
present in the myocardium, epicardium, and fibroblasts (Chablais and Jaźwińska,
2012). The Notch receptor, meanwhile, is upregulated in both the endocardium
and epicardium, but remains absent in the intervening myocardium (L. Zhao et al.,
2014). The expression pattern of Notch ligands is less well-studied; only deltaC,
expressed in the endocardium alongside the notch1b isoform, has been examined.
Notch receptor is expressed in the heart from 1 day to 1 week after injury, after
which the gene is downregulated (Raya et al., 2003). Notch signaling is necessary
for proliferation of cardiomyocytes; when it is inhibited during the later period of
Notch expression (6-7 days post-injury), the wound remains fibrotic and
regeneration of the myocardium never takes place. Interestingly, hyperactivation
of Notch signaling also prevents cardiomyocyte proliferation, indicating that a
very specific level of signaling is necessary for regeneration to proceed properly
(L. Zhao et al., 2014).
Several in vitro experiments on cultured newt cardiomyocytes have further
elaborated on the factors necessary for myocyte cell cycle reentry and
proliferation. The major restriction point in beginning this process is the
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retinoblastoma protein (Rb), which in wild-type tissues prevents cells from
entering S phase. Phosphorylation of Rb via cyclin-dependent kinase (Cdk) 4 and
6 deactivates this S-phase restriction and is necessary for newt cardiomyocytes to
enter the cell cycle (Tanaka et al., 1997; Bettencourt-Dias et al., 2003). However,
entry into S phase does not ensure subsequent proliferation. While most
cardiomyocytes are able to enter S phase in culture, only one-third of those
subsequently complete one or more rounds of cell division, with the majority
arrested just before mitosis or before cytokinesis (Bettencourt-Dias et al., 2003).
This separation between cell cycle reentry and proliferation is borne out by the
fact that while PDGF and IGF promote cardiomyocyte proliferation, they cannot
by themselves induce terminally differentiated myocytes to reenter the cell cycle
(Tanaka et al., 1997). Multiple ECM components have also been demonstrated to
induce proliferation in cardiomyocytes in culture, including laminin, fibronectin
(Bettencourt-Dias et al., 2003), and tenascin C (Mercer et al., 2013).
Proliferation, however, is not enough by itself; after cardiomyocytes
proliferate, they must then be induced to migrate into the wound region.
Inextricably bound to this process of cardiomyocyte migration is fibrosis, a
crucial step in cardiac regeneration that bridges the gap between early wound
healing and later regeneration of myocardium.

Fibrosis and cardiomyocyte migration
Among the first events required in cardiac regeneration, as part of a
general wound-healing response, are clotting, activation of the inflammatory
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response, and fibrosis. In resection and cryoinjury models, these events occur
primarily within the first week after injury. Clotting begins within seconds of
injury, as the wound is sealed by erythrocytes (Poss et al., 2002). Within the first
day, activated thrombocytes enter the wound, and over the following weeks
express PDGF to aid in neovascularization, and other factors necessary for
regeneration (González-Rosa et al., 2011; J. Kim et al., 2010). Beginning at 3
hours post-injury, and continuing over the next several days, the inflammatory
response peaks as leukocytes, including macrophages and myeloperoxidasepositive neutrophils, begin to infiltrate the wound site (J. Wang et al., 2011;
Lafontant et al., 2012; Schnabel et al., 2011; Lien et al., 2006; Huang et al., 2013).
Inhibition of the inflammatory response leads to a decrease in recruitment of
phagocytes, impairment of angiogenesis, and decrease in cardiomyocyte
proliferation, and ultimately prevents regeneration from completing (Huang et al.,
2013).
At the same time as inflammation, apoptosis and/or necrosis begins within
the injury area (or injury-adjacent area in resection experiments), as the cellular
debris in the infarct is cleared away (Schnabel et al., 2011; Chablais et al., 2011;
González-Rosa et al., 2011; Piatkowski et al., 2013). Simultaneous with
inflammation and initiation of apoptosis, the erythrocyte clot is replaced by a
temporary fibrin matrix, which retains structure in the wound until approximately
one week post-injury, when the temporary matrix is lysed to be replaced by a
primarily collagen matrix and initiate the phase of regeneration dominated by
fibrosis (Poss et al., 2002; Chablais et al., 2011).
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Fibrosis, or scarring, is a process of wound repair that involves
replacement of missing or necrotic tissue with connective tissue, primarily fibrin
and collagen. In adult mammalian hearts, this is the only process by which lesions
or infarcts can be repaired, but permanent scarring leads to changes in heart
contractility, conductivity, and morphology that can greatly reduce the function of
the heart (González-Rosa et al., 2011). In organisms that can regenerate their
hearts, this fibrotic tissue is soon replaced by functional myocardium and no
permanent scar persists. While scarring and regeneration are commonly seen as
opposing outcomes, an initial period of fibrosis is necessary for proper
regeneration in both fish and amphibians, providing a framework in the form of
ECM for cardiomyocytes to assemble into working muscle (Chablais and
Jaźwińska, 2012; Piatkowski et al., 2013; Mercer et al., 2013). During the period
of fibrosis, a number of wound healing genes, such as vegf to promote
vascularization and granulin A to promote cell growth, are upregulated (Lien et
al., 2006). In order for regeneration to be completed, newly proliferated
cardiomyocytes need to be able to migrate into the injured region, and
simultaneously, the fibrotic tissue needs to be removed. Beginning at one week,
therefore, remodeling proteins such as matrix metalloproteinases (MMPs) are
activated, and resolution of fibrosis begins (Lien et al., 2006).
The TGF-β signaling pathway is an essential component of both
establishing and resolving fibrosis. During regeneration of the zebrafish heart,
within the first two weeks after injury, TGF-β is expressed in the myocardium,
epicardium, and fibroblasts of the injured region and infarct boundary, but is not
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found in the endocardium. (J. Wang et al., 2011; Chablais and Jaźwińska, 2012)
Multiple isoforms of the TGF-β receptor are also present, and the infarct zone and
adjacent tissue show markers of TGF-β activity in the form of phosphorylated
Smad3 (Chablais and Jaźwińska, 2012).
TGF-β is required in both early and late phases of heart regeneration.
Within the first two weeks, it is predominantly necessary for inducing fibroblasts
to deposit fibronectin and collagen into the injury site, forming the ECM that
provides a framework for later muscle regeneration. Inhibition of TGF-β signaling
after two weeks does not affect the collagen matrix, but it is required for
cardiomyocytes to infiltrate and replace the fibrotic ECM. TGF-β regulates
expression of the glycoprotein tenascin C at the infarct boundary, which in turn is
necessary for remodeling of the ECM and migration of cardiomyocytes into the
wound region. (Chablais and Jaźwińska, 2012) Fibronectin may also play a role in
this migration process, as it appears to be required for signaling integrin receptorexpressing cardiomyocytes, and inhibition of it prevents regeneration (J. Wang et
al., 2013). This role for the ECM in guiding regeneration is conserved in
amphibians, where fibronectin, tenascin C, and hyaluronic acid are upregulated in
the wound region throughout regeneration, and in the case of the latter two up to
70 days post-injury (Mercer et al., 2013). In fish, the migrating cardiomyocytes
are primarily directed by the chemokine Cxcl12-Cxcr4 system (Itou et al., 2012),
and build new myocardium in the injured area from the outside of the wound
(apical edge of the myocardium) inward (Lepilina et al., 2006; González-Rosa et
al., 2011). New cardiomyocytes begin to become electrically coupled around 14
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days post-injury, and are fully coupled by 30 days (Chablais et al., 2011; Kikuchi
et al., 2010).
FGF signaling is also necessary for proper regeneration and resolution of
scarring. FGF is secreted by myocardial cells adjacent to the injury site. This
process activates FGF receptor-expressing epicardial cells, and is necessary for
the collagen scar to be replaced by myocardium; while the mechanism for this
signaling process has not been characterized, the similarities in effect to TGF-β
inhibition suggest that FGF’s role in epicardial activation may follow a similar
pathway (Lepilina et al., 2006). Interestingly, if FGF signaling is inhibited to
prevent regeneration and induce scarring, the scarring process can be partially
reversed by later restoration of FGF. While fibrotic tissue is never fully resorbed,
myocardium is restored over the scar. This may indicate that scarring is a nonpermanent outcome, and may provide an avenue for repairing existing infarct
damage in patients (Kikuchi et al., 2010).

Non-regenerative heart repair
In addition to the prodigious regenerative capabilities possessed by certain
species, many fish and amphibians are capable of repairing lower levels of heart
damage that may not require a full regenerative response. The organs of
ectothermic animals, including the heart, are more subject to changing
environmental conditions than those of endothermic animals. As a result, they
have developed adaptations that allow them to survive a wider range of
temperatures, gas concentrations, and pH values. Some of these adaptations are
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protective, active before damaging agents are able to adversely affect cardiac
function; these include robust antioxidant systems, ion pumps to prevent extreme
pH values, and ability to maintain cardiac function during hypoxia (Driedzic and
Gesser, 1994). However, those particular adaptations lie outside the scope of this
review; for more information, see Driedzic et al (Driedzic and Gesser, 1994).
Instead, we will focus on mechanisms associated with post-damage compensation
and repair.
Since urodele amphibians and certain fish species are so adept at
regenerating, most studies in these organisms have focused on full regeneration.
As a result, they have not been used as often to study repair in a non-regenerative
context, although some research has been conducted on the ability of zebrafish to
repair after reperfusion injury (Parente et al., 2013). Instead, lower vertebrate
species that are not capable of regeneration have been used as the primary model
for this type of repair, no group of animals more so than the anuran amphibians.
While full cardiac regeneration has not been observed in anurans to date, they
have proven to be a useful model for studying amphibian tolerance to low levels
of damage, particularly oxidative and mechanical stress. A primary regulator of
the stress response in amphibian, as well as mammalian, hearts is the mitogenactivated protein kinase (MAPK) family. MAPKs are activated by a variety of
environmental and cytokine stimuli, and in turn phosphorylate important cardiac
transcription factors (e.g. Mef2) and general cell regulation factors (e.g. c-Jun).
These ultimately regulate a wide range of cell behaviors from apoptosis to cell
survival and cardiomyocyte hypertrophy (Bogoyevitch, 2000).
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In the amphibian heart (mainly studied in the adult marsh frog, Rana
ridibunda), MAPK activity is induced by stress stimuli including hyperosmosis,
anoxia, and reperfusion (I. S. Aggeli et al., 2001). One subset of MAPKs in
particular, the p38-MAPK family, has been shown to be activated in frog hearts
by a number of common disease-associated stimuli, including hypoxia (Gaitanaki
et al., 2007), osmotic stress (I. K. Aggeli et al., 2002), reactive oxygen species
(Gaitanaki et al., 2006; Gaitanaki et al., 2003), acidosis (Stathopoulou et al.,
2006), and mechanical overload (I. K. Aggeli et al., 2001). This p38-MAPK
activity in turn confers protective effects on cardiomyocytes via phosphorylation
of MAPK-activated protein kinase 2 (MAPKAPK2) and Heat shock protein 27
(Hsp27), both associated with cell survival (Stathopoulou et al., 2006; Gaitanaki
et al., 2006; Gaitanaki et al., 2007). One potentially important downstream target
of this pathway is atrial naturetic peptide (ANP), a hormone responsible for
regulating ion and fluid balance across the cell membrane, and commonly
associated with stress compensation. ANP levels have been shown to increase in
the frog heart after hypoxic or osmotic stress (I. K. Aggeli et al., 2002; Gaitanaki
et al., 2007). Additionally, changes in extracellular pH induce expression of the
chaperone protein Hsp70, although this occurs independently of p38-MAPK
activity (Stathopoulou et al., 2006). Other classes of MAPKs, specifically the cJun N-terminal kinases (JNKs) and extracellularly responsive kinases (ERKs),
have also been shown to be activated by stressors in the frog heart (I. S. Aggeli et
al., 2001; Gaitanaki et al., 2003; I. K. Aggeli et al., 2001). Overall, the MAPK-
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mediated stress response appears to be a crucial component of protecting and
repairing low-level, environmental damage to the anuran heart.
What happens, however, if an anuran heart is damaged to an extent that
would induce regeneration in a urodele or fish heart? Years before the
regenerative capacity of newts was discovered, Rumyantsev observed that the
adult common frog (R. temporaria) heart could partially repair damage induced
by crushing the ventricle (P. Rumyantsev, 1973; P. P. Rumyantsev, 1977). Within
the first week after damage, phagocytes enter the wound region to remove
necrotic myocardium and transcription in neighboring myocytes increases. In the
second and third week, myocytes partially dedifferentiate and re-enter the cell
cycle. Myofibers then extend into the wounded region, connecting the muscle on
either side of the lesion. Unlike in regeneration, however, myocardium is never
fully restored across the lesion, and scar tissue remains (P. P. Rumyantsev, 1977).
The question of why anurans and urodeles differ in regenerative capacity
is still not well understood. Observation of mitotic kinetics in frog heart repair has
shown that myocytes proliferated twice as slowly as fibrotic tissue (P. P.
Rumyantsev, 1977); however, post-damage myocyte proliferation is comparable
between non-regenerating frogs and regenerating urodeles, indicating that this is
likely not the main driving force (P. P. Rumyantsev, 1977; Flink, 2002).
Embryonic anurans are capable of regenerating many structures that do not
regenerate in adult anurans, but do regenerate in adult urodeles, including limbs
(Gardiner et al., 2002), the lens of the eye (Rio‐Tsonis and Tsonis, 2003), and the
brain (Endo et al., 2007). It is likely that by understanding the differences in
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regenerative capacity between these three systems – embryonic anurans, adult
anurans, and adult urodeles – we can better determine how to induce cardiac
regeneration in non-regenerative organisms.

Conclusions
While much of the research on heart damage and repair has
understandably been conducted in mammalian models to date, fish and
amphibians provide a unique opportunity for studying a system that can
completely regenerate missing or damaged cardiac tissue. Regeneration in
mammalian hearts is limited-to-nonexistent, and scarring – with a resulting loss of
heart function – is the most common result of cardiac damage. What little
evidence of cardiac renewal exists occurs mostly in neonatal or embryonic
mammals, though adult mammal hearts are not entirely devoid of restorative
processes. Myocyte proliferation has been observed in response to human heart
damage (Beltrami et al., 2001), raldh2 activation occurs in the endocardium of
infarcted mouse hearts (Kikuchi, Holdway et al., 2011), and epicardial activation
and cardiomyocyte dedifferentiation, hallmarks of the regenerative response in
zebrafish, occur after resection of neonatal mouse hearts (Porrello et al., 2011). In
contrast, throughout their lifetimes, some species of fish and urodele amphibians
can restore all three layers of the heart with no permanent scarring and full
restoration of functionality.
In addition to the improved regenerative response of fish and amphibians,
there exists a plethora of physical and molecular tools for studying heart
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regeneration in these model systems. Mechanical manipulations and other
physical techniques like cryoinjury are significantly easier in fish and amphibians
than mammals, particularly at embryonic stages. The wealth of genomic data for
zebrafish also makes transgenic methods of damage, which can be used to
minimize off-target effects and unnecessary surgery, an extremely viable solution.
And while fish are the more ubiquitous model, amphibians should not be
forgotten; the amphibian heart is more similar to the mammalian heart,
molecularly and morphologically, than that of fish. Differences in regenerative
capacity between urodele and anuran amphibians may also prove useful in
understanding why some organisms can regenerate tissue while others, like
mammals, use scarring as their main method of repair.
With a greater understanding of heart regeneration in amphibians and fish,
and the effect that has had on understanding mammalian heart repair, potential
new therapeutic strategies for mammals are being devised. One major obstacle is
the relative lack of proliferation in mature mammalian cardiomyocytes, and so
inducing them to reenter the cell cycle and proliferate has been a large focus of
research. Targets that have shown success on this front, many of which have been
observed to play a role in amphibian heart regeneration and repair, include FGF,
p38-MAPK (Engel et al., 2006), periostin (Kühn et al., 2007), neuregulin (Bersell
et al., 2009), and cyclins and CDKs (Hassink et al., 2008). The level of
conservation between these processes in lower vertebrates and mammals has been
demonstrated by the ability of newt regeneration extract to

induce

dedifferentiation of mammalian myocytes (McGann et al., 2001). MicroRNAs,
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which in addition to being involved in many cardiac remodeling processes, have
proven to be necessary for cardiomyocyte proliferation in zebrafish heart
regeneration (Yin et al., 2012), have also been a promising target for inducing
cardiac repair through regulation of endogenous gene expression (van Rooij et al.,
2008). The other major focus in inducing mammalian heart repair, besides
myocyte proliferation, has been the role of EPDCs. While EPDCs do not directly
lead to new myocardium, they promote a permissive environment through
secretion of ECM by fibroblasts and promotion of angiogenesis. Improving the
pro-regenerative capacity of mammalian EPDCs, while limiting fibrosis from the
same, may prove to be as important a step towards inducing regeneration in the
mammal heart as making new cardiomyocytes (Martin‐Puig et al., 2012; Ausoni
and Sartore, 2009).
The regenerative abilities of fish and amphibians are just beginning to be
understood. They have already proven to be a valuable model system for
researching cardiac damage and repair, and their importance should only increase
going into the future. By understanding how regeneration is possible in fish and
amphibians – and why mammalian hearts fail to regenerate, despite the presence
of conserved repair responses and pathways – we can hopefully discover novel
ways to stimulate repair in mammalian hearts that can serve as therapeutics in
human heart disease.
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Abstract
KillerRed is a recently-discovered fluorescent protein that, when activated
with green light, releases reactive oxygen species (ROS) into the cytoplasm,
triggering apoptosis in a KillerRed-expressing cell. This property allows for the
use of KillerRed as a means of killing cells in an organism with great temporal
and spatial specificity, while minimizing the nonspecific effects that can result
from mechanical or chemical exposure damage techniques. Such optogenetic
control of cell death, and the resulting ability to induce the targeted death of
specific tissues, is invaluable for regeneration/repair studies—particularly in
Xenopus laevis, where apoptosis plays a key role in regeneration and repair. We
here describe a method by which membrane-bound KillerRed, introduced to
Xenopus embryos by mRNA microinjection, can be activated with green light to
induce apoptosis in specific organs and tissues, with a focus on the developing
eye and pronephric kidney.

Introduction
The field of optogenetics, the use of light to control cellular processes, has
made tremendous strides in the decade since its inception. Optogenetic control of
almost every level of cellular function has become feasible, from the beginnings
of the field in light-mediated regulation of membrane potential, to recent, more
sophisticated methods of controlling enzymatic function and gene transcription
(Deisseroth, 2011). Within the past eight years, the discovery of genetically
encoded photosensitizing agents—in particular the fluorescent proteins KillerRed
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and miniSOG—has expanded the optogenetic toolkit further. These proteins have
allowed for the development of photoinducible methods of cell death, giving rise
to new methods of killing cells and damaging tissues in whole organisms with
great spatial and temporal specificity (Bulina et al., 2005; Shu et al., 2011).
Applications of these new tools so far have ranged from tumor phototherapy to
cell cycle control (E. O. Serebrovskaya et al., 2009; E. Serebrovskaya et al., 2011;
Shirmanova et al., 2013; Shirmanova et al., 2012). However, these proteins also
have a great deal of potential in less immediately obvious fields of research. The
ability to selectively induce cell death and ablate tissues in a living organism is of
key importance in developmental biology and the growing field of regeneration
and repair.
For over a century, cell death has been known to be an essential part of
organismal development. Programmed cell death plays a role across a wide range
of life stages. It is necessary for the sculpting of tissues, removal of
premetamorphic or sex-specific organs, and providing a counteracting force to
proliferation to control cell numbers, among other developmental functions
(Glücksmann, 1951; Jacobson et al., 1997). In Xenopus laevis, one of the first
(and still widely-used) models of embryonic development, a complex dynamic of
cell death takes place throughout the embryo as it develops into a tadpole, and
beyond into metamorphosis (Nishikawa and Hayashi, 1995; Hensey and Gautier,
1998). While methods of inducing cell death to study these processes are
prevalent, in order to truly replicate the dynamics of cell death in an embryo, cell
death needs to be controlled with specific timing, and targeted only at specific
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populations of cells. Few tools for inducing cell death exist that meet these
criteria, and as yet, none have been exhibited in Xenopus that also have the
advantages offered by an optogenetic system. The practical applications of such a
tool go beyond development, as well.
The means by which organisms can repair damaged tissues and regenerate
missing tissues, or sometimes even entire organs and appendages, has been an
outstanding question in biology since at least the 18th century, when Trembley,
Bonnet, Spallanzani and others discovered that numerous species of animals,
extending across a large range of phyla, were capable of regeneration (Birnbaum
and Alvarado, 2008). In more recent years, Xenopus has also proven an effective
and popular model system for experiments in regeneration and repair (Beck et al.,
2009). Regeneration in Xenopus has been studied in a variety of tissues and
organs, including the lens of the eye (Freeman, 1963), retina (Vergara and Del
Rio-Tsonis, 2009), pronephric kidney (Caine and McLaughlin, 2013), tail (Tseng
et al., 2007), and limb (Dent, 1962). In order to study regeneration or repair of a
particular organ or tissue, it is necessary to damage or remove cells at the target,
sometimes with a high degree of specificity that limits the effects of damage—and
the ensuing repair response—to the target organ or tissue. Surgery and chemical
exposures have, until recently, been the major methods of inducing damage.
Light-induced methods of cell death offer a number of advantages over traditional
techniques, including greater temporal and spatial specificity, and a corresponding
reduction in off-target effects. By inducing death in on an individual cell-level
basis, photosensitizers like KillerRed also aid in studying the repair of damage on
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a smaller scale than removal of an entire organ or tissue—for example, the
apoptosis of cardiomyocytes observed in a number of forms of cardiomyopathy
(Hayakawa et al., 2003; Matsushita et al., 2005; Palojoki et al., 2001).
KillerRed is a dimeric red fluorescent protein with excitation/emission
maxima at 585/610nm that, upon excitation with green light, releases reactive
oxygen species (ROS), in the form of superoxides and singlet oxygen (Bulina et
al., 2005; Bernard, 2011). Following exposure to green light, KillerRedexpressing cells undergo cell death via apoptosis, either through direct activation
of apoptotic pathways by mitochondrial KillerRed, or oxidation of phospholipids
in the plasma membrane by membrane-bound KillerRed (Bulina et al., 2005;
Bulina et al., 2006). Additionally, KillerRed targeted to the nuclear lamina or
histones can induce DNA breaks and halt the cell cycle (E. Serebrovskaya et al.,
2011; Waldeck et al., 2011). KillerRed has been demonstrated in a variety of
applications and organisms, including chromophore-assisted light inactivation
(CALI) of proteins (Bulina et al., 2006), induction of mitochondrial death
(Shibuya and Tsujimoto, 2012), ablation of brain tissue in zebrafish (Teh et al.,
2010), blockage of cell division in Xenopus (E. Serebrovskaya et al., 2011), and
therapeutic photosensitization of tumor cells (E. O. Serebrovskaya et al., 2009;
Shirmanova et al., 2012).
We have developed a method for targeted ablation of tissues by
photoinduced cell death in KillerRed-expressing Xenopus laevis tadpoles.
Following microinjection of membrane-bound KillerRed mRNA into Xenopus
embryos, tadpoles are selected for KillerRed expression in a region of interest,
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and exposed to green light under a fluorescent microscope to induce apoptosis in
the target tissue. We demonstrate that this process induces morphological and
histological changes in the target tissues, including ablation of developing organs.

Methods
mRNA Synthesis and Preparation
The pCS2-NXE+mem-KillerRed plasmid (Addgene plasmid 45761) was
linearized with NotI restriction enzyme. Mem-KillerRed mRNA was synthesized
using the Ambion mMESSAGE mMACHINE SP6 kit, following the
manufacturer’s instructions. mRNA injection solution was prepared by diluting
mem-KillerRed mRNA to a concentration of less than 30 ng/µL, in nuclease-free
water.

Tadpoles
All experiments were performed in accordance with the Guide for Care
and Use of Laboratory Animals and approved by the Institutional Animal Care
and Use Committee (IACUC) at Tufts University. Adult female Xenopus laevis
were induced to ovulate by injection of chorionic gonadotropin hormone
(Chorulon). Adult male X. laevis were euthanized by intraperitoneal injection of
5% tricaine methanesulfonate (MS222; adjusted to pH 7.2), and the testes were
removed and stored in 1X modified Barth’s saline (pH 7.5). Eggs were fertilized
in vitro, and embryos were dejellied in 2% cysteine (pH 8) and raised in 0.1X
Marc’s Modified Ringer’s solution (MMR; 10 mM NaCl, 0.2 mM KCl, 0.1 mM
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MgCl2, 0.2 mM CaCl, 0.5 mM HEPES, 1 μM EDTA, pH 7.4). Embryos and
tadpoles were staged according to Nieuwkoop and Faber (1967).

Expressing KillerRed in Xenopus Embryos/Larvae
Embryos were injected at cleavage stages using a microinjector and pulled
capillary glass needles, calibrated to administer 5-10 nL of mem-KillerRed
mRNA solution per injection. A X. laevis fate map (e.g. Moody and Kline (1990))
was used to target the injection location for later KillerRed expression. Embryos
were kept in 3% Ficoll (in 1X MMR) during injection, then gradually transferred
to 0.1X MMR, and raised at 14-20°C in a dark environment to the desired stage.

Activation of KillerRed
Using a fluorescent microscope with a 200W metal halide lamp and
TRITC filter set (EX 545/20; BS 565; EM 595/50), tadpoles were selected for
expression of KillerRed in the region of interest. Tadpoles were immobilized in a
0.04% MS222 solution (in 0.1X MMR) and held stationary during light treatment.
Light treatment consisted of a focused exposure through a 40X objective lens and
TRITC filter of the region of interest, until noticeable photobleaching of
KillerRed had occurred (approximately 5 minutes). After exposure, tadpoles were
transferred to fresh 0.1X MMR and raised at 14-20°C until morphological and
histological changes were visible. They were then euthanized in tricaine, fixed for
1 hour in MEMFA (0.1 M MOPS, pH 7.4, 2 mM EGTA, 1 mM MgSO 4, 3.7%
formaldehyde), rinsed in 1X phosphate buffered saline (PBS), and dehydrated in
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100% methanol to be stored at -20°C. Remaining KillerRed protein was
photobleached by exposure under white light, in methanol, overnight.

Detection of Reactive Oxygen Species
Tadpoles were selected for KillerRed expression as described above.
Tadpoles were then immersed in a 30μM solution of dihydroethidium (30mM
stock in DMSO, diluted into 0.1X MMR), per Owusu-Ansah et al. (2008), with
0.04% MS222 to immobilize them. Light treatment was as described above.
Before and after light treatment, dihydroethidium fluorescence was photographed
using a Mermaid FRET filter set (EX 450/20; BS 460; EM 590).

Immunohistochemistry
Immunohistochemistry was performed on whole-mount tadpoles as
described in Caine & McLaughlin (2013). In brief, fixed tadpoles were rehydrated
and permeabilized in PBTr (1X PBS with 0.1 % Triton and 2 mg/ml bovine serum
albumin [BSA]), blocked in 20% heat-inactivated goat serum in PBTr, and
incubated overnight at 4°C in anti-active-Caspase 3 primary antibody (1:300; BD
Biosciences Pharmingen). They were then rinsed in PBTr for 4 hours, blocked,
and incubated under the same conditions in goat anti-rabbit IgG secondary
antibody conjugated to Alexa Fluor 555 (1:300; Invitrogen). Tadpoles were
finally washed in PBTr for 5 hours, before being imaged under a fluorescent
microscope with a TRITC filter. For regions in which tadpoles exhibited punctate
expression of apoptosis (e.g. the pronephros), the number of individual apoptotic
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loci within the region was counted for each tadpole. Treatments were compared
using an ANOVA test, with a Tukey-Kramer post-test to determine whether
individual treatments significantly differed. For regions where individually
counting apoptotic cells was not possible (e.g. the eye), tadpoles were evaluated
based on whether they showed a qualitative increase in active caspase-3
expression over a typical control tadpole. Treatments were compared using
Fisher’s exact test.

In Situ Hybridization and Measurement of Expression
In situ hybridization was performed on whole-mount tadpoles as described
in Caine & McLaughlin (2013). Briefly, fixed tadpoles were hybridized with
digoxigenin-labeled antisense RNA probes for senescence marker protein 30
(SMP-30). Probes were detected with anti-digoxigenin antibody conjugated to
alkaline phosphatase (1:1500; Roche Diagnostics) and 5-bromo,4-chloro,3indolylphosphate/nitroblue tetrazolium (BCIP/NBT), which formed a blue
precipitate when developed. The area of SMP-30 expression on both sides of each
tadpole was measured with SPOT Advanced Imaging Software, and the ipsilateral
and contralateral areas were compared to determine which was larger.

Results and Discussion
This protocol allows for induction of apoptosis in X. laevis tissues in a
highly spatial and temporally regulated manner, by exposing KillerRed expressing
cells via fluorescent microscope and TRITC filter set to a standard metal halide or
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mercury light source. The eye and pronephric kidney of the developing X. laevis
tadpole, both known regenerating systems, are presented here as example targets
for demonstrating KillerRed’s effects on Xenopus tissue, and potential as a tool
for inducing apoptotic damage in regeneration studies.
KillerRed activation under the fluorescent microscope was confirmed
through observation of photobleaching of fluorescence in the illuminated target
regions (Fig. 1A, 3A), which has been shown to correlate with KillerRed
cytotoxicity (Teh et al., 2010). Photobleaching was instantaneously apparent upon
photoexcitation, and we found that five minutes of light exposure under a 40X
objective at full lamp power (~25 mW/mm²) was sufficient to ensure
approximately 75% reduction in brightness of KillerRed (Fig. S1). To confirm
that the response to KillerRed is spatially restricted to the illuminated regions of
the tadpole, we measured ROS production with the fluorescent superoxide
detector dihydroethidium. We found that ROS-induced fluorescence was indeed
limited to the illuminated region (Fig. 2).
We next looked at the effects of KillerRed photoactivation in the target
tissues. Since KillerRed is known to induce apoptosis in other organisms, we
looked for an increase in active (cleaved) Caspase-3 expression, as a marker of
apoptotic cells, following light exposure. Within 1-5 hours after light exposure,
KillerRed-expressing tadpoles showed a significant increase in apoptosis in
targeted tissues (Figs. 1B-C, 3B-C). As with ROS production, apoptosis too was
limited to the illuminated region. To confirm that the targeted tissues were, in
fact, being disrupted by the increase in apoptosis, we examined morphological

53

Figure 3.1. KillerRed-mediated light-induced apoptosis results in ablated
eye phenotype.
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Figure 3.1. KillerRed-mediated light-induced apoptosis results in ablated
eye phenotype. Xenopus laevis embryos were injected with KillerRed mRNA
at Nieuwkoop-Faber (NF) stage 2–3 and selected for KillerRed expression in
the left eye at NF stage 26–28. (A) 5 minute activation of KillerRed by
exposure to green light induced photobleaching. (B,C) 1.5–3.5 hours post light
treatment in eye (or at matching stages for unlit tadpoles),
immunohistochemistry for active Caspase-3 showed that light activation of
KillerRed resulted in significantly higher levels of apoptosis over tadpoles not
exposed to light, or expressing KillerRed. (Fisher’s exact; *: p < 0.01; **: p <
0.001) Apoptosis was spatially restricted to the illuminated region. (D) After
24 hours, tadpoles were visually inspected for the presence of an ablated
phenotype in the left eye. (E) Light activation of KillerRed resulted in
significantly higher incidence of ablated eye phenotype. (Fisher’s exact; *: p <
0.001) All scale bars are 500 µm. n indicates the number of tadpoles across all
replicates, and N indicates the number of replicates shown. (A, B: TRITC; D:
Brightfield)
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Figure 3.2. Photoactivation of KillerRed increases reactive oxygen species
only within the illuminated region. Dihydroethidium (DHE) is a fluorescent
indicator of superoxides. Following 5 minute activation of KillerRed (KR) by
exposure to green light, DHE fluorescence greatly increased within the
illuminated region (dashed circle). However, it did not similarly increase in
nearby, non-illuminated KillerRed-expressing regions, like the forebrain and
cement gland (arrowheads). All scale bars are 200 µm. (Top: TRITC; Middle,
bottom: Mermaid)
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Figure 3.3. KillerRed-mediated light-induced apoptosis results in ablated
pronephros.
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Figure 3.3. KillerRed-mediated light-induced apoptosis results in ablated
pronephros. Xenopus laevis embryos were injected with KillerRed mRNA at
Nieuwkoop-Faber (NF) stage 2–3 and selected for KillerRed expression in the
left pronephros at NF stage 37. (A) 5 minute activation of KillerRed by
exposure to green light induced photobleaching in pronephros (circled). (B,C)
1.5–3.5 hours post light treatment in eye (or at matching stages for unlit
tadpoles), immunohistochemistry for active Caspase-3 showed that light
activation of KillerRed resulted in a significant increase in the number of
Caspase-positive loci over tadpoles not exposed to light, or expressing
KillerRed. (Tukey-Kramer; *: p < 0.001) Mean number of Caspase-positive
loci per tadpole pronephros is shown, with error bars indicating the standard
error of the mean. Apoptosis was spatially restricted to the illuminated region.
(D) After 24 hours, in situ hybridization for Senescence Marker Protein 30
(SMP30) was performed to visualize proximal tubules, and areas of SMP30
expression were measured on each side of the tadpole using SPOT Advanced
imaging software. (E) Light activation of KillerRed resulted in ablation of
proximal tubules on the left side, compared to tadpoles with KillerRed
expression alone and tadpoles with no treatment at all. B (inset) scale bars are
100 µm; all other scale bars are 500 µm. n indicates the number of tadpoles
across all replicates, and N indicates the number of replicates shown. (A, B:
TRITC; D: Brightfield)
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and molecular phenotypes in the eye and pronephros, respectively. Twenty-four
hours post-exposure, tadpoles showed significant increase of phenotypes
consistent with cell death in the exposed area, as verified by the ablation of the
eye pigment (Fig. 1D-E) and the expression of molecular markers located in
proximal tubules found on the exposed side, compared to the unexposed side of
tadpoles (Fig. 3D-E). In comparison, we found no increase in apoptosis or tissue
ablation from light illumination alone, in tissues not expressing KillerRed (data
not shown).
Even without light activation, KillerRed-expressing cells have the
potential to undergo increased apoptosis (Fig. 1C). Because of this ‘leakiness’, the
concentration of mRNA injected must be titered for each target tissue, to
minimize nonspecific cell death and phenotypes. Conversely, too low a
concentration of mRNA resulted in a greatly reduced incidence of phenotypes
after light activation, and may require an increase in time of light exposure to
induce a phenotype (Fig. S2). The data presented here used a 26 ng/µL dilution in
injections targeted for the eye, and 18 ng/µL dilution in injections targeted for the
pronephros. Concentrations of mRNA at 40 ng/µL or higher drastically reduced
the viability of injected embryos.
Compared with traditional methods of tissue ablation, including
mechanical damage and whole-organism chemical exposures, KillerRed-induced
damage allows for greater specificity in targeting which cells will undergo
apoptosis. For example, organisms exhibiting an ablated phenotype in the left
pronephros after KillerRed activation showed no corresponding phenotype in the
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adjacent somites (data not shown). There are two major ways in which spatial
specificity can be controlled: limiting the location of KillerRed expression, such
as through targeted injections or expression under a promoter, and limiting the
light exposure to a particular target region using a fluorescent microscope. One or
both methods of spatial control may be used simultaneously. The spatial
resolution of KillerRed activation is dependent on the maximum magnification of
the fluorescent scope used; a higher level of magnification will produce a tighter,
more intense light exposure. Intensity of exposure, and therefore activation of
KillerRed, is also strongest in the focal plane of the microscope. Cells that are
deep within the organism or obscured by opaque tissue may be exposed to light of
reduced intensity, resulting in inefficient photoactivation. For organs or tissues
thicker than the microscope depth of field or wider than the field of view, multiple
light exposures may be necessary to activate KillerRed across the entire target
region.
KillerRed’s ability to induce apoptosis in a variety of organisms has been
well demonstrated, but its application as a method for tissue ablation in Xenopus
is novel. While KillerRed-mediated tissue ablation has been demonstrated in
zebrafish (Teh et al., 2010), these published techniques rely on the use of
transgenic organisms, a method that is not always practical, particularly if a
promoter for a desired tissue type has not been cloned. The method demonstrated
here, by contrast, requires only the presence of KillerRed mRNA, and is adapted
for use in Xenopus, for which protocols for KillerRed as a means of tissue
ablation have not yet been described. KillerRed-mediated tissue ablation can be
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used in Xenopus as an alternative to mechanical or chemical damage in
regeneration and repair studies. Unlike those generalized models of tissue
damage, however, KillerRed can also be used to study the specific effects of
oxidative damage and apoptosis. Since apoptosis has been shown to play a key
role in regeneration of some Xenopus tissues, photosensitizers may be particularly
useful tools in this system (Tseng et al., 2007; Caine and McLaughlin, 2013).
Similar tissue ablation has been shown in invertebrates—in particular, a
comparable protocol has been demonstrated in C. elegans, where photoactivation
of the protein miniSOG, a generator of singlet oxygen, was shown to ablate cells
in a cell-autonomous manner (Qi et al., 2012). KillerRed’s cytotoxicity, in
comparison, occurs primarily via superoxides (E. O. Serebrovskaya et al., 2009).
In conclusion, we believe that this method of inducing targeted apoptosis in
Xenopus tissues by photoactivation of KillerRed will prove to be a highly useful
and adaptable protocol, with novel applications yet to be discovered, in the fields
of developmental biology, regeneration, and repair.
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Figure 3.S1. Extensive photobleaching of KillerRed occurs within the first 5 minutes of light
exposure. A tadpole expressing KillerRed in the eye was exposed to green light under the 40X objective
for 9 minutes, with images taken each minute. Images have been false colored to improve contrast.
While the brightness of KillerRed fluorescence continues to diminish with increasing light exposure
time, the greatest extent of photobleaching occurs within the first five minutes. Scale bar is 50 µm. (All
images: TRITC)

Figure 3.S2. Titration of mRNA concentration is necessary for proper
penetrance of phenotype. Effects of specific (with light) and nonspecific (no
light) activation of KillerRed are shown for varying concentrations of mRNA
injection solution, using a typical injection dosage as described in the methods.
With a standard injection solution of 26 ng/μL, the injection dosage of mRNA
is ~200 pg/embryo. Lower concentrations of mRNA result in markedly
reduced incidence of the ablated eye phenotype upon photoactivation of
KillerRed, while higher concentrations show a drastic increase in nonspecific
KillerRed damage, even without photoactivation. Numbers above bars indicate
the number of tadpoles shown for each treatment. Bars for 13 ng/μL show 1-2
replicates, 26 ng/μL shows 3 replicates, and 52 ng/μL shows 4 replicates.
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Abstract
Background
Urodele amphibians and some fish are capable of regenerating up to a
quarter of their heart tissue after cardiac injury. While many anuran amphibians
like Xenopus laevis are not capable of such feats, they are able to repair lesser
levels of cardiac damage, such as that caused by oxidative stress, to a far greater
degree than mammals. Using an optogenetic damage induction model that utilizes
the protein KillerRed, we have investigated the extent to which mechanisms of
cardiac regeneration are conserved during the repair of oxidative stress-induced
damage in X. laevis tadpoles. We focused particularly on the processes of
cardiomyocyte proliferation and dedifferentiation, as well as the pathways that
facilitate the regulation of these processes.

Results
The cardiac response to KillerRed-induced injury in X. laevis tadpole
hearts consists of a phase dominated by indicators of cardiac stress, followed by a
repair phase with characteristics similar to mechanisms of cardiac regeneration in
urodeles and fish. In the latter phase, we found indicators of partial
dedifferentiation and cardiomyocyte proliferation in the injured tadpole heart.
Interestingly, these processes are not dependent on Notch signaling or on retinoic
acid produced by the activation of the epicardium.

Conclusions
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The Xenopus laevis cardiac response to KillerRed-induced oxidative stress
shares characteristics with both mammalian and urodele/fish repair mechanisms,
though not to the extent of either. It is a unique form of repair, occupying an
intermediate place on the spectrum of cardiac regenerative ability. An
understanding of how Xenopus repairs cardiac damage can help bridge the gap
between mammals and urodeles and contribute to new methods of treating heart
disease.

Background
Regenerative ability in the animal kingdom exists along a spectrum,
ranging from mammals, where regenerative potential only exists within limited
timeframes and types of tissue, to animals like the hydra, capable of regenerating
their entire body plan from a single cell (Birnbaum and Alvarado, 2008; Tiozzo
and Copley, 2015; Brockes and Kumar, 2008; Tanaka and Reddien, 2011). In the
middle of this range sit the anuran amphibians, the class of amphibians including
frogs and toads that lose their tail during metamorphosis. These animals possess
regenerative capabilities far greater than those of mammals in many tissues and
organs, but much of this regenerative ability is restricted to larval stages, with the
ability to regenerate structures like limbs being lost in adulthood (Dent, 1962;
Mescher et al., 2013). Thus, studying repair and regeneration in anurans provides
researchers a unique opportunity to better understand where in evolutionary
history regenerative ability was lost, and may provide novel strategies for
augmenting tissue repair in non-regenerative organisms.
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Nowhere is this spectrum of regenerative ability more evident than in the
heart. The adult mammalian heart is extremely poor at repairing injury, with both
acute sources of cardiac damage (like infarction) and chronic sources (like aging)
leading to apoptosis, ventricular hypertrophy, fibrosis, and heart failure (Porrello
et al., 2013; Boyle et al., 2011; Whelan et al., 2010; Konstantinidis et al., 2012;
Santini et al., 2007). The inability of mammals to recover from these types of
damage can be seen in its devastating impact on human health, with heart disease
remaining the leading cause of death in the United States (E. J. Benjamin et al.,
2018). In contrast, urodele amphibians (amphibians like newts and salamanders
that retain a tail throughout life) have shown a remarkable ability to regenerate
cardiac tissue even with a quarter of the ventricle amputated (Oberpriller and
Oberpriller, 1974; Cano-Martínez et al., 2010; Witman et al., 2011; Becker et al.,
1974; Flink, 2002), as have several species of teleost fish (Poss et al., 2002;
Lafontant et al., 2012; J. Wang et al., 2011; Grivas et al., 2014). Among anurans,
evidence of regenerative ability is more limited. Young adult Xenopus tropicalis
can regenerate heart tissue after ventricular resection, while mature adults of the
closely related species X. laevis are not capable of cardiac regeneration (Liao et
al., 2017; Marshall et al., 2017). In this aspect, X. laevis is more similar to the
mammalian paradigm, where severe heart damage leads to fibrosis and scarring,
with corresponding loss of cardiac function (Porrello et al., 2011). However,
although it is important for studies into regeneration mechanisms, this type of
amputation damage may not be the best analogy for human heart disease. Many of
the most prevalent types of heart disease, including hypertension, atherosclerosis,

68

and coronary disease, are characterized by prolonged low-level cardiac stress,
caused or exacerbated by reactive oxygen species (ROS) (Takimoto and Kass,
2007; Giordano, 2005). In mammals, these stresses result in ventricular
hypertrophy, activation of stress genes like the heat shock proteins (HSP), and
even cell death (Takimoto and Kass, 2007; Giordano, 2005; I. J. Benjamin and
McMillan, 1998). Anurans, on the other hand, are much better adapted than
mammals to respond to lesser levels of cardiac stress from a variety of adverse
stimuli, including oxidative stress (Gaitanaki et al., 2007; Stathopoulou et al.,
2006; Gaitanaki et al., 2003). Anuran cardiac repair ability therefore lies
somewhere between mammals and urodeles, which raises the question: to what
extent do anurans use regenerative mechanisms in repairing lesser levels of heart
damage?
Cardiac regeneration in urodeles and fish is an immensely complex
process, requiring the coordination of multiple cell types and signaling pathways.
All layers of the heart are involved: the myocardium dedifferentiates and
proliferates

to

become

replacement

myocardium;

the

epicardium

transdifferentiates to a variety of cell types including fibroblasts and vascular
smooth muscle, and provides structural support for the new myocardium; and the
endocardium synthesizes a variety of signaling molecules to promote
cardiomyocyte proliferation (Jopling et al., 2010; Gittenberger-de Groot et al.,
2010; Lepilina et al., 2006; Mercer et al., 2013; Kikuchi, Holdway et al., 2011;
Choi et al., 2013). The extent to which any or all of these processes may be
required depends greatly on the type and extent of damage, but regeneration from
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most forms of cardiac damage nonetheless follows a highly stereotyped series of
events. After an initial process of wound repair, epicardium-derived fibroblasts
deposit a collagen and fibrin extracellular matrix (ECM) to provide structure for
the regenerating heart (Poss et al., 2002; Gittenberger-de Groot et al., 2010;
Schnabel et al., 2011). The epicardium, the outermost tissue layer of the heart,
proliferates and regenerates to help provide further structure and protection for the
regenerating muscle (Lepilina et al., 2006). Next, terminally differentiated
cardiomyocytes, driven by external signals such as retinoic acid and Notch
signaling, undergo partial dedifferentiation to reenter the cell cycle (Jopling et al.,
2010; Kikuchi, Holdway et al., 2011; L. Zhao et al., 2014; Raya et al., 2003;
Zhang et al., 2013). Cardiac progenitor genes typically associated with cardiac
development are re-expressed in these cells, including Gata4 in the outer compact
myocardium and Nkx2.5 in the apical edge of the myocardium, although some
studies have found no change in the latter (Kikuchi et al., 2010; Zhang et al.,
2013; Jopling et al., 2010; Raya et al., 2003; Lepilina et al., 2006). The Gata4+
cells are of particular interest, as they are the population that will next proliferate
to replace the injured tissue (Kikuchi et al., 2010). After these proliferated
cardiomyocytes migrate to the wound site, they become electrically coupled and
the restoration of a fully functional heart is complete (Chablais et al., 2011; Poss
et al., 2002).
To better understand where Xenopus laevis and its cardiac repair
mechanisms lie along the spectrum of regenerative ability, we examined whether
components of the regenerative response observed in lower vertebrates that are
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capable of cardiac regeneration were conserved in the anuran response to
oxidative stress. For these studies, oxidative stress induced by an optogenetic
system using the genetically encoded photosensitizer protein KillerRed (KR),
which generates superoxide radicals upon excitation with green light (Pletnev et
al., 2009; Vegh et al., 2011; E. O. Serebrovskaya et al., 2009). KillerRed has been
used as a tool for inducing localized cell and tissue damage in other organs of
Xenopus tadpoles, but there have been few studies on its effects on the heart, and
none in amphibians (Jewhurst et al., 2014; Teh et al., 2010). This approach has
allowed us to spatially and temporally control the induction of oxidative stress in
order to better gain an understanding of the timeline of events initiated during the
cardiac repair response. The presence of markers of cardiac stress seen in
mammals, and of indicators of cardiac regeneration seen in urodeles and fish, was
investigated. Specifically, we were interested in finding evidence of
dedifferentiation and proliferation of cardiomyocytes, activation of Notch
signaling, and activation of the epicardium.

Results
Light activation of KillerRed induces cardiac hypertrophy and proliferation
Light activation of KillerRed (KR) has previously been shown to reduce
heart functionality in zebrafish, as well as induce cell and tissue damage in a
variety of model organisms (Teh et al., 2010; Shirmanova et al., 2012; Bulina et
al., 2005). Our lab in particular has used KillerRed in Xenopus laevis tadpoles to
induce localized tissue damage in the eye and kidney (Jewhurst et al., 2014).
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Thus, we took advantage of this molecular tool to examine the effects of this
damage model on the mature X. laevis tadpole heart and observed that light
activation of KR resulted in a number of morphological and histological changes.
One of the most pronounced of these changes is hypertrophy of the ventricle, a
prominent indicator of cardiac stress (Fig. 1A) (Takimoto and Kass, 2007). Gross
cardiac morphology of KR-expressing tadpoles was characterized by measuring
ventricular volume over the course of one week after the KR protein was
activated by light over the course of an 18-hour period (Fig. 1B). Ventricular
volume remained at control levels until six hours after the end of light activation.
Between six to nine hours, the size of the ventricle rapidly increased relative to
controls, with ventricular enlargement reaching its greatest extent – approximately
a 1.6-fold increase over controls – at nine hours post-light exposure (Fig. 1Bi; p <
0.001, Mann-Whitney test with Holm correction). Interestingly, this enlargement
was transient, and the relative volume of the ventricle gradually decreased over
the next 24 hours, returning to control levels by 48 hours. Additionally, we a
significant increase in ventricular volume at 3 and 5 days post-light activation was
detected (Fig. 1Bii; p=0.03, p=0.003, Mann-Whitney test with Holm correction).
To determine if these changes in ventricle size were true hypertrophy, or if
they were due to an increase in the number of the cardiomyocytes, we determined
the amount of proliferation in the ventricle as a density of histone H3 phosphoSer10 (H3P) positive loci. Immunochemistry for cardiac troponin T was used to
better visualize myocardial tissue (Fig. 1A). Interestingly, there was no significant
difference in the amount of myocardial proliferation between controls and
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Figure 4.1. Light induction of tadpoles with KillerRed expression in the
heart induces transient ventricular hypertrophy and cardiomyocyte
proliferation.
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Figure 4.1. Light induction of tadpoles with KillerRed expression in the
heart induces transient ventricular hypertrophy and cardiomyocyte
proliferation. A) The ventricle of KillerRed-expressing/light activated
tadpoles (Treated) is enlarged at 9 hours relative to sibling control hearts.
Immunohistochemistry for cardiac troponin T (CT3). Scale bar = 100 µm. B) i)
The volume of KillerRed-expressing tadpole ventricles exposed to green light
(Treated), normalized to uninjected stage-matched sibling controls (Control),
increases significantly over that of control ventricles in a period between 9 and
24 hours after removal from light. n=35-162 tadpoles, N=2-6 replicates. ii)
Ventricular volume increases significantly in treated tadpoles over controls at
3 and 5 days post-light exposure. n=19-60 tadpoles, N=1-3 replicates. C) i)
There is no change in cardiomyocyte proliferation in KillerRed-expressing
+

hearts exposed to light, as measured by density of Histone H3 p-Ser10 (H3P )
positive loci in the ventricle, relative to control hearts in the first 24 hours after
light exposure. n=15-49 tadpoles, N=1-2 replicates. ii) Proliferation increases
significantly in KillerRed-expressing and light-activated tadpole hearts over
uninjected stage-matched sibling controls at two time points, 4 days and 7 days
post-light exposure. n=11-38 tadpoles, N=1-2 number of replicates. *: p <
0.05; **: p < 0.01 (t-test with Holm correction).
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tadpoles with activated KillerRed at any time point in the first 24 hours, when
ventricular volume was highest (Fig. 1Ci; p > 0.1, Mann-Whitney test with Holm
correction). However, we observed a significant increase in proliferation in
KillerRed-treated hearts at two later timepoints, 4 and 7 days post-light activation
(Fig. 1Cii; p = 0.03, Mann-Whitney test with Holm correction). At 4 days,
tadpoles expressing KillerRed and exposed to light showed a 70% increase in
H3P+ loci in the heart over uninjected controls; at 7 days, this increase was almost
300% over controls, though from a much lower baseline level of proliferation.

KillerRed-induced hypertrophy is caused by reactive oxygen species
KillerRed has been well established as a producer of reaction oxygen
species, specifically superoxide and singlet oxygen radicals (Pletnev et al., 2009;
Vegh et al., 2011; E. O. Serebrovskaya et al., 2009). Superoxide radicals are
among the most common ROS associated with many types of heart disease,
including myocardial infarction, coronary heart disease, and ischemia-reperfusion
injury (Fattman et al., 2003). We therefore wanted to confirm that superoxides
were being produced in our system and were responsible for the effects observed
in the heart. Dihydroethidium (DHE) is a nonfluorescent molecule that reacts with
superoxide radicals to form fluorescent ethidium, and has therefore been
developed as a tool for detecting the presence of superoxides (Robinson et al.,
2006; Love et al., 2013). DHE fluorescence was used to measure superoxide
production following light exposure. Because the product of the DHE-superoxide
reaction is toxic ethidium, it was not possible to measure the increase in
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superoxide levels over the long period of light exposure used to induce
hypertrophy, or for any extended period. Instead, we measured the effects of KR
light activation by exposing tadpoles to a shorter photoperiod under a fluorescent
microscope, with a light intensity 40 times as great at the point of exposure. After
five minutes of light exposure, DHE fluorescence increased substantially in the
ventricle and outflow tract of the heart (Fig. 2Ai). Conversely, only a minimal
increase in fluorescence was seen when DHE-treated tadpoles were not exposed
to light (Fig. 2Aii).
To confirm that superoxide production was also occurring in the longer
exposure, and was responsible for ventricular hypertrophy, we exposed KRexpressing tadpoles to the ROS scavenger edaravone (EDV). The addition of
EDV to the medium during light activation of KR suppressed all increase in DHE
fluorescence (Fig. 2Aiii), demonstrating that it functioned as an ROS scavenger in
this system. KR-expressing tadpoles were then exposed to EDV over the course
of the 18-hour light activation, which resulted in complete abolition of
hypertrophy in EDV-treated hearts (Fig. 2B).

Heat shock protein expression is modulated during the early oxidative stress
response
In addition to hypertrophy, we were interested in measuring other markers
of cardiac stress during the early damage response. When stress is present in an
organism, including during cardiovascular disease, expression of heat shock
protein chaperones is often upregulated (I. J. Benjamin and McMillan, 1998). We
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Figure 4.2. KillerRed-induced hypertrophy is caused by superoxide production.

Figure 4.2. KillerRed-induced hypertrophy is caused by superoxide
production. A) i) Exposure of KillerRed (KR) expressing tadpoles to green
light at NF stage 42 produces superoxide radicals, indicated by an increase in
dihydroethidium (DHE) fluorescence in the heart (outlined). “L” marks the
liver, which is autofluorescent. ii) Without light activation, KillerRed produces
no superoxides. iii) Exposure of KillerRed-expressing tadpoles to the ROS
scavenger edaravone (EDV) prevents light-induced production of superoxides.
All scale bars are 100 µm. B) Exposure of KillerRed-expressing tadpole hearts
to EDV suppresses the light-induced ventricular hypertrophy seen in DMSO
controls. Mean ventricular volume is shown (n=34-39 tadpoles, N=2
replicates), with error bars indicating 95% confidence intervals. * p< 0.05; **
p < 0.01 (ANOVA with Tukey post hoc).
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examined two HSP genes that have previously been implicated in heart disease:
Hsp70, associated with ischemia and hypertensive atherosclerosis, and Hsp60,
associated with atherosclerosis and hypertension (Pockley et al., 2000; Xu et al.,
2000; Dulin et al., 2010; Jenei et al., 2013; I. J. Benjamin et al., 1990). Expression
of these genes in the heart and adjacent tissues was measured using qRT-PCR
(Fig. 3). Three hours after KR light induction ended, expression of Hsp70 in the
heart increased an average of 15-fold over what was detected in control animals
(Fig. 3A; p = 0.04, Kruskal-Wallis test). Not all HSP genes were universally
upregulated, though; interestingly in the same time period, expression of Hsp60
decreased to 70% of control levels (Fig. 3B; p = 0.04, Kruskal-Wallis test).

Cardiac development genes are reactivated around the first window of
proliferation
The increase in proliferation at 4 days, combined with the increase in
ventricular volume on both 3 and 5 days, suggested that this period was a time of
highly dynamic changes in the post-injury heart. We decided to more closely
investigate whether other mechanisms of cardiac regeneration were active during
this window, specifically the partial myocardial dedifferentiation that precedes
cardiomyocyte proliferation in urodeles and fish (Jopling et al., 2010; Kikuchi et
al., 2010; Laube et al., 2006). Expression of the cardiac progenitor genes Gata4
and Nkx2.5 was measured in tadpole hearts undergoing KillerRed-mediated
oxidative stress to determine whether the mechanisms seen in regeneration from
more severe injury models were also active in our model. Since most cardiac
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Figure 4.3. Expression of heat shock protein genes is highly modulated
early in the damage response. A) Hsp70 is upregulated 15-fold in KillerRed
and light-treated hearts over uninjected controls at 3-hours post-light exposure
(* p < 0.05, Kruskal-Wallis test). Changes in Hsp70 expression were measured
relative to Eef1a expression as an endogenous control. Error bars indicate
SEM of dCt values. n=5-10 tadpoles per replicate, N=3 replicates. B) Hsp60 is
downregulated in KillerRed and light-treated hearts to 70% of expression
levels in uninjected controls at 3-hours post-light exposure (* p < 0.05,
Kruskal-Wallis test). Changes in Hsp60 expression were measured relative to
Eef1a expression as an endogenous control. Error bars indicate SEM of dCt
values. n=5-10 tadpoles per replicate, N=3 replicates.
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regeneration studies observed dedifferentiation within one day of increased
proliferation (Zhang et al., 2013; J. Wang et al., 2011; Poss et al., 2002; Schnabel
et al., 2011; Jopling et al., 2010), hearts within the 3 to 5-day period post-light
exposure were examined for expression of early cardiac developmental genes.
qRT-PCR was used to measure expression of these genes in the heart and
immediately adjacent tissues (Fig. 4A,B). KillerRed-expressing hearts treated
with light showed a significant increase in expression of both Gata4 and Nkx2.5 at
3 days post-light exposure, with a mean 1.4-fold increase in Gata4 expression
over control hearts (p < 0.05, Kruskal-Wallis test), and a mean 1.8-fold increase
in Nkx2.5 expression over control hearts (p < 0.01, Kruskal-Wallis test). For both
genes, expression at 4 and 5 days was not significantly different from that of
controls.
We next wanted to more precisely determine, on a tissue-level basis,
where within the heart these changes in gene expression were taking place –
whether developmental genes were being upregulated in tissues where they were
already expressed, or whether these genes were being ectopically expressed in
different layers of the heart. Since regenerative processes take place in all layers
of the heart, and most of them involve some level of dedifferentiation and
activation of developmental pathways (Jopling et al., 2010; Gittenberger-de Groot
et al., 2010; Lepilina et al., 2006; Mercer et al., 2013; Kikuchi, Holdway et al.,
2011; Choi et al., 2013), we were interested in which of these cell types our
developmental genes of interest were upregulated. We examined the expression of
Gata4 and Nkx2.5 in section on KillerRed-treated and control hearts, using in situ

81

Figure 4.4. Cardiac progenitor genes are upregulated at three days postlight activation.
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Figure 4.4. Cardiac progenitor genes are upregulated at three days postlight activation. A) KillerRed-expressing tadpole hearts exposed to light show
a significant increase in expression of Gata4 relative to uninjected controls at
3-days post-light exposure (* p < 0.05; Kruskal-Wallis test). Changes in Gata4
expression were measured relative to Eef1a expression as an endogenous
control. Error bars indicate SEM of dCt values. n=10 tadpoles per replicate,
N=6 replicates. B) KillerRed-expressing tadpole hearts exposed to light show a
significant increase in expression of Nkx2.5 relative to uninjected controls at 3
days post-light exposure (** p < 0.01; Kruskal-Wallis test). Changes in Nkx2.5
expression were measured relative to Eef1a expression as an endogenous
control. Error bars indicate SEM of dCt values. n=10 tadpoles per replicate,
N=5 replicates. C) In situ hybridization for Gata4 and Nkx2.5 shows that there
is no change in the location where these genes are expressed following light
activation of KillerRed-expressing tadpole hearts. Both genes are expressed,
among other tissues, in the myocardium of the ventricle (blue arrow), the
myocardium of the outflow track (red arrow), and the inner lining
(endocardium or apical myocardium) of the atrium (green arrow).
Representative images from 3-days post-light activation are shown here. Scale
bar = 100 µm. Section thickness = 10 µm.
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hybridization to detect expression of the development genes. In KillerRed-treated
animals, expression of both Gata4 and Nkx2.5 increased throughout multiple
regions and layers of the heart, including the myocardium of the ventricle and
outflow tract, and the inner edge of the atria, potentially the endocardium or
apical myocardium (3-days post light exposure; Fig. 4C). However, we found no
difference in the location of expression between tadpoles that had undergone
KillerRed-induced oxidative stress and sibling controls, suggesting the increased
levels measured by qRT-PCR were not due to ectopic expression.

Additional indicators of regeneration are unaffected during the damage response
We next examined the hearts of KillerRed-treated tadpoles for the
presence of other regenerative markers, particularly those associated with
proliferation or dedifferentiation. Notch signaling is essential for proliferation
during cardiac regeneration in zebrafish, and we were interested in whether this
was also true in our damage model in Xenopus (L. Zhao et al., 2014; Raya et al.,
2003; Zhang et al., 2013). As there are many potential points at which Notch
signaling can be regulated, we elected to determine whether it was altered in
Xenopus hearts after oxidative stress by measuring the expression of downstream
basic helix-loop-helix (bHLH) targets of Notch signaling. Specifically, we chose
Hey1 and Hes1, which have been previously used as indicators of Notch activity
in the heart and are also upregulated during some types of heart repair in
mammals (Limana et al., 2013; Boni et al., 2008). Hey1 and Hes1 expression was
measured using qRT-PCR in the heart and surrounding tissues for one week after
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light-induced KillerRed-mediated injury. Unlike what has been reported in
mammals, we found no change in expression from controls (Fig. 5).
We next looked at the epicardium, which plays a large role in cardiac
regeneration in urodeles and fish. In addition to providing protection and
structural support for the regenerating myocardium, epicardium-derived cells
transdifferentiate into a number of cell types to assist in regeneration, and the
epicardium is a major source of retinoic acid (RA) to promote cell proliferation
(Lepilina et al., 2006; Mercer et al., 2013; Kikuchi, Holdway et al., 2011;
Gittenberger-de Groot et al., 2010). Much of the role of the epicardium is
dependent on the process of epicardial activation, in which epicardial
development genes – including Raldh2, responsible for RA synthesis – are
reactivated as epicardial cells prepare for transdifferentiation (Lepilina et al.,
2006). To determine if epicardial activation was involved in the Xenopus laevis
oxidative stress response, we examined Raldh2 expression in the heart following
KillerRed-induced injury. qRT-PCR was used to measure Raldh2 expression in
the heart and surrounding tissues for a week following light activation, and no
change in expression was detected in treated tadpole hearts relative to uninjected
controls (Fig. 6A).
To determine if any changes to the structure of the epicardium took place,
or if expression of epicardium-specific gene markers was altered, we examined
the morphology of the epicardium. Immunohistochemistry for integrin β1 (Itgβ1),
an extracellular matrix-binding protein expressed in the developing epicardium,
was used to visualize the epicardium (Tandon et al., 2016). As epicardial
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Figure 4.5. Notch targets are unchanged during the cardiac oxidative
stress response. Expression of A) Hey1 and B) Hes1, basic helix-loop-helix
(bHLH) proteins downstream of Notch signaling, does not change significantly
in KillerRed-expressing and light-treated tadpole hearts relative to uninjected
controls over the first week after light activation (p > 0.05, Kruskal-Wallis
test). Gene expression was measured relative to uninjected control hearts,
using Eef1a as an endogenous control. Points indicate mean fold change at
each time point, and vertical bars indicate range. n=10 tadpoles per replicate,
N=2 replicates.
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Figure 4.6. Epicardial activation is not part of the Xenopus laevis oxidative
damage response. A) Retinaldehyde dehydrogenase (Raldh2) expression, a
marker of epicardial activation in cardiac regeneration, does not change
significantly in KillerRed-expressing and light-treated tadpole hearts relative
to uninjected controls over the first week after light activation (p > 0.05,
Kruskal-Wallis test). Raldh2 expression was measured relative to uninjected
control hearts, using Eef1a as an endogenous control. Points indicate mean
fold change at each time point, and vertical bars indicate range. n=10 tadpoles
per replicate, N=2 replicates. B) i) Schematic of coronal heart sections. Plane
of section is in red; Xenopus laevis tadpole drawing modified from Nieuwkoop
and Faber (1967). Inset: Outline of heart section; ventricle (V) and outflow
tract (OFT) are labeled. ii) Epicardial morphology and expression of epicardial
genes do not change in response to light activation of KillerRed.
Immunohistochemistry for Integrin β1 (Itgβ1), a marker of the developing
epicardium, and cardiac troponin T, a marker of myocardium, was performed
on 10 µm sections.
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activation and regeneration takes place before myocardial repair in fish, and are
required for myocardial proliferation to proceed (Lafontant et al., 2012; Schnabel
et al., 2011; J. Wang et al., 2013), we examined epicardial morphology at 3 days
post light activation. This time point immediately preceded the first window of
proliferation, and was therefore the latest point at which we would expect changes
in the epicardium to be visible. However, there was no change in the location or
level of expression of Itgβ1, or in the morphology of the epicardium (Fig. 6B).

Discussion
Superoxide is an important player in the pathology of ROS-mediated heart
disease. It is one of the most prevalent types of ROS produced by mitochondria,
and therefore plays a major role in ischemia/reperfusion injury and hypertension
(Kalogeris et al., 2012; Chouchani et al., 2016; Dikalov et al., 2014). Our studies
provide additional evidence that KillerRed is not only an effective model for
cardiac injury, it is also a highly relevant model in mimicking the conditions that
cause and prolong human heart disease.
Our work shows that the cardiac oxidative damage response in Xenopus
laevis is a highly dynamic process, beginning with elements associated with stress
response in the first 24-48 hours after injury, followed by a repair phase that
begins with recovery from ventricular hypertrophy and continues over the next
several days (Fig. 7). We have found evidence that the latter phase shares
regenerative processes and pathways in common with those seen in urodeles and
fish, but also substantially differs in other aspects. Specifically, mechanisms of
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Figure 4.7. Xenopus laevis cardiac repair shares elements of the
mammalian stress response and the urodele/fish regenerative response. A)
The cardiac response of Xenopus laevis tadpoles to oxidative stress shares
elements with the stereotyped cardiac regeneration response, but each pathway
also contains unique mechanisms not shared by the other. B) The X. laevis
cardiac repair response can be divided into two phases, a stress phase
dominated by ventricular hypertrophy and upregulation of Hsp70, and a repair
phase dominated by re-expression of cardiac development genes and
cardiomyocyte proliferation.
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cardiomyocyte dedifferentiation and proliferation appear to be conserved in the
oxidative stress response, while we found no evidence that epicardial activation
and modulation of cell behavior via the Notch signaling pathway are involved in
the repair process.

Oxidative stress induces cardiac hypertrophy and alters heat shock protein
function
The first 24-48 hours after the removal of KillerRed-expressing tadpoles
from light exposure are dominated by elements associated with cardiac stress,
including ventricular hypertrophy and upregulation of certain heat shock protein
genes (Fig. 1, 3). This increase in cardiac hypertrophy is driven by KillerRedproduced superoxide radicals (Fig. 2). The lack of a significant increase in
cardiomyocyte proliferation during the first two days after injury eliminates the
possibility that the initial increase in ventricular volume is due to a change in the
number of cardiomyocytes, indicating that true hypertrophy is taking place (Fig.
1C). Cardiac hypertrophy is utilized by organisms as a method of adapting to
stresses that inhibit the efficiency of the heart, such as reactive oxygen species
(Takimoto and Kass, 2007; Giordano, 2005). During a period of oxidative stress,
ROS directly activate cellular growth pathways, inducing tissue remodeling and
changes in cardiac morphology. However, despite initially serving as a beneficial
adaptation, prolonged hypertrophy can lead to electric decoupling of
cardiomyocytes, maladaptation, and cardiac dysfunction (Takimoto and Kass,
2007; Tomaselli and Marban, 1999; Gomez et al., 1997). It is particularly
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advantageous for the X. laevis tadpole, then, that ventricular volume in our model
returns to control levels within 48 hours of removal from light, which indicates a
rapid and robust repair response. In contrast, hypertrophy observed in adult X.
laevis hearts following ventricular amputation remained present up to 11 months
after surgery (Marshall et al., 2017).
Expression of heat shock protein chaperone genes is also modulated in the
hours immediately after removal from light (Fig. 3). In stresses associated with
heart disease, including oxidative stress, HSPs are necessary to restore
homeostasis by assisting in protein folding in an adverse cellular environment (I.
J. Benjamin and McMillan, 1998). We looked in particular at expression of the
genes Hsp70 and Hsp60. Hsp70 has been found to be upregulated in human
patients with severe heart failure, ischemia, and atherosclerosis (Pockley et al.,
2003; Jenei et al., 2013; Hecker and McGarvey, 2011). Hsp60 is also upregulated
under atherosclerotic and ischemic conditions, and is associated with activating an
immune response (Li et al., 2011; Pockley et al., 2000; Xu et al., 2000).
Curiously, in our damage model we saw a 15-fold increase in Hsp70 expression
over control levels, while Hsp60 expression was downregulated to 70% of control
levels (Fig. 3). This extreme difference demonstrates that the response to
KillerRed-induced oxidative stress is not universal across all HSP genes, and
suggests a distinct role for Hsp70 and Hsp60 in responding to this specific form of
damage. The upregulation of Hsp70 shows it is likely involved in protecting the
heart under KillerRed-induced stress conditions, as it does in disease states and
even during exercise (Pockley et al., 2003; Jenei et al., 2013; Hecker and
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McGarvey, 2011; Salo et al., 1991). The response of Hsp60, however, does not
follow the same pattern as it does in cardiac disease and heart failure (Li et al.,
2011; Pockley et al., 2000; Xu et al., 2000; Y. Wang et al., 2010), though it has
been observed to be downregulated under conditions of oxidative stress (S. Kim
and Lee, 2007). Altogether, the presence of hypertrophy and upregulation of
Hsp70 show that the early phase of the oxidative damage response (0–48 hours) is
dominated by activation of stress-related pathways, and may play a role in
minimalizing damage to the heart caused by ROS.
In addition to the initial peak in hypertrophy, we observed two more
significant increases in ventricular volume over controls, one at 3 days and one at
5 days post-light exposure (Fig. 1Bii). These are likely associated with the
changes in cardiac developmental gene expression seen during the same time
period (Fig. 4); in particular, the increase at 5 days directly follows an increase in
cardiomyocyte proliferation, indicating growth via hyperplasia.

There is evidence of partial dedifferentiation and proliferation in the Xenopus
oxidative stress response
We found that proliferation increases significantly in KillerRed-treated
tadpoles relative to controls at two time points, 4 days and 7 days post-light
exposure (Fig. 1C). The presence of cardiomyocyte proliferation in the injured
Xenopus heart is not only a mechanism shared with cardiac regeneration in
urodeles and fish (Jopling et al., 2010; Kikuchi et al., 2010; Laube et al., 2006), it
has also been observed in regenerating hearts of neonatal mice (Porrello et al.,

92

2011; Porrello et al., 2013), occurs throughout the lifespan of adult mammalian
hearts (Senyo et al., 2013; Vujic et al., 2018), and is even upregulated to a limited
extent in failing and infarcted human hearts (Beltrami et al., 2001; Kajstura et al.,
1998). Its post-injury increase in Xenopus further indicates that proliferation is a
conserved response to cardiac injury across vertebrates, regardless of method of
damage, and supports the idea that promoting latent proliferative potential may be
vital in enhancing cardiac repair in nonregenerative organisms (Foglia and Poss,
2016; Senyo et al., 2014). We also observed a significant increase in expression of
both cardiac progenitor genes we investigated – Gata4 and Nkx2.5 – at 3 days
post-light exposure, one day prior to this increase in proliferation (Fig. 4A,B). The
expression change, observed in the qPCR results and confirmed in in situ
hybridization, is consistent with the re-expression of cardiac development genes
seen in fish hearts before proliferation (Kikuchi et al., 2010; Zhang et al., 2013).
Histological evidence shows that Gata4 and Nkx2.5 expression are predominantly
in the myocardium, further suggesting that the upregulation is occurring in
cardiomyocytes (Fig. 4C). It would be consistent for cardiomyocytes to remain in
a more dedifferentiated state during, and even after proliferation, until they again
become differentiated.
In neither gene, however, did we see a change in location of expression,
either in region or tissue layer of the heart. This may be because, as an embryonic
organ, the normal tadpole heart is still expressing low levels of Gata4 and Nkx2.5
(Fig. 4C), indicating that the cardiomyocytes are not entirely terminally
differentiated.

Rather

than

cardiomyocytes
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transitioning

from

a

fully

differentiated state to a partially dedifferentiated state, as they do in adult
regenerating hearts, the developing cardiomyocytes in the embryonic Xenopus
heart may only be regressing in degree of differentiation. A closer look at the
cellular structure of the cardiomyocytes during this stage would be very
informative as to the nature of the dedifferentiation process. Interestingly, no
change in markers of proliferation was observed in adult X. laevis following
ventricular amputation, which may indicate that this repair ability, like limb
regeneration, is lost between tadpole stages and adulthood, and perhaps requires
extant expression of cardiac progenitor genes (Marshall et al., 2017). The
presence of proliferation in similarly amputated X. tropicalis frogs at the young
adult stage may further narrow down the time at which cardiomyocyte
proliferation becomes no longer possible, if the difference is one of age and not
species (Liao et al., 2017; Liao et al., 2018).
The importance of Gata4 in the dedifferentiation of cardiomyocytes prior
to proliferation is well established in models studying the response to severe
mechanical damage (Kikuchi et al., 2010; Witman et al., 2011). The upregulation
of Gata4 prior to proliferation in the anuran response to oxidative damage
confirms that these processes and pathways are conserved across species with
highly varying degrees of regenerative ability, and responses to vastly different
injury stimuli. This indicates that Gata4-mediated cardiomyocyte proliferation is
not limited to organisms capable of full cardiac regeneration, and may indicate a
promising target for promoting cardiac repair in mammalian systems. The
upregulation of Nkx2.5 in our model is possibly even more informative, since
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previous studies into urodele and fish regeneration have proven inconsistent as to
whether Nkx2.5 is upregulated during cardiac regeneration. Interestingly, models
in which Nkx2.5 upregulation was not observed have been mechanical damage
models, while Nkx2.5 upregulation was observed in a genetic cell ablation model,
which, like oxidative stress, is a non-localized and non-mechanical method of
damage (Zhang et al., 2013; Raya et al., 2003; Jopling et al., 2010). This, along
with the evidence of our own study, may indicate that upregulation of Nkx2.5
expression is highly dependent on the method of damage.

Proliferation is not dependent on Hey1- or Hes1-mediated Notch signaling
Cardiomyocyte proliferation in zebrafish is dependent on a precise level of
Notch signaling – both inhibition and overexpression of Notch pathways can
prevent proliferation and proper cardiac regeneration (L. Zhao et al., 2014). We
measured expression of two major downstream targets of Notch signaling, Hey1
and Hes1 (Fig. 5). However, over the course of the first week after light-induced
injury there was no significant change in expression of these genes relative to
controls, either before proliferation or after. As these genes have been found
upregulated in other cardiac repair models, it is likely that they would be involved
in Notch signaling in our model as well (Limana et al., 2013). However, there is
no direct evidence of what bHLH genes urodeles and fish use in Notch signaling
during cardiac regeneration, and Xenopus may use an entirely different set of
bHLH genes to transduce Notch signals. Thus, although it remains possible that
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Notch signaling is involved in directing the cardiac injury response in Xenopus,
the downstream mediator proteins Hey1 and Hes1 are not involved.

Epicardial activation does not occur during the Xenopus oxidative stress response
Epicardial activation, the re-expression of developmental genes in the
epicardium following cardiac injury, is a very early event in the regenerative
response, occurring anywhere from immediately prior to days before
dedifferentiation and proliferation (Jewhurst and McLaughlin, 2015). This timing
is important, as RA signals from the activated epicardium are necessary to
promote cardiomyocyte proliferation (Kikuchi, Holdway et al., 2011).
Interestingly, we observed no change in Raldh2 expression – needed to synthesize
RA – throughout the first week after light-induced injury (Fig. 6A). This suggests
that proliferation in the Xenopus model is not RA dependent, a major difference
from zebrafish cardiac regeneration models. Additionally, we saw no change in
expression of the epicardial marker Itgβ1 or in the morphology of the epicardium,
which further suggests that it is not involved in the Xenopus cardiac injury
response (Fig. 6B). Interestingly, there is no published evidence of epicardial
activation in urodele cardiac regeneration, which may be a major difference
between the fish and amphibian regenerative responses (Jewhurst and
McLaughlin, 2015). If this is the case, Xenopus is consistent with other
amphibians. Further studies on the phylogeny of epicardial activation, and the role
of retinoic acid in promoting regeneration, would greatly increase our
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understanding of the extent to which regenerative mechanisms are conserved even
among taxa with full regenerative capabilities.

Conclusions
We have presented evidence that the Xenopus laevis cardiac response to
oxidative stress consists of a stress response phase in the first 24-48 hours after
damage, followed by a repair phase in which several mechanisms of the urodele
and fish cardiac regenerative response are conserved. The stress response includes
a period of transient ventricular hypertrophy and upregulation of the heat shock
protein gene Hsp70. The repair response in the post-injury heart includes markers
of partial dedifferentiation of cardiomyocytes, and subsequent cardiomyocyte
proliferation. However, notable differences from regeneration models exist as
well. In Xenopus laevis tadpoles, cardiomyocyte proliferation is not dependent on
retinoic acid signaling, nor is there any evidence that it is dependent on Notch
signaling. The Xenopus laevis oxidative stress response is therefore not simply an
identical form of cardiac regeneration to that seen in urodeles and fish. Some
mechanisms have been conserved across the taxa and type of damage response,
but these are not dependent on the same processes that drive them in cardiac
regeneration. This indicates that cardiac repair, while highly stereotyped in some
ways, is also an extremely diverse process that varies by individual organism and
the type of damage stimulus being responded to. These differences may also help
explain the reduced regenerative capabilities of Xenopus and other anurans,
relative to urodele amphibians.
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Many other markers of cardiac regeneration remain to be studied in this
system, particularly those processes that take place after proliferation. An
inflammatory response has been observed, very early in the regeneration process,
in different fish and urodele species, but not in all models. Determining whether
such a process takes place in our Xenopus model would greatly increase our
understanding of the ubiquity and importance of inflammation in cardiac repair,
and may explain the difference in regulation of Hsp70 and Hsp60. Additionally,
while proliferation was observed throughout the ventricle, there is no indication
which of these proliferating cardiomyocytes are responsible for replacing lost
cells, or whether they migrate to the site of cell death in a similar manner as
regeneration models. If cell migration is not required to repair low levels of
damage, or even if it is required to a lesser extent, it would greatly simplify the
process of reproducing cardiac repair mechanisms in a therapeutic context.

Methods
Fertilization of embryos
All experiments were performed in accordance with the Guide for Care
and Use of Laboratory Animals and approved by the Institutional Animal Care
and Use Committee (IACUC) at Tufts University. Experiments were conducted
under the IACUC approved protocol M2016-144. Adult female Xenopus laevis
were induced to ovulate by injection of chorionic gonadotropin hormone
(Chorulon). Adult male X. laevis were euthanized by submersion in 0.08%
benzocaine, followed by intraperitoneal injection of 5% tricaine methanesulfonate
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(MS222; adjusted to pH 7.2), and the testes were removed and stored in 1X
modified Barth’s saline (pH 7.5). Eggs were fertilized in vitro, and embryos were
dejellied in 2% cysteine (pH 8) and raised in 0.1X Marc’s Modified Ringer’s
solution (MMR; 10 mM NaCl, 0.2 mM KCl, 0.1 mM MgCl2, 0.2 mM CaCl, 0.5
mM HEPES, 1 μM EDTA, pH 7.4). Embryos and tadpoles were staged according
to Nieuwkoop and Faber (NF; 1967).

mRNA synthesis and microinjection
The pCS2-NXE+mem-KillerRed plasmid (Addgene plasmid 45761; memKillerRed) and pCS2+EB3-GFP plasmid (courtesy of Dr. John Wallingford,
University of Texas at Austin; GFP) were linearized with NotI restriction enzyme.
All mRNA was synthesized using the Invitrogen mMESSAGE mMACHINE SP6
kit, following the manufacturer’s instructions.
Embryos were injected at NF stage 3-4 (cleavage stages) with a
microinjector and pulled capillary glass needles. Injections were targeted to the
developing heart field (Moody and Kline, 1990). Each embryo was injected on the
vegetal edge of the marginal zone in each of the two dorsal blastomeres with 100
pg of mem-KillerRed and 500 pg of GFP mRNA (lineage tracer).
Embryos were kept in a solution of 3% Ficoll and 1X MMR during
injection, then gradually transferred to 0.1X MMR, and raised at 14-18°C to NF
stage 42. Tadpoles were then selected for expression of the injected mRNAs in
the heart region by sorting for presence of GFP fluorescence.
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Detection of reactive oxygen species
Tadpoles expressing KillerRed at NF stage 42 were placed for at least five
minutes in a solution of 30 µM dihydroethidium (DHE; 30 mM stock in DMSO,
diluted into 0.1X MMR), with 0.04% tricaine to immobilize them. For detection
of ROS during edaravone exposure, the solution also contained 400 µM
edaravone. Using a fluorescent microscope with a 200 W metal halide lamp, DHE
and KillerRed fluorescence in tadpole hearts were photographed with,
respectively, a Mermaid FRET (EX 450/20; BS 460; EM 590) and TRITC (EX
545/20; BS 565; EM 595/50) filter set. Hearts were then exposed to light by
focused illumination through the 40X objective lens and TRITC filter at an
intensity of 35 mW/mm2, for five minutes. At the end of light exposure, DHE
fluorescence in tadpole hearts was again photographed with the Mermaid FRET
filter.

Activation of KillerRed
Tadpoles expressing KillerRed at NF stage 42 were exposed to a 0.9
mW/mm2 green (545 nm) LED light for 18 hours, with temperature maintained at
18°C. Uninjected controls were also kept at 18°C during this period. Following
the end of light exposure, tadpoles were transferred to fresh 0.1X MMR or
chemical exposure solution and raised at 18°C until the desired stage. Upon
completion of the experiment, tadpoles were then euthanized in 5% tricaine, fixed
for one hour in MEMFA (0.1 M MOPS, pH 7.4, 2 mM EGTA, 1 mM MgSO4,
3.7% formaldehyde), rinsed in 1X phosphate buffered saline (PBS), and
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dehydrated

in

100%

methanol

prior

to

storage

at

–20°C

for

immunohistochemistry, in situ hybridization, or paraffin sectioning.

Edaravone exposure
After injection with KillerRed and GFP, tadpoles were raised to NF stage
42, selected for GFP fluorescence in the heart, and split into two groups. Half of
each injection treatment was placed in 400 µM edaravone (in DMSO), and the
other half was placed in 0.2% DMSO (both in 0.1X MMR). Tadpoles were then
exposed to green light for 18 hours as described above. 6 hours after the end of
light exposure, all treatments were transferred to 0.1X MMR, and two washes
were performed to remove all traces of edaravone or DMSO. Six hours after this,
all treatments were euthanized and fixed as described above.

qRT-PCR
The heart and surrounding tissues were dissected from live tadpoles with
three incisions: one immediately anterior to the heart, one immediately posterior,
and one dorsal to the heart to remove the spinal cord. Tissue from 5-10 tadpoles
were pooled together per biological replicate. RNA was extracted from these
tissues using the Qiagen RNeasy Mini Kit, following the manufacturer’s
instructions. Genomic DNA was removed from the samples using the Ambion
TURBO DNA-free Kit, following the manufacturer’s instructions. The RNA
concentration of the samples was then measured by spectrophotometer, and a
volume equivalent to 1 µg of RNA was used to make cDNA, using the New
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England BioLabs Protoscript Taq RT-PCR Kit, following the manufacturer’s
instructions. cDNA was then diluted 1:10 in nuclease-free water. A reaction
without reverse transcriptase (no-RT) was also performed in parallel for each
RNA sample.
Each qPCR reaction consisted of: 9 µL nuclease-free water; 0.75 µL 10
µM forward primer; 0.75 µL 10 µM reverse primer; 12.5 µL SYBR Select Master
Mix (Applied Biosystems). Primer sequences and annealing temperatures (Tm) are
provided in Table 1. The qPCR conditions for primer pairs with Tm < 60°C: 50°C,
2 min; 95°C, 2 min; 40 × (95°C, 15 s; Tm, 15 s; 72°C, 1 min); followed by a
dissociation stage. The qPCR conditions for primer pairs with Tm ≥ 60°C: 50°C, 2
min; 95°C, 2 min; 40 × (95°C, 15 s; 60°C, 1 min); followed by a dissociation
stage. Each sample was analyzed with three technical replicates and a single
replicate of the no-RT sample. Every primer pair also was measured using a
relative standard curve to confirm PCR efficiency.
qPCR results were analyzed using the relative ddCt method. Briefly,
average Ct values for each replicate were subtracted from the Ct values of the
endogenous control Eef1a, then the dCt values of the uninjected control samples
were subtracted from the dCt values of treated samples in the same biological
replicate. Mean and standard error of the biological replicates was calculated from
raw ddCt values, and fold change was calculated from the formula 2ddCt.

Whole-mount immunohistochemistry (IHC)
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Gene
Eef1a
Gata4
Hes1
Hey1
Hsp60
Hsp70
Nkx2.5
Raldh2

Forward primer
GCTGCTGGTGTTGGTGART
GTGCCACCTATGCAAGCCC
AGAAGATGCCGGCTGATGTG
TAACAGCCTATCAGAGCTGAGGAGA
GCGTTGCAGTACTAAAGGTTG
CTTGCGTTGGTGTTTTCCAG
GAGCTACAGTTGGGTGTGTGTGGT
TTCAGCAATGCAAGCAGGAA

Reverse primer
AGCATGTTGTCACCRTTCC
TAGACCCACCCGGCGAGAC
GGCTCTCCTTCTCTTCTCCATGA
AGGTGATCCACTGTCATCTGCAA
TCCTTCTTCCACAGCTGCAC
TCTCCCGATCAGTCTCTTGG
GTGAAGCGACTAGGTATGTGTTCA
GCTTTGAGCATTCAGAGCATTGTA

Table 4.1. Sequences and annealing temperatures (Tm) of primer pairs used in qPCR.
Tm
60°C
59°C
57°C
58°C
54°C
55°C
56°C
55°C

Whole-mount immunohistochemistry was performed on tadpoles per
Caine and McLaughlin (2013). Briefly, tadpoles were rehydrated in PBTr [1X
PBS, 0.1% Triton, 2 g/L bovine serum albumin (BSA)], blocked in 20% heatinactivated goat serum (in PBTr) for 1.5 hours, and incubated overnight at 4°C in
mouse anti-cardiac troponin T primary antibody (1:300; Developmental Studies
Hybridoma Bank) and rabbit anti-Phospho-Histone H3 (Ser10) primary antibody
(1:1000; Invitrogen). The following day, tadpoles were washed for four hours in
PBTr, blocked in the same solution as previously, and incubated at 4°C overnight
in goat anti-mouse IgG secondary antibody conjugated to AlexaFluor 488 (1:300;
Invitrogen) and goat anti-rabbit IgG secondary antibody conjugated to AlexaFluor
555 (1:300; Invitrogen). Tadpoles were finally washed in PBTr for four hours,
post-fixed in MEMFA, and transferred to 1X PBS for imaging.

Measurement of ventricular volume and proliferation
After immunohistochemistry, tadpoles were oriented such that their
ventricles presented the largest possible cross-section and photographed with a
fluorescent microscope using a GFP filter set (EX 470/40; BS 495; EM 525/50).
Images were analyzed in FIJI, and ventricular volume was calculated using Hou
& Burggren’s ellipsoid approximation (Hou and Burggren, 1995). Briefly,
ventricles were outlined in FIJI, and a best fit ellipse approximation was
calculated. The parameters of this ellipse were used to calculate the volume of the
ventricle per the formula 𝑉 = 4⁄3 𝜋𝑎𝑏 2 , where a is the semimajor axis and b is
the semiminor axis of the best fit ellipse. For time course data, ventricular
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volumes were normalized to the mean volume of control ventricles at that time
point.
To

measure

proliferation,

tadpoles

were

photographed

after

immunohistochemistry with a DsRed filter set (EX 545/25; BS 570; EM 605/70),
in a series of 13 µm optical sections running from the ventral side of the ventricle
to the dorsal side. The images of these sections were combined in FIJI using a
maximal brightness projection, and the number of fluorescent loci were counted
inside a 127 µm × 127 µm square randomly placed within the ventricle. The
density of fluorescent loci per mm2 was then calculated.

Whole-mount in situ hybridization (ISH)
In situ hybridization was performed on whole mount fixed tadpoles as
described in Caine and McLaughlin (2013) (Caine and McLaughlin, 2013).
Briefly, fixed tadpoles were hybridized with digoxigenin-labeled antisense RNA
probes for Gata4 and Nkx2.5. Probes were detected with anti-digoxigenin
antibody conjugated to alkaline phosphatase (1:1500; Roche Diagnostics) and 5bromo,4-chloro,3-indolylphosphate/nitroblue tetrazolium (BCIP/NBT), which
formed a purple precipitate when developed. After ISH, tadpoles were post-fixed
in MEMFA and transferred to methanol for storage at –20°C until paraffin
sectioning.

Paraffin sectioning and staining
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Fixed tadpoles in methanol were transferred gradually to ethanol, washed
twice for 45 minutes in xylenes, transferred to molten paraffin at 60°C for 45
minutes, then again in fresh paraffin, and finally embedded in solid paraffin
blocks, which were placed overnight at –20°C. Paraffin-embedded tadpoles were
sectioned by microtome in 10 µm lateral or coronal sections and mounted on glass
slides. Slides were dried overnight at 37°C.
Specimens that underwent in situ hybridization before paraffin embedding
were stained with eosin Y as follows. Excess paraffin was dissolved in two
washes of xylene. Slides were then washed in ethanol, gradually rehydrated in
distilled water, then stained in 1% eosin Y (in 70% ethanol) for 2 minutes. Slides
were then rinsed in cold running tap water for 5 minutes, washed in 70% ethanol
for 5 minutes, and gradually dehydrated to 100% ethanol. Slides were washed
twice in xylene, air dried, then mounted under glass coverslips with Permount
mounting medium.

Immunohistochemistry on section
Immunohistochemistry was performed on mounted paraffin sections.
Excess paraffin was dissolved in two 5-minute washes of xylene. Slides were then
washed in ethanol, gradually rehydrated in distilled water, and then washed twice
in PBS. After this, slides were removed to a humidified chamber and blocking
solution (1X PBS, 0.1% Tween-20, 5% heat-inactivated goat serum, 1% bovine
serum albumin) was applied to sections for one hour. Sections were incubated
overnight at room temperature in mouse anti-cardiac troponin T primary antibody
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(1:300; Developmental Studies Hybridoma Bank) and rabbit anti-integrin β1
primary antibody (1:100; Developmental Studies Hybridoma Bank). The
following day, slides were washed twice in PTw (1X PBS, 0.1% Tween-20), then
incubated in a humidified chamber at room temperature for one hour in goat antimouse IgG secondary antibody conjugated to AlexaFluor 488 (1:300; Invitrogen)
and goat anti-rabbit IgG secondary antibody conjugated to AlexaFluor 555
(1:300; Invitrogen). Slides were again washed twice in PTw, transferred to
distilled water, air dried, and mounted under glass coverslips with Prolong Gold
Antifade Mountant (Thermo Fisher Scientific). After immunohistochemistry,
slides were photographed under a 20X objective lens with a DsRed (EX 545/25;
BS 570; EM 605/70) and GFP (EX 470/40; BS 495; EM 525/50) filter set. Images
were processed in FIJI.
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Abstract
KillerRed has been developed as a tool for studying the effects of
oxidative stress in cells and tissues, as well as an optogenetic method of ablating
tissues. However, despite the usefulness of this molecular tool, to date there has
been little research into the relationship between the dose of light used to activate
KillerRed and the resulting effects on tissues. Thus, here we expand on the use of
KillerRed as a model for reactive oxygen species-mediated heart disease, showing
that it causes extreme changes to cardiac morphology and patterning even when
exposed only to ambient light, and that these changes are likely driven by cell
death and alterations in cell membrane potential. We also demonstrate that high
intensity light exposure for a short duration of time produces a different cardiac
response than low intensity exposure over a longer period, characterized by the
lack of upregulation of the stress gene Hsp70.

Introduction
Heart disease is the leading cause of death in the United States,
responsible for one in every three deaths, and one in four worldwide (Lozano et
al., 2013; E. J. Benjamin et al., 2018). Because the mammalian heart has little
ability to repair damage, injury and stress can lead to scarring and other
permanent forms of tissue damage that accumulate over time, eventually
triggering progressive heart failure (Azevedo et al., 2005). In contrast, many
species of amphibians and fish are adept at repair and regeneration of many
different organs and tissues, including the heart (Oberpriller and Oberpriller,
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1974; Poss et al., 2002; Lafontant et al., 2012; Cano-Martínez et al., 2010). An
understanding of how common causes of heart disease affect these organisms, and
what strategies they have to mitigate and repair the resulting damage, can lead to
novel means of preventing or fixing the same types of injuries in humans. Among
the most common damaging agents of the human heart are reactive oxygen
species (ROS). In healthy tissue, ROS are produced at low levels as a natural
byproduct of cellular metabolism, but many conditions in the cardiovascular
system can produce pathological levels of ROS in heart muscle, including
hypertension (high blood pressure), atherosclerosis (narrowing of arteries), and
reperfusion (restoration of oxygen supply to an oxygen-deprived tissue). These
ROS in turn can damage muscle proteins, trigger morphological changes in
cardiomyocytes that reduce the efficiency of the heart, or even outright kill heart
cells (Takimoto and Kass, 2007; Giordano, 2005).
Despite the major role played by ROS in human heart disease, studies of
cardiac repair and regeneration in amphibians and fish have traditionally used
mechanical or cryogenic damage models. These methods of damage are excellent
at mimicking infarctions and other acute, highly localized forms of cardiac
disease that occur through cell necrosis (Lafontant et al., 2012; González-Rosa
and Mercader, 2012). However, the repair mechanisms employed by organisms in
response to necrosis may not be universal to all forms of cardiac damage. For a
better understanding of cardiac repair and regeneration, a comprehensive set of
tools is needed to replicate a wide variety of disease states. Fortunately, in the past
two decades, a suite of new methods has emerged to induce highly targeted
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damage in specific tissues. These include chemical methods like the
nitroreductase/metronidazole system (Curado et al., 2008) and zebrafish cardiac
ablation transgenes (Z-CAT) system (J. Wang et al., 2011), as well as optogenetic
tools like KillerRed. KillerRed (KR) is a red fluorescent protein that, upon
activation by green light, produces superoxide and singlet oxygen radicals via an
electron transfer reaction between the fluorophore and surrounding water
molecules (Bulina et al., 2005; Carpentier et al., 2009; Bernard, 2011). Light
exposure of cells expressing KillerRed can, depending on the intracellular
location of the KillerRed, result in DNA double-stranded breaks (Waldeck et al.,
2011), inactivation of proteins (Bulina et al., 2006; Baumgart et al., 2012), and
even apoptosis (Bulina et al., 2005; Teh et al., 2010). In zebrafish hearts, it has
been used to impair heart function and alter heart morphology (Teh et al., 2010),
but its applications in the field of cardiac regeneration and repair have not been
explored beyond this, nor have they been studied in other systems.
While KillerRed has been used in many different systems as an
optogenetic tool for inducing apoptosis or manipulating cellular functions, less is
known about the effects of the protein under different conditions of light
activation. Previous studies that showed KillerRed’s effects to be dependent on
light dose have viewed them as a binary prospect, being either present at high
light intensity or absent at low light intensity (Teh et al., 2010; Bulina et al.,
2005). However, it is unknown just how linear this relationship is, or if a long
exposure at low intensity has similar effects to a short exposure at high intensity.
More importantly, there has been little investigation into the effects of KillerRed
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when it is not specifically activated by green light. If KillerRed is to be developed
as a therapeutic tool, as has been proposed in some studies (Shirmanova et al.,
2012), we must fully understand the impact of the protein in all tissues where it
has been expressed, even when not activated by light. Furthermore, a comparison
with the effects of light-activated KillerRed can lead to a better understanding of
the full scope of mechanisms by which KillerRed damages tissue. We have
previously shown that even when not specifically activated by green light,
KillerRed expression causes apoptosis and loss of tissue during development in
several different organs (Jewhurst et al., 2014). The mechanism of this is unclear;
it may be due to incidental activation by ambient light sources, or a means by
which KillerRed self-activates.
We wanted to investigate the correlation between varying light exposure
and the effect of KillerRed on the Xenopus laevis heart. We examined KillerRedexpressing hearts under both ambient light conditions and exposure to a shortterm, high-intensity green light, using the same methods and molecular markers
with which we studied the cardiac response to long-term low-intensity light
activation in Chapter 4. We were especially interested in observing the effect of
KillerRed expression on cardiac development, in addition to its effects that we
had observed on the mature heart.

Materials and methods
Fertilization of embryos
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All experiments were performed in accordance with the Guide for Care
and Use of Laboratory Animals and approved by the Institutional Animal Care
and Use Committee (IACUC) at Tufts University. Experiments were conducted
under the IACUC approved protocol M2016-144. Adult female Xenopus laevis
were induced to ovulate by injection of chorionic gonadotropin hormone
(Chorulon). Adult male X. laevis were euthanized by submersion in 0.08%
benzocaine, followed by intraperitoneal injection of 5% tricaine methanesulfonate
(MS222; adjusted to pH 7.2), and the testes were removed and stored in 1X
modified Barth’s saline (pH 7.5). Eggs were fertilized in vitro, and embryos were
dejellied in 2% cysteine (pH 8) and raised in 0.1X Marc’s Modified Ringer’s
solution (MMR; 10 mM NaCl, 0.2 mM KCl, 0.1 mM MgCl2, 0.2 mM CaCl, 0.5
mM HEPES, 1 μM EDTA, pH 7.4). Embryos and tadpoles were staged according
to Nieuwkoop and Faber (NF; 1967).

mRNA synthesis and microinjection
The pCS2-NXE+mem-KillerRed plasmid (Addgene plasmid 45761; memKillerRed) and pCS2+EB3-GFP plasmid (courtesy of Dr. John Wallingford,
University of Texas at Austin; GFP) were linearized with NotI restriction enzyme.
All mRNA was synthesized using the Invitrogen mMESSAGE mMACHINE SP6
kit, following the manufacturer’s instructions.
Embryos were injected at NF stage 3-4 (cleavage stages) with a
microinjector and pulled capillary glass needles. Injections were targeted to the
developing heart field. Each embryo was injected twice, on the vegetal edge of

114

the marginal zone in each of the two dorsal blastomeres. 100 pg of memKillerRed and 500 pg of GFP mRNA (lineage tracer) were injected into each
blastomere.
Embryos were kept in a solution of 3% Ficoll and 1X MMR during
injection, then gradually transferred to 0.1X MMR, and raised at 14-18°C to NF
stage 42. Throughout this period, tadpoles were kept in the dark, except for brief
periods each day when they were exposed to ambient room lighting for no longer
than 5 minutes at a time. At NF stage 42, tadpoles were selected for expression of
the injected mRNAs in the heart region by sorting for presence of GFP
fluorescence. The time point “0 hours” was designated at 18 hours after this
selection process, when light activation of sibling tadpoles ended. At the time
points indicated, tadpoles were euthanized in tricaine, fixed for one hour in
MEMFA (0.1 M MOPS, pH 7.4, 2 mM EGTA, 1 mM MgSO4, 3.7%
formaldehyde), rinsed in 1× phosphate buffered saline (PBS), and dehydrated in
100% methanol to be stored at -20°C.

Whole-mount immunohistochemistry (IHC)
Whole-mount immunohistochemistry was performed on tadpoles per
Caine and McLaughlin (2013). Briefly, tadpoles were rehydrated in PBTr [1X
PBS, 0.1% Triton, 2 g/L bovine serum albumin (BSA)], blocked in 20% heatinactivated goat serum (in PBTr) for 1.5 hours, and incubated overnight at 4°C in
mouse anti-cardiac troponin T primary antibody (1:300; Developmental Studies
Hybridoma Bank) and rabbit anti-Phospho-Histone H3 (Ser10) primary antibody
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(1:1000; Invitrogen). The following day, tadpoles were washed for four hours in
PBTr, blocked in the same solution as previously, and incubated at 4°C overnight
in goat anti-mouse IgG secondary antibody conjugated to AlexaFluor 488 (1:300;
Invitrogen) and goat anti-rabbit IgG secondary antibody conjugated to AlexaFluor
555 (1:300; Invitrogen). Tadpoles were finally washed in PBTr for four hours,
post-fixed in MEMFA, and transferred to 1X PBS for imaging.

Measurement of ventricular volume
After immunohistochemistry, tadpoles were oriented such that their
ventricles presented the largest possible cross-section and photographed with a
fluorescent microscope using a GFP filter set (EX 470/40; BS 495; EM 525/50).
Images were analyzed in FIJI, and ventricular volume was calculated using Hou
& Burggren’s ellipsoid approximation (Hou and Burggren, 1995). Briefly,
ventricles were outlined in FIJI, and a best fit ellipse approximation was
calculated. The parameters of this ellipse were used to calculate the volume of the
ventricle per the formula 𝑉 = 4⁄3 𝜋𝑎𝑏 2 , where a is the semimajor axis and b is
the semiminor axis of the best fit ellipse. For time course data, ventricular
volumes were normalized to the mean volume of control ventricles at that time
point.

Paraffin sectioning and immunohistochemistry
Fixed tadpoles in methanol were transferred gradually to ethanol, washed
twice for 45 minutes in xylenes, transferred to molten paraffin at 60°C for 45
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minutes, then again in fresh paraffin, and finally embedded in solid paraffin
blocks, which were placed overnight at –20°C. Paraffin-embedded tadpoles were
sectioned by microtome in 10 µm lateral or coronal sections and mounted on glass
slides. Slides were dried overnight at 37°C.
Immunohistochemistry was performed on mounted paraffin sections.
Excess paraffin was dissolved in two 5-minute washes of xylene. Slides were then
washed in ethanol, gradually rehydrated in distilled water, and then washed twice
in PBS. After this, slides were removed to a humidified chamber and blocking
solution (1X PBS, 0.1% Tween-20, 5% heat-inactivated goat serum, 1% bovine
serum albumin) was applied to sections for one hour. Sections were incubated
overnight at room temperature in mouse anti-cardiac troponin T primary antibody
(1:300; Developmental Studies Hybridoma Bank) and rabbit anti-caspase-3
primary antibody (1:300; BD Biosciences). The following day, slides were
washed twice in PTw (1X PBS, 0.1% Tween-20), then incubated in a humidified
chamber at room temperature for one hour in goat anti-mouse IgG secondary
antibody conjugated to AlexaFluor 488 (1:300; Invitrogen) and goat anti-rabbit
IgG secondary antibody conjugated to AlexaFluor 555 (1:300; Invitrogen). Slides
were again washed twice in PTw, transferred to distilled water, air dried, and
mounted under glass coverslips with Prolong Gold Antifade Mountant (Thermo
Fisher Scientific).
After immunohistochemistry, slides were photographed under a 20X
objective lens with a DsRed (EX 545/25; BS 570; EM 605/70) and GFP (EX
470/40; BS 495; EM 525/50) filter set. Images were processed in FIJI.
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Imaging of membrane potential
NF stage 42 tadpoles expressing KillerRed in the heart, and uninjected
stage-matched controls, were immersed for three hours before imaging in a
1:1000 dilution of 1 mg/mL DiBAC4(3) (Invitrogen; stock in DMSO) into 0.1X
MMR. Tadpoles were immobilized during imaging by adding 0.04% tricaine to
this solution, then were oriented ventral side up for photographing. Using a
fluorescent microscope with a 200 W metal halide lamp, DiBAC4(3) and
KillerRed fluorescence in tadpole hearts were photographed under a 20X
objective lens with, respectively, a FITC (EX 470/20; BS 485; EM 517/23) and
TRITC (EX 545/20; BS 565; EM 595/50) filter set. Images were processed in
FIJI.

qRT-PCR
The heart and surrounding tissues were dissected from live tadpoles with
three incisions: one immediately anterior to the heart, one immediately posterior,
and one dorsal to the heart to remove the spinal cord. Tissue from 5-10 tadpoles
were pooled together per biological replicate. RNA was extracted from these
tissues using the Qiagen RNeasy Mini Kit, following the manufacturer’s
instructions. Genomic DNA was removed from the samples using the Ambion
TURBO DNA-free Kit, following the manufacturer’s instructions. The RNA
concentration of the samples was then measured by spectrophotometer, and a
volume equivalent to 1 µg of RNA was used to make cDNA, using the New
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England BioLabs Protoscript Taq RT-PCR Kit, following the manufacturer’s
instructions. cDNA was then diluted 1:10 in nuclease-free water. A reaction
without reverse transcriptase (no-RT) was also performed in parallel for each
RNA sample.
Each qPCR reaction consisted of: 9 µL nuclease-free water; 0.75 µL 10
µM forward primer; 0.75 µL 10 µM reverse primer; 12.5 µL SYBR Select Master
Mix (Applied Biosystems). Primer sequences and annealing temperatures (Tm) are
provided in Table S1. The qPCR conditions for primer pairs with Tm < 60°C:
50°C, 2 min; 95°C, 2 min; 40 × (95°C, 15 s; Tm, 15 s; 72°C, 1 min); followed by a
dissociation stage. The qPCR conditions for primer pairs with Tm ≥ 60°C: 50°C, 2
min; 95°C, 2 min; 40 × (95°C, 15 s; 60°C, 1 min); followed by a dissociation
stage. Each sample was analyzed with three technical replicates and a single
replicate of the no-RT sample. Every primer pair also was measured using a
relative standard curve to confirm PCR efficiency.
qPCR results were analyzed using the relative ddCt method. Briefly,
average Ct values for each replicate were subtracted from the Ct values of the
endogenous control Eef1a, then the dCt values of the uninjected control samples
were subtracted from the dCt values of treated samples in the same biological
replicate. Mean and standard error of the biological replicates was calculated from
raw ddCt values, and fold change was calculated from the formula 2ddCt.

Light activation of KillerRed and measurement of irradiance
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Low-intensity protocol: Tadpoles expressing KillerRed at NF stage 42
were exposed to a 0.9 mW/mm2 green (545 nm) LED light for 18 hours, with
temperature maintained at 18°C. Uninjected controls were also kept at 18°C
during this period. Following the end of light exposure, tadpoles were transferred
to fresh 0.1X MMR or chemical exposure solution and raised at 18°C for a
variable length of time. Upon completion of the experiment, tadpoles were then
euthanized in 5% tricaine, fixed for one hour in MEMFA, rinsed in 1X phosphate
buffered saline (PBS), and dehydrated in 100% methanol prior to storage at –
20°C.
High-intensity protocol: Using a fluorescent microscope with a 200 W
metal halide lamp and TRITC filter set (EX 545/20; BS 565; EM 595/50),
tadpoles were selected for expression of KR in the region of interest. Tadpoles
were immobilized in a 0.04% MS222 solution (in 0.1× MMR) and held stationary
during light treatment. Light treatment consisted of a focused exposure through a
40× objective lens and TRITC filter of the region of interest, until noticeable
photobleaching of KR had occurred (approximately five minutes). After exposure,
tadpoles were transferred to fresh 0.1× MMR and raised at 18°C until the time
points indicated, after which they were euthanized and RNA was extracted as
described above.
Irradiance of light sources was measured using an X-Cite XR2100 Power
Meter. Power flux was measured at 585 nm, the excitation maximum of KillerRed
(Bulina et al., 2005), for the following light sources: a 200 W metal halide lamp
with the previously described TRITC filter set, a 545 nm green LED, and
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fluorescent room lights. The power flux was then divided by the area of
illumination to determine irradiance.

Results
KillerRed expressing hearts are characterized by cell death and depolarization
In previous studies that utilized KillerRed to induce tissue damage in
Xenopus laevis tadpoles, we discovered that KillerRed expression was able to
induce apoptosis via caspase-3 in the Xenopus eye and kidney even in the absence
of green light exposure. Though this level of apoptosis was lower than when the
same tissues were exposed to high-intensity green light from a metal halide
source, it was enough to cause tissue ablation and changes in eye/kidney
morphology (Jewhurst et al., 2014). To see whether KillerRed behaved in a
similar manner when expressed in the heart and exposed only to ambient lighting,
we performed immunohistochemistry for caspase-3 on paraffin sections of
KillerRed-expressing hearts at NF stage 43 and found that 50% of KillerRedexpressing hearts showed an increase in the number of caspase-3 positive loci
over controls (n = 4; Fig. 1A).
To better characterize the underlying mechanism by which KillerRed
induces cell death without being specifically activated, we attempted to determine
whether ambient light sources were of high enough intensity to activate
KillerRed. While our tadpoles were incubated in the dark for the majority of their
developmental time, they were also exposed to ambient room lighting for a period
of no more than five minutes each day. As KillerRed activation is known to be
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Figure 5.1. KillerRed expression causes cell death and changes in the
bioelectric properties of the heart. A) Cell death increases in hearts
expressing KillerRed, but not exposed to green light (n = 2/4). Apoptotic cells
(arrowheads) are fewer in number and predominantly located in the outflow
tract of control hearts, while being present throughout the outflow tract and
ventricle in KillerRed-expressing hearts. Green: cardiac troponin T; red:
caspase-3. OFT = outflow tract, V = ventricle. Scale bar = 100 µm. B) i)
DiBAC4(3) fluorescence, indicating depolarized cells, is uniform in control
hearts (outlined). L indicates the liver, which is autofluorescent. OFT =
outflow tract, V = ventricle. ii) DiBAC fluorescence increases in patches
(arrowheads) across the ventricle (outlined) in hearts expressing KillerRed.
This fluorescence did not change after 5 minutes of KillerRed exposure to
light. L indicates the liver, which is autofluorescent.
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dependent (to some extent) on the intensity and duration of the light it is exposed
to (Teh et al., 2010), we were interested whether this period of light exposure
could activate KillerRed to a great enough extent to produce noticeable
phenotypes. We therefore measured the irradiance of the light sources for our two
methods of KillerRed activation, as well as the ambient room lighting. We found
that the LED method of light activation used in Chapter 4 was 500 times greater
in irradiance than ambient light, and our metal halide method of activation was
20,000 times greater (Table S2).
We suspected that this KillerRed-induced cell death could be causing
developmental changes downstream. Previous work in our lab and others has
shown that bioelectricity plays a major role in determining cardiac morphology
and left-right patterning, and that these patterning events can be altered by
exogenous bioelectric manipulations (Pitcairn et al., 2017; Adams et al., 2006).
Furthermore, ROS have been known to depolarize cells by increasing membrane
permeability via lipid peroxidation, which suggested a potential mechanism
(Betteridge, 2000; Ott et al., 2007). We therefore wanted to measure any changes
that KillerRed caused to the bioelectrical properties of the heart. DiBAC 4(3), a
voltage-sensitive dye that accumulates at the membrane of depolarized cells (that
is, cells where membrane voltage is closer to zero) was used to measure the
effects of KillerRed expression on endogenous cardiac bioelectricity at NF stage
42. In hearts expressing KillerRed, patches of DiBAC fluorescence were visible
throughout the ventricle (Fig. 1B). Activation of KillerRed for five minutes with a
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high intensity metal halide light source resulted in no immediate change in the
presence or intensity of these fluorescent regions.

KillerRed expression induces changes in heart morphology and development
The increase in cell death and changes in bioelectricity in the heart
suggested that heart development itself may have been altered. In KillerRedexpressing eyes and kidneys, there was significant ablation of tissues and
reduction of molecular markers following cell death (Jewhurst et al., 2014). We
suspected that a similar process may have been taking place in the heart. In
Chapter 4, we exposed KillerRed-expressing tadpole hearts to an LED light
source for 18 hours, then measured changes in ventricular volume over the
following days. Ventricular volume was also measured in the hearts of siblings
expressing KillerRed, but not exposed to LED light, over the same time course.
Hearts were analyzed from 0 and 24 hours after their siblings were removed from
light (NF stage 43-45). While the tadpoles exposed to LED light experienced
extensive enlargement of the ventricle over the first 24 hours (Chapter 4), in
siblings not exposed to green light, ventricular volume of KillerRed-expressing
hearts significantly decreased to approximately 70% of the volume of uninjected
controls at all but two time points (p < 0.05, Fig. 2). Where this difference was
not significant, KillerRed-expressing hearts still showed a trend towards
decreased ventricular volume relative to controls.
We also qualitatively analyzed the morphology and left-right orientation
of NF stage 44 (12h) tadpole hearts expressing KillerRed, with or without LED
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Figure 5.2. Ventricular volume decreases in the hearts of tadpoles
expressing KillerRed, but not exposed to light. Ventricular volume was
normalized to mean uninjected control volume at each time point. Between 012 hours after their KillerRed-expressing siblings were exposed to light, nonlight exposed tadpole hearts decreased in volume relative to uninjected
controls. This decrease was significant at all points except 9 hours. *: p <
0.05; **: p < 0.01; ***: p < 0.001; Mann-Whitney test with Holm correction.
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light exposure (Fig. 3). We compared cardiac morphology to that of wild-type
hearts, identifying as “abnormal” any hearts that were visibly rotated with respect
to wild-type heart orientation (Fig. 3B-D), any hearts that were abnormally or
insufficiently looped (Fig. 3E), and any hearts in which the visible morphological
characteristics (ventricle, atria, and outflow tract) were of unusual shape or size,
beyond the standard level of phenotypic variation (Fig. 3F). When analyzing for
left-right orientation, we identified hearts that were heterotaxic, as well as hearts
in which morphology was too abnormal to properly determine left-right
orientation (Fig. 3G). Hearts expressing KillerRed had a significantly higher
incidence of abnormal morphology (p < 0.001, χ2 test with Holm correction) and
heterotaxia (p = 0.002, χ2 test with Holm correction) than uninjected control
hearts, but there was no significant difference in either metric between KillerRedexpressing hearts exposed to green light and those raised under ambient light
conditions (Fig. 3G).
Nkx2.5 and Gata4 are cardiac precursor genes important both in cardiac
development, where they establish the early population of cardiac cells and drive
differentiation and morphogenesis (Molkentin et al., 1997; Schott et al., 1998;
Durocher et al., 1997), and in cardiac repair, where they are reactivated as part of
the Xenopus cardiac response to KillerRed-induced injury (Chapter 4). To
determine if expression of these genes was affected by KillerRed even without
green light exposure, we measured expression of Nkx2.5 and Gata4 in KillerRedexpressing tadpole hearts using qRT-PCR, focusing on 3-5 days after siblings
were exposed to light (NF stage 46-47), the period where they were most dynamic

126

Figure 5.3. KillerRed expression induces changes in cardiac morphology
with or without light exposure.
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Figure 5.3. KillerRed expression induces changes in cardiac morphology
with or without light exposure. A-F) Representative examples of normal and
abnormal cardiac morphologies. Hearts are visualized by immunofluorescence
for cardiac troponin T. All images are from a ventral view, with anterior up
and posterior down. Scale bar = 100 µm. A) Uninjected control heart with
normal morphology. The ventricle is ellipsoid and oriented with its major axis
along the left-right axis of the animal. The outflow tract (OFT, red) emerges
from the right dorsal side of the ventricle, and is partially occluded by the
ventricle in the ventral view. The atria (At, yellow) are dorsal to the ventricle,
and are almost entirely occluded in the ventral view. B) Rotation along the
left-right axis. C) Rotation along the anterior-posterior axis. D) Rotation along
the dorsal-ventral axis. E) Abnormal looping. F) Abnormal ventricle and
outflow tract morphology. G) KillerRed expression, with or without light,
significantly increases both incidence of abnormal morphologies and
heterotaxia in hearts relative to uninjected controls. Hearts with morphologies
too abnormal to distinguish left-right (L-R) patterning were designated
“unknown” when determining heterotaxia. ***: p < 0.001 relative to controls,
2

χ test with Holm correction.
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following green light activation. Nkx2.5 expression significantly increased 1.5fold over controls at 3 days (Fig. 4B; p = 0.005, Kruskal-Wallis test), but Gata4
expression did not significantly change in this time period relative to controls
(Fig. 4A).

High-intensity light exposure leads to no changes in cardiac development or
stress response genes
In Chapter 4, we showed that an 18-hour period of light activation of
KillerRed-expressing hearts with a low intensity LED source could induce
hypertrophy and changes in stress and cardiac development gene expression. We
have also devised an alternate method of KillerRed activation, based on our use of
KillerRed as a tool for tissue ablation (Jewhurst et al., 2014), in which hearts are
exposed to a 5-minute burst of light from a high intensity metal halide lamp
channeled through the 40X objective of a compound microscope. We were
interested to see if this method had similar effects on gene expression in the heart
as the long period of low intensity light exposure.
We measured expression of the cardiac developmental and repair genes
previously described in Chapter 4, including the development genes Gata4,
Nkx2.5, and retinaldehyde dehydrogenase 2 (Raldh2), and the heat shock protein
gene Hsp70, for the first 48 hours after metal halide illumination (Fig. 5A-C, G).
Unlike in LED light exposed hearts, we saw no changes in Gata4 or Nkx2.5
expression, though the lack of change in Raldh2 expression was consistent with
our earlier results. We also measured expression of the cardiac development gene
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Figure 5.4. Cardiac progenitor genes are mostly unchanged in expression
in KillerRed-expressing tadpoles not exposed to light. A) KillerRedexpressing tadpole hearts incubated in the dark show no significant increase in
expression of Gata4 relative to uninjected controls. Changes in Gata4
expression were measured relative to Eef1a expression as an endogenous
control. Error bars indicate SEM of dCt values. n = 10 tadpoles per replicate,
N = 5. B) KillerRed-expressing tadpole hearts incubated in the dark show a
significant increase in expression of Nkx2.5 relative to uninjected controls 3
days after KillerRed-expressing siblings were exposed to light (**: p < 0.01;
Kruskal-Wallis test). Changes in Nkx2.5 expression were measured relative to
Eef1a expression as an endogenous control. Error bars indicate SEM of dCt
values. n = 10 tadpoles per replicate, N = 4.
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Figure 5.5. Cardiac progenitor gene and stress response gene expression is
unchanged in the first 48 hours after high-intensity light exposure. There
was no significant difference in cardiac expression of any of the following
genes between hearts expressing KillerRed and exposed to high-intensity light
and uninjected control hearts (p > 0.05, Kruskal-Wallis test with Holm
adjustment): the cardiac development genes A) Gata4, B) Nkx2.5, C) Raldh2,
D) Cardiac actin; or the stress response genes E) Sod1b (superoxide dismutase
1b), F) FerrH (ferritin H), or G) Hsp70. Changes in expression of all genes
were measured relative to Eef1a expression as an endogenous control. Error
bars indicate SEM of dCt values. n = 10 tadpoles per replicate, N = 2-3.
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Cardiac actin and the stress response genes superoxide dismutase 1b (Sod1b) and
ferritin H (FerrH). We found no significant change in expression of any of these
genes, either, at any time point measured (Fig. 5D-F).

Discussion
The dependency of KillerRed-induced damage on the intensity of the
activating light source has been established in multiple species and cell types (Teh
et al., 2010; Bulina et al., 2005), but in previous studies it has been treated as a
largely binary process: if light intensity is above a sufficient threshold, KillerRed
has a consistent effect on a system, and if it is below that threshold there is little
or no effect. We demonstrate here for the first time that varying levels of light
activation result in qualitatively different responses in the tissues expressing
KillerRed, and that even without light activation KillerRed causes distinct tissue
phenotypes. KillerRed expression in the heart, under ambient light conditions,
induces apoptosis and changes in cell membrane potential that result in a
shrinking of ventricular volume and cardiac developmental defects. At the other
end, KillerRed under a high-intensity light source for short periods of time does
not lead to upregulation of key stress genes seen in the response to long-term lowintensity light.

KillerRed without green light activation induces changes in cardiac development
and morphology via apoptosis
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We observed significant changes in gross cardiac morphology, ventricular
volume, and left-right patterning in mature tadpole hearts that expressed
KillerRed throughout development (Fig. 2, 3). Gross morphology and left-right
patterning were not affected any further by the activation of KillerRed with LED
light at NF stage 42. This indicates that the mechanism by which KillerRed alters
cardiac development must occur prior to NF stage 42, and we therefore took a
closer look at potential mechanisms earlier than that stage.
The presence of caspase-3 positive loci in hearts expressing KillerRed
under ambient light is consistent with the increase in apoptosis seen in the
Xenopus laevis eye and kidney under the same conditions (Jewhurst et al., 2014).
The reduction in ventricular volume is also consistent with the ablation of the eye
and proximal tubule of the kidney seen in that study. This further confirms that
KillerRed, under ambient light conditions, can ablate tissue in a similar manner as
when it is specifically activated with green light. While the heart is more resilient
than other tissues to KillerRed-induced cell death (Teh et al., 2010), it is apparent
that this is not enough to prevent tissue loss during development. Interestingly,
KillerRed in the heart activated by green LED light produces the opposite effect
and increases ventricular volume (Chapter 4). It is likely that the relative duration
of each treatment explains this apparent contradiction. KillerRed, under ambient
light, produces ROS slowly over the course of days during Xenopus heart
development, while ROS production by LED light activation is of higher intensity
due to the greater light irradiance (Table S2) and the shorter period of activation.
It is possible that ROS production after LED light exposure is high enough to
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activate protective mechanisms like hypertrophy, while the lower level of damage
produced by ambient light throughout development never reaches that threshold.
We

observed

an

increase

in

DiBAC

fluorescence,

indicating

depolarization of cells, in isolated patches across the membrane (Fig. 1B).
Bioelectricity plays a major role in the patterning of the heart (Pitcairn et al.,
2017; Pai et al., 2017), and the phenotypes we observed resemble those produced
when function of the ion channel HCN4 is inhibited during development (Pitcairn
et al., 2017). Left-right patterning and gross morphology are affected by global
changes in bioelectric signaling, but the local nature of the depolarization we
observed makes it unlikely that any global patterning is being altered. A small
population of depolarized instructor cells, though, could be altering morphology
by secondary cell signaling. Depolarization of GlyCl-expressing instructor cells in
Xenopus laevis tadpoles, for example, can non-cell-autonomously induce changes
in melanocyte morphology and proliferation (Blackiston et al., 2011). It is
possible that the depolarized cells observed here are part of a similar system
instructing cardiac morphology. BMP4, in particular, plays a major role in both
heart looping and symmetry, and bioelectric manipulations have been shown to
non-locally induce changes in cardiac BMP4 expression in X. laevis (Branford et
al., 2000; Breckenridge et al., 2001; Chen et al., 1997; Pitcairn et al., 2017). Such
an instructor population would more likely consist of fibroblasts or epicardiocytes
rather than cardiomyocytes, and analyzing the gene expression of these
depolarized cells would greatly increase our understanding of how these cells are
affecting cardiac development.
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The size and scatter of the depolarized patches was also suggestive of the
expression of caspase-3 in the heart (Fig. 1A). Apoptosis has been found to be
associated with plasma membrane depolarization of cells in many cell types
(Bortner et al., 2001; Mann et al., 2001; Ward et al., 2007). It is possible that the
depolarization we observed is not independently altering heart development via
bioelectric patterning, but rather is simply a consequence of apoptosis in those
cells. If this is true, cell death, and not membrane voltage, is the major driving
force behind the changes in morphology. Interestingly, low levels of ROS can
also serve as a signaling molecule to promote cell proliferation (Sauer et al., 2001;
Ray et al., 2012), which is itself associated with membrane depolarization,
particularly in cardiomyocytes (Lan et al., 2014; Morokuma et al., 2008).
Determining which mechanisms are responsible for the changes in morphology
would be extremely useful in understanding the diversity of pathways that
KillerRed activation can affect.
The question remains of how KillerRed is activated without light.
Ambient lighting is 500 times less intense in irradiance than low-intensity LED
exposure, which can induce KillerRed activation in 18 hours or less; similarly, it
is 20,000 times less intense than high-intensity exposure, which requires 5
minutes (Table S2). It is unlikely that the minimal time to which KillerRed was
exposed to ambient lighting could result in such drastic effects relative to
KillerRed specifically activated with light, though it is possible if KillerRed’s
light response curve is extremely nonlinear. Alternatively, KillerRed may produce
ROS even without light through self-activation. A more detailed investigation into
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the relationship between ROS production of KillerRed and light intensity is
clearly warranted.
Expression of Nkx2.5 was upregulated significantly at NF stage 46 (Fig.
4B), the equivalent of 3 days post-light exposure. This was several days after the
point where we observed changes in morphology, and therefore cannot be the
cause of such changes, but it remains possible that Nkx2.5 expression was
increased before stage 46 as well.

High intensity light exposure results in a different cardiac response than low
intensity light
There was no change in expression of any molecular markers – including
the cardiac development markers Gata4, Nkx2.5, Raldh2, and Cardiac actin, and
the stress response genes Sod1b, FerrH, and Hsp70 – in the heart for the first 48
hours after high-intensity light exposure (Fig. 6). For most of these genes, the
response was consistent with what we had observed in low-intensity light
exposure experiments. Neither Raldh2 nor Cardiac actin showed any change in
expression following low intensity light activation, and Gata4 and Nkx2.5 only
increased at 3 days post-exposure (Cardiac actin: data not shown; all other genes:
Chapter 4). As our time course did not go past 2 days post-light exposure,
however, we do not know whether these genes would increase at a later point
after high intensity exposure. Additionally, when examining stress genes, we saw
no changes in Sod1b and FerrH expression in low-intensity exposure experiments
(data not shown).
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The only gene to show a differing response between high-intensity and
low-intensity exposure is Hsp70. As a member of the heat shock protein family,
Hsp70 is upregulated under conditions of stress, particularly cardiac stress. In
human patients, high levels of Hsp70 are associated with ischemia, hypertension,
and atherosclerosis, all themselves associated with reactive oxygen species (Dulin
et al., 2010; Jenei et al., 2013; Takimoto and Kass, 2007). As described in Chapter
4, Hsp70 is upregulated 15-fold over control levels within hours after removal
from the activating light source. The absence of any change in Hsp70 expression
following high-intensity exposure is striking, and likely due to the timing of light
exposure. As KillerRed is only being activated for five minutes in the highintensity exposure, the heart may simply not be under oxidative stress for a long
enough time to activate a major stress response. If this is the case, recovery would
be hampered; an investigation into the long term effects of high-intensity versus
low-intensity light exposure would be greatly informative in this matter.

Conclusions and future directions
The response of KillerRed to light, while dose dependent, is not simply a
linear relationship. KillerRed with no green light exposure induces cell death and
drastic developmental phenotypes, while KillerRed with high-intensity light
exposure does not cause the same stress response as long-term low-intensity
exposure. If KillerRed is to be used as a research tool, and especially if it is to be
used as a therapeutic method, these nonspecific and nonlinear effects must be
taken into account. The wide-ranging nature of the effects must also be

137

considered: KillerRed expression not only induces cell death as previously
described, it alters cell membrane potential, changes expression of developmental
genes, and induces changes in organ morphogenesis and even high-level
patterning such as left-right symmetry. A greater understanding of the means by
which KillerRed is activated under ambient light conditions, and how this is
transduced into the phenotypes observed, would greatly allow researchers using
KillerRed to target its effects as specifically as possible and develop it into an
effective and targeted tool for studying the impact of oxidative stress.
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Gene
Eef1a
CA
FerrH
Gata4
Hsp70
Nkx2.5
Raldh2
Sod1b

Forward primer
GCTGCTGGTGTTGGTGART
TCCCTGTACGCTTCTGGTCGTA
AGGAGCAGAGTCACGAGGAA
GTGCCACCTATGCAAGCCC
CTTGCGTTGGTGTTTTCCAG
GAGCTACAGTTGGGTGTGTGTGGT
TTCAGCAATGCAAGCAGGAA
AGGCACGTGGGAGACCTGGG

Reverse primer
AGCATGTTGTCACCRTTCC
TCTCAAAGTCCAAAGCCACATA
CCTTCACCTGTTCCTCCAAG
TAGACCCACCCGGCGAGAC
TCTCCCGATCAGTCTCTTGG
GTGAAGCGACTAGGTATGTGTTCA
GCTTTGAGCATTCAGAGCATTGTA
AGCCAGACGACCCCCAGCAT

Table 5.S1. Sequences and annealing temperatures (Tm) of primer pairs used in qPCR.
Tm
60°C
54°C
55°C
59°C
55°C
56°C
55°C
60°C

Table 5.S2. Irradiance of different light sources used to activate
KillerRed.
Source
Ambient lighting
LED light (low intensity)
Metal halide lamp (high intensity)

Irradiance at 585 nm (mW/mm2)
1.78 × 10-3
0.868
34.6
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CHAPTER SIX
Summary and Conclusions
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The question of why certain classes of organisms are better at repairing
injuries than others is one of the most pressing in the study of regeneration
biology. The animal kingdom exists along a vast spectrum of regenerative and
reparative potential, with mammals at the lowest end (Birnbaum and Alvarado,
2008; Tiozzo and Copley, 2015; Brockes and Kumar, 2008; Tanaka and Reddien,
2011). Regenerative ability is present in diverse unrelated taxa, and even closely
related species possess markedly different abilities to recover from injury
(Marshall et al., 2017; Liao et al., 2017), suggesting that regenerative potential
has been independently lost in multiple evolutionary lineages (Tanaka, 2003).
This raises two major questions: why was it lost, and how can it be brought back?
Anuran amphibians like Xenopus laevis offer a remarkable opportunity to answer
both of these questions. Anuran reparative ability sits somewhere between the
highly regenerative urodele amphibians and mammals, who, outside of a handful
of tissues and species, are only capable of nonregenerative wound repair with
scarring as a means of healing injuries (Harty et al., 2003; Muller et al., 1999).
Anuran regeneration is limited by stage of development and by tissue type (Dent,
1962; Goode, 1967; Endo et al., 2007), a property that gives these species
characteristics

of

both

regenerative

and

nonregenerative

systems.

An

understanding of anuran repair mechanisms can answer both the question of what
prevents these animals from attaining the potential of urodeles, and how to bridge
the seemingly enormous gap between mammalian and urodele regenerative
ability.
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The system we chose to shed light on these questions is the Xenopus laevis
heart. Proper functioning of the heart is necessary for life, and yet the inability of
the mammalian heart to repair damage makes it one of the most vulnerable organs
in the body. A host of detrimental effects result from cardiac injury in mammals,
leading eventually to heart failure and death (Boyle et al., 2011; Whelan et al.,
2010; Konstantinidis et al., 2012; Santini et al., 2007). As a model of damage we
focused our studies on reactive oxygen species, which are responsible for the
pathology of several of the most common types of heart disease in humans
(Takimoto and Kass, 2007; Giordano, 2005), and therefore better mimic natural
disease states than common methods of cardiac injury like ventricular amputation
or cryoinjury (Poss et al., 2002; McDonnell and Oberpriller, 1984; van den Bos et
al., 2005; Chablais et al., 2011). Our method for producing ROS with temporal
and spatial specificity was an optogenetic system that used the genetically
expressed fluorescent protein KillerRed to generate superoxide radicals upon
excitation with green light. The goals of our research were to: 1) develop the use
of KillerRed in an amphibian system as a model for oxidative stress in the heart
(and other organs), and 2) characterize the effects of oxidative stress on the
Xenopus laevis tadpole heart, with particular focus on the similarities and
differences compared to regenerative and mammalian hearts.
We began by describing the complex and interlinked mechanisms that
facilitate cardiac regeneration in urodeles and fish, as well as the nonregenerative
repair mechanisms present in anuran hearts that allow them to readily adapt to a
variety of stresses. Studies into numerous amphibian and fish species, using a
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diverse array of injury techniques as damage models, have revealed essential
components of cardiac regeneration such as cardiomyocyte dedifferentiation
(Jopling et al., 2010; Zaglia et al., 2009; Zhang et al., 2013), proliferation (Poss et
al., 2002; Schnabel et al., 2011; Jopling et al., 2010), and migration (Poss et al.,
2002; Zhang et al., 2013; Chablais and Jaźwińska, 2012), as well as the
mechanisms that regulate these processes, including epicardial activation
(Schnabel et al., 2011; Zhang et al., 2013; J. Wang et al., 2013), Notch signaling
(Raya et al., 2003; L. Zhao et al., 2014; Zhang et al., 2013), and fibrosis (J. Wang
et al., 2013; Lien et al., 2006).
We were interested in studying the extent to which these mechanisms
were conserved in anuran hearts undergoing oxidative stress, but to do so, we first
needed to develop KillerRed for use in Xenopus laevis. In Chapter Three, we
described the application of KillerRed for inducing apoptosis and tissue ablation
in two organs capable of regeneration in X. laevis: an ectodermal organ, the
developing eye, and a mesodermal organ, the developing kidney, or pronephros
(Freeman, 1963; Vergara and Del Rio-Tsonis, 2009; Caine and McLaughlin,
2013). We demonstrated the spatial specificity of KillerRed activation that can be
obtained by targeted light exposure, and that this can be used as a tool for tissuespecific ablation as part of regeneration and repair studies. We also showed, in a
broader sense, that light activation of KillerRed can be used to manipulate
morphology and gene expression in developing Xenopus tissues, and that this was
driven by generation of superoxide radicals. Together, these findings illustrated
the diversity of tissues and organs in which KillerRed could be used as a tool for

144

inducing oxidative stress, and established the basic parameters we would need to
apply that tool to the heart.
To elucidate the mechanisms of the oxidative stress response and cardiac
repair in Xenopus, we expressed KillerRed in the hearts of developing X. laevis
tadpoles, exposed them to light, and studied the morphological, histological, and
molecular characteristics of hearts over the following days. In Chapter Four, we
demonstrated that the Xenopus cardiac response to oxidative stress bridged a gap
between mammalian and urodele responses to cardiac injury. As with mammalian
hearts, ROS trigger a stress response in the Xenopus heart, resulting in noticeable
ventricular hypertrophy and upregulation of the stress-related heat shock protein
gene Hsp70, which is associated with ROS-mediated forms of heart disease in
human patients (Takimoto and Kass, 2007; Boyle et al., 2011; Dulin et al., 2010;
Jenei et al., 2013). Unlike in mammals, X. laevis tadpoles are able to recover from
hypertrophy within 24 hours, and expression of other heat shock protein genes
like Hsp60 is reduced rather than elevated (Pockley et al., 2000; Xu et al., 2000).
In the later phase of the Xenopus cardiac response, mechanisms typically
associated with cardiac regeneration in urodeles and fish activate, including
partial dedifferentiation and proliferation of cardiomyocytes (Jopling et al., 2010;
Zhang et al., 2013; Grivas et al., 2014). However, this process is not regulated by
retinoic acid signaling from dedifferentiated epicardium, nor is there evidence of
Notch dependence, both of which are hallmarks of cardiac regeneration in fish (L.
Zhao et al., 2014; Raya et al., 2003; Lepilina et al., 2006; Gittenberger-de Groot et
al., 2010).
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Together, these two responses demonstrate that while Xenopus cardiac
repair shares mechanisms and pathways in common with mammalian and fish, it
exists as a unique process distinct from both. Like mammals, it reacts to ROS by
rapid induction of a stress response, but Xenopus is better at repairing the
subsequent stress phenotype and does not need as strong a response from heat
shock protein genes. Like urodeles and fish, it repairs the ensuing damage by
cardiomyocyte dedifferentiation and proliferation, but it appears to activate these
mechanisms via an entirely different pathway. For both of these comparisons, the
question remains: just how different is the Xenopus response? For mammals, the
heat shock protein genes appear to play a major role in the early stress response.
Our studies showed that Hsp70 is upregulated 15-fold relative in stressed hearts
relative to controls, but what it is doing remains to be determined. Is the extreme
upregulation of Hsp70 evidence of robust protective mechanisms in Xenopus, or
is it a consequence of a lack of cardiac protection relative to more regenerative
organisms? Artificial induction of Hsp70 has been shown to confer a protective
effect on mammalian hearts during ischemia (Mestril et al., 1994; Zhong et al.,
2000), indicating that insufficient endogenous regulation of Hsp70 in mammals
may be partly responsible for its poor response. Conversely, however, human
patients have shown no correlation between Hsp70 levels and survival during
heart failure (Genth-Zotz et al., 2004). Additionally, there have been no studies on
the endogenous behavior of Hsp70 in urodele or fish cardiac regeneration. A
greater understanding of Hsp70’s role in both systems would help put the changes
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in expression in Xenopus into context, indicating whether it is typical of an
efficient cardiac repair process.
We do, however, have a greater understanding of Hsp60’s role in cardiac
regeneration and repair. Zebrafish mutants with nonfunctional Hsp60 exhibit a
lack of fibrosis and cardiomyocyte following ventricular amputation, which
results in a failure of blastema formation and hence heart regeneration (Makino et
al., 2005). While blastema formation is likely not occurring in our model without
a specific wound site, the downregulation of Hsp60 in Xenopus following cardiac
injury may still play a role in its reduced reparative abilities. Future investigations
should focus on determining the effect of exogenously altering Hsp60 expression
on cardiac repair in Xenopus.
The other major difference that we observed between the Xenopus and
urodele/fish repair response is the presence of cardiomyocyte proliferation
without dependence on RA or Notch signaling. We measured expression of
Raldh2, responsible for synthesizing RA, across the span of one week and
observed no change, which stands in stark contrast to its necessary role in urodele
and fish regeneration (Lepilina et al., 2006). In regards to Notch, however, we
only investigated two transducers of Notch signaling, though both are important
for heart development and repair (Boni et al., 2008; Limana et al., 2013), so it
remains possible that Notch signaling is being induced via another bHLH gene. In
the absence of evidence that either of these pathways are involved in Xenopus
cardiac repair, the question of what exactly induces the process of
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dedifferentiation and proliferation remains open. Further investigation is
warranted on this matter.
Finally, we sought to gain a larger picture of KillerRed’s effects on the
heart by examining activation of KillerRed by alternate means than the LED light
source used in the above study. In Chapter Five, we showed that the cardiac
response to extremely low intensity and high intensity light activation is not just
quantitatively different from the effects of the LED light, but that in fact each
method of activation induces a unique response from the heart. Any use of
KillerRed as a research tool or therapeutic method must take into account that the
relationship between the intensity of light and the response of KillerRedexpressing tissue is nonlinear, and that even putative “no light” conditions, where
KillerRed is not specifically activated by green light, can still induce extreme
changes in morphology and gene expression. These data also show that KillerRed
can be used for a wide variety of damage models, including prolonged oxidative
stress (as in the LED model), developmental defects induced by chronic exposure
to ROS (as with ambient lighting), and acute ROS-induced damage akin to
reperfusion injury (as with the metal halide source), and that each produces its
own unique cardiac response to be studied.

The two questions of cardiac regeneration
We began this chapter by describing two major questions that need to be
answered in order to apply the lessons of urodele and fish cardiac regeneration to

148

mammals: why was regenerative ability lost in nonregenerative organisms, and
how can it be brought back? This dissertation sheds light on both these questions.
To the question of why regenerative ability was lost, our evidence from
Xenopus suggests that while the fundamental processes of cardiac regeneration –
cardiomyocyte dedifferentiation and proliferation – are still present, the regulatory
pathways that promote them in urodeles and fish are not. Retinoic acid signaling,
Notch, and Hsp60 are all unchanged or downregulated following oxidative stress,
and each of these pathways has been implicated in cardiomyocyte proliferation
(Kikuchi et al., 2010; L. Zhao et al., 2014; Makino et al., 2005). While their
absence clearly does not prevent dedifferentiation and proliferation in our model,
it is possible that the levels of those processes necessary to repair the relatively
subtle damage of oxidative stress would not be capable of regenerating large
regions of missing tissue, such as those occurring in amputation and cryoinjury
models. Research into Xenopus laevis cardiac regeneration following amputation
is still in its infancy (Marshall et al., 2017), but the evidence of our studies
indicates that it would be highly informative to study how these pathways
upstream of proliferation are being regulated in response to amputation injury,
especially how this regulation changes between tadpole and adult stages.
To the question of how regenerative ability can be restored in organisms
that have lost it over the course of evolution, our research suggests a strategy as
well. Cardiomyocyte proliferation in response to injury is a seemingly ubiquitous
process across vertebrates, occurring in fish (Poss et al., 2002), urodeles (Witman
et al., 2011), neonatal mammals (Porrello et al., 2011), adult mammals (Beltrami
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et al., 2001), and as our research has shown, anurans. This suggests that the
mechanisms for cardiac regeneration are conserved throughout the lineage of
vertebrates, and are still present even in nonregenerative organisms, only lacking
the pathways to be activated. In fact, multiple studies in mammals have shown
that promoting proliferation can lead to improvement in cardiac health following
injury (Bersell et al., 2009; Tao et al., 2011; Malliaras et al., 2013; Tseliou et al.,
2014). If the regenerative processes in nonregenerative organisms are simply
dormant and not entirely evolved out, as the evidence indicates, reactivating those
processes – either by one of the pathways discussed above or by an alternate
method – may prove useful in driving regeneration.
The evidence presented in this dissertation shows that regeneration and
repair are not distinct processes, but are part of a continuum of reparative and
regenerative ability that spans the animal kingdom. The cardiac repair process in
Xenopus laevis shares conserved mechanisms with regenerative organisms, just as
it displays characteristics more commonly associated with nonregenerative
species. Further studies into this field should seek to find and highlight the
common mechanisms of repair across taxa, in order to determine how some
organisms use them to regenerate tissue, and how others can be made to do so.
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Abstract
Bioelectric mechanisms play an important role in repair and regeneration
in numerous species and tissue types. We investigated whether manipulation of
the function of an endogenous cardiac ion channel, HCN4, which is necessary for
proper heart development and patterning, would affect the phenotypes of hearts
treated with KillerRed-induced reactive oxygen species. We found preliminary
evidence that inhibition of HCN4 function during cardiogenesis via a genetically
coded dominant negative construct (HCN4 DN) was sufficient to abolish
KillerRed-induced hypertrophy. We further found that this is not due to any
endogenous change in HCN4 expression during oxidative stress, and that HCN4
DN expression during cardiogenesis exacerbates the aberrant morphologies
caused by KillerRed expression.

Introduction
The study of regeneration in animals dates as far back as the 18th century
(Birnbaum and Alvarado, 2008), but it is only in recent years that we have begun
to understand the complexity of the mechanisms necessary for regenerative and
repair processes. Everything from gene expression to biomechanics to the cellular
environment has been shown to play a role in organ regeneration (Tal et al., 2010;
Vining and Mooney, 2017; Nye et al., 2003; Levin, 2009). Among these many
factors involved in regeneration is bioelectricity. Although it has been known that
electric fields play an important part in regeneration for over half a century
(Becker, 1961), it is only with the development of modern cellular biology
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techniques that we have begun to understand how the countless ion channels and
pumps present in cells interact with the environment and each other to direct
biological processes. Bioelectric signaling and regulation have been found to play
a crucial role in regeneration in such diverse models as zebrafish fins (Monteiro et
al., 2014), Xenopus laevis tails (Adams et al., 2007), newt limbs (Borgens,
Vanable et al., 1979), and lamprey spinal cords (Borgens et al., 1981). Even in
mammals, where regenerative ability is largely limited to nonexistent, nonregenerative repair and wound healing are dependent on bioelectric mechanisms
and can be affected by bioelectric manipulation (Reid et al., 2005; Konikoff,
1976; Sta. Iglesia and Vanable, 1998; M. Zhao et al., 2006; Song et al., 2004; UdDin and Bayat, 2014).
Because manipulation of endogenous electric fields in damaged tissues
(either through application of external electric fields or altering ion channel
function) can abolish or stimulate regeneration and repair (Borgens et al., 1981;
Borgens, Vanable et al., 1979; Borgens, Vanable Jr et al., 1979; Adams et al.,
2006; Reid et al., 2005; Konikoff, 1976), we investigated whether altering
bioelectric cues could aid Xenopus laevis tadpole hearts in recovering from
oxidative damage. Oxidative damage was induced using the optogenetic
KillerRed system described in Chapters 3-5. Our preliminary studies focused on
manipulating the function of the protein HCN4, one of a family of tetrameric
hyperpolarization-activated

cyclic

nucleotide-gated

(HCN)

ion

channels

permeable to Na+, K+, and Ca2+ ions (Herrmann et al., 2015; Baruscotti et al.,
2012). HCN4 was selected for our initial studies because it is highly important in
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both heart function, as a part of the cardiac conduction system (Herrmann et al.,
2015; Baruscotti et al., 2012), and in heart development, as a necessary element of
cardiac positioning and morphology (Pitcairn et al., 2017; Stieber et al., 2003;
Liang et al., 2013; Vicente-Steijn et al., 2011).

Materials and methods
Fertilization of embryos
All experiments were performed in accordance with the Guide for Care
and Use of Laboratory Animals and approved by the Institutional Animal Care
and Use Committee (IACUC) at Tufts University. Experiments were conducted
under the IACUC approved protocol M2016-144. Adult female Xenopus laevis
were induced to ovulate by injection of chorionic gonadotropin hormone
(Chorulon). Adult male X. laevis were euthanized by submersion in 0.08%
benzocaine, followed by intraperitoneal injection of 5% tricaine methanesulfonate
(MS222; adjusted to pH 7.2), and the testes were removed and stored in 1X
modified Barth’s saline (pH 7.5). Eggs were fertilized in vitro, and embryos were
dejellied in 2% cysteine (pH 8) and raised in 0.1X Marc’s Modified Ringer’s
solution (MMR; 10 mM NaCl, 0.2 mM KCl, 0.1 mM MgCl2, 0.2 mM CaCl, 0.5
mM HEPES, 1 μM EDTA, pH 7.4). Embryos and tadpoles were staged according
to Nieuwkoop and Faber (NF; 1967).

mRNA synthesis and microinjection

154

The pCS2-NXE+mem-KillerRed plasmid (Addgene plasmid 45761; memKillerRed) and pCS2+EB3-GFP plasmid (courtesy of Dr. John Wallingford,
University of Texas at Austin; GFP) were linearized with NotI restriction enzyme.
The pCS2-HCN4DN plasmid described in Pitcairn et al. 2017 was linearized with
Acc65I. All mRNA was synthesized using the Invitrogen mMESSAGE
mMACHINE SP6 kit, following the manufacturer’s instructions.
Embryos were injected at NF stage 3-4 (cleavage stages) with a
microinjector and pulled capillary glass needles. Injections were targeted to the
developing heart field (Moody and Kline, 1990). Each embryo was injected on the
vegetal edge of the marginal zone in each of the two dorsal blastomeres with 100
pg mem-KillerRed mRNA and/or 250 pg HCN4 DN mRNA. Every injection also
included 500 pg of GFP mRNA as a lineage tracer.
Embryos were kept in a solution of 3% Ficoll and 1X MMR during
injection, then gradually transferred to 0.1X MMR, and raised at 14-18°C to NF
stage 42. Tadpoles were then selected for expression of the injected mRNAs in
the heart region by sorting for presence of GFP fluorescence.

Activation of KillerRed
Tadpoles expressing KillerRed at NF stage 42 were exposed to a 0.9
mW/mm2 green (545 nm) LED light for 18 hours, with temperature maintained at
18°C. Uninjected controls were also kept at 18°C during this period. Following
the end of light exposure, tadpoles were transferred to fresh 0.1X MMR or
chemical exposure solution and raised at 18°C for 12 hours. Upon completion of

155

the experiment, tadpoles were then euthanized in 5% tricaine, fixed for one hour
in MEMFA (0.1 M MOPS, pH 7.4, 2 mM EGTA, 1 mM MgSO4, 3.7%
formaldehyde), rinsed in 1X phosphate buffered saline (PBS), and dehydrated in
100% methanol prior to storage at –20°C for immunohistochemistry or paraffin
sectioning.

Whole-mount immunohistochemistry (IHC)
Whole-mount immunohistochemistry was performed on tadpoles per
Caine and McLaughlin (2013). Briefly, tadpoles were rehydrated in PBTr [1X
PBS, 0.1% Triton, 2 g/L bovine serum albumin (BSA)], blocked in 20% heatinactivated goat serum (in PBTr) for 1.5 hours, and incubated overnight at 4°C in
mouse anti-cardiac troponin T primary antibody (1:300; Developmental Studies
Hybridoma Bank). The following day, tadpoles were washed for four hours in
PBTr, blocked in the same solution as previously, and incubated at 4°C overnight
in goat anti-mouse IgG secondary antibody conjugated to AlexaFluor 488 (1:300;
Invitrogen). Tadpoles were finally washed in PBTr for four hours, post-fixed in
MEMFA, and transferred to 1X PBS for imaging.

Measurement of ventricular volume
After immunohistochemistry, tadpoles were oriented such that their
ventricles presented the largest possible cross-section and photographed with a
fluorescent microscope using a GFP filter set (EX 470/40; BS 495; EM 525/50).
Images were analyzed in FIJI, and ventricular volume was calculated using Hou
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& Burggren’s ellipsoid approximation (Hou and Burggren, 1995). Briefly,
ventricles were outlined in FIJI, and a best fit ellipse approximation was
calculated. The parameters of this ellipse were used to calculate the volume of the
ventricle per the formula 𝑉 = 4⁄3 𝜋𝑎𝑏 2 , where a is the semimajor axis and b is
the semiminor axis of the best fit ellipse.

Paraffin sectioning and immunohistochemistry on section
Fixed tadpoles in methanol were transferred gradually to ethanol, washed
twice for 45 minutes in xylenes, transferred to molten paraffin at 60°C for 45
minutes, then again in fresh paraffin, and finally embedded in solid paraffin
blocks, which were placed overnight at –20°C. Paraffin-embedded tadpoles were
sectioned by microtome in 15 µm coronal sections and mounted on glass slides.
Slides were dried overnight at 37°C.
Immunohistochemistry was performed on mounted paraffin sections.
Excess paraffin was dissolved in two 5-minute washes of xylene. Slides were then
washed in ethanol, gradually rehydrated in distilled water, and then washed twice
in PBS. Then slides were washed for 30 minutes in 0.3% hydrogen peroxide to
quench endogenous peroxidase activity, and washed twice again in PBS. After
this, slides were removed to a humidified chamber and blocking solution (1X
PBS, 0.1% Tween-20, 5% heat-inactivated goat serum, 1% bovine serum
albumin) was applied to sections for one hour. Sections were incubated overnight
at room temperature in mouse anti-HCN4 primary antibody (1:200; Abcam
ab69054). The following day, slides were washed twice in PTw (1X PBS, 0.1%
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Tween-20), then incubated in a humidified chamber at room temperature for one
hour in goat anti-mouse IgG secondary antibody conjugated to alkaline
phosphatase (1:1500; Invitrogen). Slides were again washed in PTw, then
incubated in chromogenic buffer (100 mM Tris, 100 mM NaCl, 50 mM MgCl2,
0.1% Tween‐20) with 5‐bromo,4‐chloro,3‐indolylphosphate/nitroblue tetrazolium
(1:300 BCIP/1:3000 NBT; Roche Diagnostics) for 30 minutes. After, slides were
washed in PBS, rinsed in distilled water, gradually transferred to ethanol, and
finally to xylene. Slides were then air dried and mounted under glass coverslips
with Permount mounting medium (Fisher).

Results and Discussion
To inhibit HCN4 function in tadpoles, we used a previously described
dominant negative mutant of HCN4, in which the “GYG” cation selectivity motif
located at G480 was mutated to “AAA”, which abolishes HCN4 current in any
tetramers in which the mutant form is present (Pitcairn et al., 2017). As described
in Chapter 4, hearts injured by light-activated KillerRed alone responded with
extensive ventricular hypertrophy by 12 hours post-light activation (Fig. 1A; p <
0.001, ANOVA with Tukey post hoc), an indicator in our system of oxidative
stress (Grossman, 1980; Takimoto and Kass, 2007; McMullen and Jennings,
2007). However, when HCN4 DN was present alongside KillerRed throughout
cardiogenesis, the hearts showed a complete rescue of hypertrophy to control
levels in two replicates (Fig. 1A; p < 0.001, ANOVA with Tukey post hoc),
whereas a third replicate exhibited hypertrophy but no HCN4 DN-induced rescue
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Figure A1.1. Inhibition of HCN4 function rescues KillerRed-induced
cardiac hypertrophy
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Figure A1.1. Inhibition of HCN4 function rescues KillerRed-induced
cardiac hypertrophy. A) While KillerRed-expressing tadpoles have
extensive cardiac hypertrophy when exposed to light, co-injection of HCN4
dominant negative (HCN4 DN) with KillerRed (KR) results in ventricular
volumes similar to those of controls when exposed to light. Mean
ventricular volume is shown from a single representative replicate, with
error bars indicating standard error of the mean (N = 2/3; n = 17-44). ***: p
< 0.001 (ANOVA with Tukey post hoc). B) There is no change in HCN4
expression in hypertrophic KillerRed-expressing hearts exposed to light, as
measured by HCN4 immunohistochemistry. Coronal heart sections = 15
µm; scale bars = 100 µm. C) KillerRed expression, with or without light,
and HCN4 DN expression significantly increase both incidence of abnormal
morphologies and heterotaxia in hearts relative to uninjected controls.
Hearts from groups expressing KillerRed and HCN4 DN show significantly
higher incidence of abnormal morphology than hearts from groups
expressing KillerRed alone. Hearts with morphologies too abnormal to
distinguish left-right (L-R) patterning were designated “unknown” when
determining heterotaxia. ***: p < 0.001 relative to controls (morphology),
2

χ test with Holm correction.
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(data not shown). There was no change in the ventricular volume of hearts
expressing HCN4 DN alone.
We suspected that the inhibition of HCN4 function by HCN4 DN might
simply be offsetting an increase in HCN4 expression following injury, so we
examined the expression of endogenous HCN4 in wild-type and KillerRed-treated
hearts (Fig. 1B). In the mature wild-type tadpole heart, HCN4 is expressed
throughout the myocardium of the ventricle and outflow tract, as previously
described by our lab (Pitcairn et al., 2017). However, there was no change in
HCN4 expression, either in amount or location, in KillerRed-expressing hearts
exposed to light, even in ventricles showing extensive hypertrophy (Fig. 1B).
These data suggest that HCN4 DN is not preventing hypertrophy by counteracting
a change in endogenous expression.
Hearts expressing HCN4 DN and/or KillerRed were also analyzed for
abnormal left-right symmetry and morphology, both with and without light
activation, as described in Chapter 5 (Fig. 5.3, Fig. 1C). Both heterotaxia and
abnormal morphology were significantly greater in all groups than in uninjected
controls (heterotaxia: p < 0.05, Fisher with Holm correction; morphology: p <
0.001, χ2 test with Holm correction). There was also a significant increase in
abnormal morphology in all groups expressing KillerRed and HCN4 DN over
groups with KillerRed expression alone (p = 0.004; χ2 test), but no significant
difference in heterotaxia between the two groups (p = 0.5; Fisher). Together, these
data indicate that the effects of HCN4 DN on cardiac patterning and morphology
are additive to the effects that KillerRed has on them.
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Conclusions
Because oxidative stress often leads damaged heart tissue as the result of
diseases like hypertension, atherosclerosis, and coronary heart disease (Takimoto
and Kass, 2007; Giordano, 2005), gaining a better understanding of mechanisms
that can protect heart tissue is a critical step in preventing cardiac pathology and
failure. We have found preliminary evidence that inhibiting function of an
endogenous ion channel in the heart, HCN4, can rescue ventricular hypertrophy
caused by KillerRed-induced oxidative stress (Fig. 1A). While the mechanism of
this rescue effect is as yet unknown, it is not simply due to counteracting
overexpression of HCN4 (Fig. 1B). This indicates that the endogenous level of
HCN4 activity is both necessary and sufficient to promote cardiac hypertrophy
under conditions of oxidative stress. However, this does not necessarily suggest
that HCN4 is detrimental to heart function under stress conditions. Cardiac
hypertrophy can serve as a compensatory mechanism in hearts where
functionality has been impeded by stress, and becomes pathological only when its
negative impact outweighs its beneficial effects and decompensates into heart
failure or cardiomyopathy (Grossman, 1980; Takimoto and Kass, 2007;
McMullen and Jennings, 2007). Further investigation into the functionality of
KillerRed-treated hearts with inhibited HCN4 function would be necessary to
determine whether HCN4’s role in promoting hypertrophy in amphibians is
overall helpful or harmful. Interestingly, HCN4 expression has been found to be
upregulated in hypertrophic cardiomyopathy in mammals (Wei-qing et al., 2011;
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Fernández‐Velasco et al., 2003). This may indicate a difference between the
mammalian and amphibian response to cardiac stress.
Because HCN4 DN is expressed throughout cardiogenesis, it may also be
conferring a protective effect on the heart long before light-induced oxidative
stress is initiated. Interestingly, HCN4 interacts with KillerRed-induced damage
during Xenopus laevis heart development in the opposite way; inhibition of HCN4
function increases the incidence of abnormal cardiac morphology over hearts
expressing KillerRed alone (Fig. 1C). HCN4 DN alters cardiac morphology
during development via altered patterning gene expression, including left-right
axis patterning genes like Xnr-1 and Lefty, and organ patterning genes like Pitx2
and BMP-4 (Pitcairn et al., 2017). Conversely, as described in Chapter 5,
KillerRed expression alters morphology via increased cell death during
development and bioelectric changes in a small population of cells. That the effect
of these two methods is additive further indicates that they change cardiac
morphology via independent pathways, though closer examination of the
bioelectric properties of hearts expressing both KillerRed and HCN4 DN would
help determine to what extent the two pathways interact with each other.
Together, these data suggest that the interaction between HCN4 and KillerRedinduced oxidative stress is more complex than always being protective or
detrimental, and that bioelectricity is an integral part of the many ways that the
amphibian heart responds to KillerRed.
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