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Abstract
Facile fabrication of non-spherical, shape-controlled microparticles with large pores is an important
challenge toward the development of high capacity functional microplatforms, especially in biosensing.
This thesis presents a method of fabricating shape-controlled macroporous microparticles through a
replica molding-phase separation (RM-PS) strategy. RM is a robust soft-lithographic technique involving
the use of microscale molds and UV light-induced radical polymerization to create polymeric
microparticles with reliable duplication of complex 2D shapes. Hildebrand solubility parameter (HSP) in
conjunction with the group contribution method is used to predict phase separation while in-mold, and
through selection of an inert porogen material, to control pore size. This strategy is employed in the
fabrication of macroporous poly(ethylene glycol) (PEG) microparticles with phthalate porogen solvents.
Results demonstrate reliable macroporous microparticle fabrication, while retaining structure and
physical stability. The pore size is shown to increase as the monomer-porogen solubility decreases and
phase separation becomes more rapid, as predicted by HSP calculations. Importantly, a change in
solubility during polymerization is not required using this platform unlike current methods, suggesting
the potential for a general method to design and fabricate macroporous microparticles with other
polymeric units.
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1.

Introduction

1.1

Goal and Motivation

In recent years, microparticles have gained prominence for usage in catalytic support,
microelectromagnetic systems (MEMS), drug delivery, and biosensing.[1-6] These microparticle
applications rely on contact with a microparticle surface, such as an enzyme or catalyst, for
function. A high surface area is therefore desirable, as reaction rate is proportional to accessible
surface area. Because catalysis and biosensing often involve enzymes and large biomolecules,
the accessible surface area may often be relatively small: large pores are highly desirable for
high capacity uses with reasonable mass transport coefficients. Current microparticle-based
biosensing platforms employ only low-capacity surface binding, calling for the development of
improved high-capacity microparticle platforms.[7]
Macroporous polymeric microparticles provide a solution to the problem of surface area and
transport limitations for catalytic and biosensing applications. Macropores are defined as having
diameters larger than 50nm.[8] This significantly lowers resistance to internal transport, a highly
desirable outcome necessary especially for applications involving large molecules. While
considerable research has been done in the fabrication of macroporous polymers, the research
focus has been primarily in the area of monolithic materials. Applications of macroporous
monoliths are generally filters, as microparticles provide much improved solution kinetics for
catalysis and rapid sensing, and allow the use of low-volume samples. The most common
method of macropore formation, foaming, involves including a foaming agent (often sodium
bicarbonate) that releases gas bubbles into the polymerizing material.[9] However, pores formed
using this method have a minimum diameter of ~20μm: too large for structurally stable
microparticle construction.
An alternate method, polymerization-induced phase separation (PIPS), causes macropore
formation by a phase separation that occurs as a material polymerizes. This method has been
examined for functionalized microparticle fabrication using microfluidic channel polymerization,
however, restrictions on viscosity and polymerization kinetics limit polymer selection, and
microfluidic channel techniques allow for only spherical or spheroid particle shapes (cannot be
used for multiplexed sensing), and limited scalability.[10,11] Additionally, PIPS requires a solubility
change during polymerization to induce pore formation, further limiting generalizability. Other
microparticle synthesis methods, such as suspension or emulsion polymerization, lack shape
control and narrow size distribution necessary for many microparticle applications.[12]
Replica molding (RM) is a facile, inexpensive and readily scalable soft-lithographic method for
microparticle fabrication, capable of fabricating nonspherical microparticles with controlled nonspherical shapes at a sub-micrometer level.[7] Poly(ethylene glycol) (PEG) is a thoroughlystudied polymer, ideal for biosensing and biocatalytic applications due to its biologically inert
and nonfouling composition.[13] This work employs PEG microparticles as a model platform for
development of a macroporous microparticle fabrication scheme.
In this thesis, I examine the synthesis of macroporous PEG microparticles, and present a
scalable method of shape-controlled macroporous microparticle fabrication based on a replica
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molding-phase separation (RM-PS) scheme toward high-capacity biosensing. Specifically, I first
show that PEG microparticles with high degrees of shape control can be fabricated in the
presence of multiple phthalate porogen solvents via RM. Furthermore, I demonstrate that the
porogen phase remains inert and removable from the microparticles. Next, I show that these
microparticles demonstrate varying levels of macroporsity, and do not require a change in
solubility during phase separation. I additionally demonstrate that pore size may be controlled
by porogen selection, and can be related to difference in the Hildebrand solubility parameter
(HSP, ∆δ) between the polymer and the porogen. Finally, I use the fluorescent marker rphycoerythin (RPE) to demonstrate the increased porosity and microparticle accessibility to
large biomolecules. Combined, my results establish a promising method for facile fabrication of
shape-encoded macroporous microparticles.
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1.2

Hildebrand Solubility Parameters

Hildebrand solubility parameter (HSP, δ) is a term of interaction between materials. It is often
employed as an indicator of solubility between polymers and other nonpolar materials. HSP is
defined as the square root of the cohesive energy density:[14]
=

∆

/

(1)

Materials with be increasingly miscible as the difference in HSP (∆δ) approaches zero.
Conversely, materials with a larger difference in HSP will separate into discrete phases. This
may be used to calculate the rate at which materials separate.[15] In this case, the prepolymer
solution will be created from PEG diacrylate (PEGDA), a phthalate porogen, and small amount
of photoinitiator (PI). Because the photoinitiator is kept below the critical micelle concentration,
the solution is a two-component system, and ∆δ is equal to the difference in HSP between the
two components.
HSP is limited in that it cannot account for hydrogen bonding or strong polarity.[15] Thus, small
polar molecules (such as water) are not accurately accounted for. PEG microparticles are highly
soluble in water due to hydrogen bonding, though this is not predicted by HSP. The porogens
used in this work are weakly polar molecules, and are accurately represented by HSP.
1.2.1

Group Contribution Method

Hildebrand solubility parameter is typically calculated by determining the latent heat of
vaporization. For polymers, this is not possible. Therefore, the group contribution method is
employed.[16] The group contribution method is used to predict HSP by calculating the individual
contribution of each chemical group to the cohesive energy density, according to the formula:
/

=

(2)

This method is accurate to within 5-10% compared to experimentally measured values. HSP is
an approximation of solubility, so this margin is considered appropriate for solubility prediction.
1.2.2

Hildebrand Parameter Calculator

A Hildebrand solubility calculator was created in Microsoft Excel to automate the solubility
parameter calculation for any given polymer. Below, the calculation is shown for a single unit of
poly(ethylene glycol):

4

Table 1: HSP Calculation for a single PEG unit. δ = 36.5

As the number of repeat units approaches infinite, as for a microparticle, the equation becomes:
=

→

( )=

,

(3)

,

For PEG without crosslinking, the result of this method is shown below:

Table 2: HSP Calculations for continuous PEG. Δ = 19.2

The following values for Hildebrand parameters were obtained from both literature and the
group contribution method:
Hildebrand Solubility
1/2
Parameter (MPa )

Chemical
Poly(ethylene glycol) diacrylate
(PEGDA)
poly-PEGDA
Diethyl phthalate (DEP)
Diisobutyl phthalate (DIBP)
Dioctyl phthalate (DOP)

19.7*
20.6*
20.5
19.0
16.2

*only group contribution method used

[15]

Table 3: HSP values for chemicals used.

Based on the solubility parameters of the solvent porogens, microparticles fabricated from a
more rapidly separating solution (larger ∆δ) will have larger pores. Microparticles fabricated from
pure PEGDA, and from PEGDA and water (in which PEGDA is highly soluble) do not contain
pores larger than the 0.5-3nm crosslink mesh size.[17] Microparticles fabricated in DEP, DIBP,
and DOP have increasing pore size with increased average ∆δ: DEP smallest pores, DIBP
moderate pores, DOP largest pores. Importantly, immiscible porogens cannot be used, as
separation occurs too rapidly for fabrication.
5

2.

Materials and Methods

2.1

Materials

Poly(ethylene glycol) diacrylate (PEGDA, average Mn 700 Da), 2-hydroxy-2mythylpropiophenone (Darocur 1173, photoinitiator (PI)), diethyl phthalate, diisobutyl phthalate,
and diocyl phthalate (diethylhexyl phthalate) were purchased from Sigma Aldrich (St. Louis,
MO). R-phycoerythrin was purchased from Pierce Biotechnology (Rockford, IL). Tween 20
(TW20), and poly(dimethylsiloxane) (PDMS) elastomer kits (Sylgard 184) were purchased from
Thermo Fisher Scientific (Waltham, MA). All chemicals were analytical grade and used without
further purification.
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2.2

Methods

2.2.1

Fabrication of Macroporous PEG Microparticles via Replica Molding

PEG microparticles in this study were fabricated according to methods previously established in
the recent articles by CL Lewis et. al., and S. Jung and H. Yi.[7,] Briefly, the preparticle solution
composition was as follows: 40% (v/v) PEGDA, 58% (v/v) porogen solvent (water, DEP, DIBP,
DOP), and 2% (v/v) PI. Pure-PEGDA microparticles were fabricated with 98% (v/v) PEGDA and
2% (v/v) PI. PDMS molds (1600 wells per mold) were prepared from Sylgard 184 and incubated
at 65oC overnight on a silicon master mold.

Figure 1: Replica molding fabrication procedure for macroporous PEG microparticles. (a) Composition
and mixing of preparticle solution. (b) Filling of molds, sealing with PDMS-coated glass coverslip, and
radical initiation with UV light. (c) Soaking of microparticles on mold, and collection and washes.
(d) Washed, nonspherical shape-controlled microparticles.

To fabricate the particles, preparticle solution was created and mixed vigorously by first
vortexing (Figure 1(a)), then sonication for 10 minutes, then vortexing (to ensure the solution
remains monophasic). Preparticle solution was then placed into the mold by pipetting a droplet
on top, removing the air bubbles by scratching with a pipette tip, and then removing the excess
solution via pipette. As shown in Figure 1(b), the filled mold was then sealed by covering with a
PDMS-coated slide, with PDMS cutaway to leave a gap between the microwells and the cover.
This portion was performed under 92% humidity for water-PEGDA microparticles, to prevent
rapid evaporation. Phthalates have sufficiently low vapor pressure to prevent evaporative
losses. Radical polymerization was then induced by exposure to an 8W handheld 365nm UV
light (Spectronics Corp., Westbury, NY) for 15 min on an aluminum mirror (Thorlabs, Newton,
7

NJ). The polymerized microparticles were recovered by soaking in deionized water with 0.5%
TW20 (Figure 1(c)) and physically bending the mold. The resulting microparticles were
transferred to a microcentrifuge tube, and washed repeatedly to remove unreacted chemicals
(Figure 1(d)). Washes consisted of rinsing by pipette, then allowing microparticles to settle to
tube bottom and removing supernatant. Microparticles were washed 3x with ethanol, 3x with
acetone, then 3x with water and 0.5% TW20 surfactant.
2.2.2

Scanning Electron Microscopy

To prepare microparticles for scanning electron microscopy (SEM), microparticles were washed
5x with deionized water to remove TW20 surfactant, then pipetted onto a carbon tape SEM
mount. This was then placed under vacuum, and vacuum dried for 12 hours to fully remove
water. The resulting mount was sputter-coated with a very thin gold layer, approximately 20nm
thickness. These microparticles were examined using a Phenom benchtop SEM (PhenomWorld, Netherlands).
2.2.3

R-phycoerythrin Diffusion

RPE was used to characterize interior microparticle accessibility. First, RPE was allowed to
diffuse into microparticles, by incubating microparticles in a centrifuge tube on a rotator for 72
hours, with 500nM RPE in phosphate-buffered saline (PBS) solution. To remove excess RPE
and prevent background fluorescence from solution, the microparticles were quickly washed
with 3x PBS buffer by rinsing by pipette, then allowing microparticles to settle to tube bottom
and removing supernatant.
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3.

Results and Discussion

3.1

Fabrication and Consistency of Macroporous PEG Microparticles

Figure 2: Macroporous microparticles immediately after polymerization. Scale bars represent 100μm, and
200μm (inset). (a-e) Bright field micrograph of microparticles on mold shown immediately after
polymerization. (f-j) Microparticles on mold immediately after application of 100μL of DI water. (k-o)
Microparticles shown on mold after soaking in DI water for 15 minutes. (p-t) Microparticles shown after
collection and ethanol, acetone, and TW20 washes.

First, I demonstrate simple shape-controlled fabrication
microparticles via replica molding, as shown in Figure 2.

of

macroporous

polymeric

For this, I prepared prepolymer solutions consisting of the PEGDA monomer, photoinitiator, and
different solvents with a range of Hildebrand solubility parameters. These solutions were added
to PDMS-based micromolds, cured with 365nm UV light to initiate photo-induced radical
polymerization, and examined throughout washing and recovery via brightfield microscopy.
First as shown in Figures 2(a-e), the microparticles accurately replicated the mold shape upon
polymerization for all porogens enlisted. The particle formation is highly consistent, as further
indicated in the larger area views in the inset images of Figures 2(a-e). When the difference in
Hildebrand solubility parameters (HSP, ∆δ) was larger between the polymer (poly-PEGDA –
20.6 MPa1/2) and the porogen (DOP – 16.2 MPa1/2), the formed pores appear significantly larger
(Figure 2e).
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Next, change of color upon addition of water for the three porogens in Figures 2(h-j) indicates
that the porogens formed separate phases; PEGDA has the same refractive index as water,
while the phthalate porogens have refractive indices different than that of water. In Figures 2(hj), the porogen color accents differences in microparticle surface texture. For the particles made
with porogen of a large difference in HSP (DOP, Figure 2j), the particle morphology is more
distorted, though the overall microparticle shape is well-retained. The bubbles appearing on the
particles in a water solvent (2g) are caused by the rapid evaporation of water from the particles
when first exposed to air. Phthalate porogens have low vapor pressures and do not suffer from
significant evaporation when exposed to air.
In Figures 2(k-o), the porogen phase is shown to be enclosed in the particles, and not
incorporated in the radical polymerization. This micrograph was taken after twelve minutes of
allowing the on-mold particles to soak in water. As more porogen comes into contact with water,
the particles become darker. The DEP (Figure 2m) and DIBP (Figure 2n) particles darken, as
water penetrates the particles more slowly, while the DOP particles immediately become fully
dark colored due to the larger pore size and faster penetration. Additionally, dark colored
droplets of DEP, DIBP, and DOP porogens (Figures 2m-o) are shown diffusing out from the
microparticles. As these porogens diffuse, the particles with larger pores (DIBP, 2n and DOP,
2o swell and detach from the molds without further treatment. Importantly, these dark colors
clearly indicate that the porogens form sizable droplets, thus pores, during polymerization.
Finally in Figures 2(p-t), the collected microparticles show transparent color (except for DOP)
upon removal of the porogen phase by simple washing. Removal of DOP porogen is less
complete, as shown by the dark particles in Figure 2t. The particle oriented vertically in Figure
2q shows a curved surface, indicating evaporation of the water during polymerization. Other
solvents (Figures 2(r-t)) and pure PEGDA (Figure 2p) do not show this curved morphology,
confirming minimal evaporation due to low vapor pressure. In short summary, the results in
Figure 2 indicate that the addition of phthalate-based porogens with similar HSP with PEGDA
leads to pore formation.
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3.2.

Scanning Electron Microscopy

Figure 3: SEM imaging of each microparticle composition. Scale bars represent 40μm (3000x) and 5μm
(10,000x). (a,b) 98% PEGDA, (c,d) water-PEGDA, (e,f) DEP, (g,h) DIBP, (I,j) DOP microparticles.
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Next, I examined microparticle pore shape and structure through scanning electron microscopy
(SEM), as shown in Figure 3. The samples were prepared by first fabricating, washing, and
vacuum dying the microparticles, then sputter-coating with ~20nm of gold, and analyzing via
benchtop SEM. Microparticles fabricated using each of the five compositions (PEGDA only,
water, DEP, DIBP, and DOP) were examined this way.
As shown in Figure 3a, particles created from 98% PEGDA do not exhibit visible pore formation
under 3000x magnification. Figure 3a further exhibits the low degree of shrinking in drying 98%
PEGDA microparticles. The particles are highly crosslinked and do not absorb much water.
Under 10,000x magnification (Figure 3b), the 98% PEGDA microparticle surface appears
slightly textured, though it does not exhibit pore structure at this magnification. Similarly, Figures
3(c-d) demonstrate a very slightly rough surface of PEGDA-water microparticles. No pore
formation is evident, though the microparticle surface is not smooth. These images are
compared with images of microparticles created using porogen.
In Figure 3e microparticles composed of 40% PEGDA and 58% DEP exhibit no definite pore
formation at 3000x magnification. Under 10,000x magnification (Figure 3f), microparticle surface
appears textured and highly similar to the 98% PEGDA, and PEGDA-water microparticles. This
is not conclusive evidence against the existence of pores, simply that any potential pores cannot
be resolved at this magnification.
Microparticles fabricated with 40% PEGDA and 58% DIBP porogen (Figure 3g) also do not
exhibit pores under 3000x magnification. Under 10,000x magnification (Figure 3h), the
microparticles demonstrate a highly “rough” texture which may be indicative of a porous
structure. Again, these nanostructures are too small to resolve with benchtop SEM techniques.
For DEP and DIBP microparticles, more advanced sample preparation and imaging techniques
are required to define pore size and distribution. Freeze drying causes pores to shrink and
deform. The thick gold sputter-coating additionally restricts the visibility of macropores, which
may have diameters as small as 50nm. Previous work in macropore creation relies on SEM
imaging with 10x the magnification available by benchtop SEM.[10] (Additional imaging using
freeze-drying, a more precise sputter coater, and higher magnification SEM will be performed in
additional investigation, and as preparation for publication.)
In Figure 3i, microparticles fabricated with 40% PEGDA and 58% DOP demonstrate clear, large
macropore structure under both 3000x magnification. These pores appear large, and randomly
distributed through the particle. The particle exhibits a slightly deformed structure, though the
square shape is retained. At 10,000x magnification (Figure 3j), SEM images demonstrate the
pore structure and size of DOP microparticles. Importantly, pore sizes can be quantified at this
resolution, and range between 1000-1600nm in diameter. These pore sizes are well within the
range defining “macroporous.” Pores appear to lead to inner porous structure, and do not
appear superficial (as further demonstrated by microparticle interior image, included in the
Appendix).
In summary, SEM images at 3000x and 10,000x resolution SEM images of 98% PEGDA,
PEGDA-water, and DEP microparticles do not demonstrate pore formation under the
12

magnifications and techniques used. These images alone do not prove, or disprove, the
existence of small-scale (50-150nm) macropores. DIBP microparticles demonstrate rougher
surface textures, suggesting pores at a scale below the resolution of the benchtop SEM.
Microparticles fabricated using DOP exhibit large pores and a highly porous interior structure.
These images conclusive demonstrate successful incorporation of macropores into PEGDA
microparticles by use of RM phase separation.
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3.3

R-phycoerythrin Diffusion and Microparticle Interior Accessibility

u.

Figure 4: RPE diffusion out of PEG microparticles fabricated with each porogen. Figures 4(a-e) show
brightfield images immediately after washing, for microparticle location. (f-j) Microparticle fluorescence
immediately after rapid washing. (k-o) Fluorescence after 15 minutes. (p-t) Fluorescence after 30 minutes.
All scale bars represent 200μm. (u) Average fluorescence intensity of microparticles, exhibiting
fluorescence drop from RPE diffusion.

In order to investigate macropore formation further, I examined interior accessibility of the
microparticles through the use of R-phycoerythrin (RPE). RPE has a hydrodynamic radius of
5.54nm, significantly larger than the 0.5-2nm crosslink mesh size of a nonporous PEG
microparticle. To test interior accessibility, microparticles of each composition were incubated
14

for 72 hours in 500nM RPE, washed quickly three times with water, and imaged using
fluorescence microscopy. If RPE molecules are able to penetrate the microparticle interior, the
microparticle will fluoresce. Importantly, RPE will be washed out of porous microparticles during
the quick washing steps, and larger pores will cause the dyes to be washed out more rapidly.[18]
The microparticles were imaged using fluorescence microscopy at 15 minute intervals in order
to observe the fluorescence decrease over time, as RPE molecules diffuse out of the
microparticle interior.
Figures 4(a-e) provide brightfield images of the collected microparticles after washing. These
images demonstrate, again, reliable shape control in microparticle fabrication, as well as show
the location of the microparticles examined in Figures 4(f-t), for simpler identification.
Figures 4(f-j) show the penetration of fluorescent dyes trapped within the microparticles after
quick washing. In Figures 4(f-g), the 98% PEGDA, and PEGDA-water microparticles are shown
to contain no RPE after washing. There is a background residual fluorescence level of these
microparticles that appears from false autofluorescence and light scattering, or due to very low
levels of nonspecific surface binding. The lack of significant fluorescence indicates a lack of
sizable pores, and indicates the nonporous nature of 98% PEGDA, and PEGDA-water
microparticles.
In Figure 4(h), DEP microparticles are shown to be highly fluorescent, containing large amounts
of RPE. This indicates a porous structure, allowing RPE to become trapped within much of the
particle. The pores did not appear visible under 10,000x SEM (Figure 3), however, the
enclosure of large amounts RPE confirms the presence of pores. The high fluorescence also
indicates that the pores are small (~50-100nm), because most RPE was not washed out during
the rapid washing stage.
Figure 4(i) demonstrates DIBP microparticles exhibiting fluorescence, though at a lower level
than DEP microparticles. This indicates that RPE was able to penetrate the pores, yet was
removed rapidly during washing due to a larger pore size, and that interior surface area was
lower, given the larger pore size. The DOP microparticles (Figure 4(j)) show even lower
fluorescence, as the even larger pore size allows more RPE to wash out. As these
microparticles show low fluorescence, Figure 4(u) quantitatively relates the fluorescence of each
microparticle for simplicity.
Figures 4(f-t) exhibit diffusion of trapped RPE from microparticles of each preparticle
composition.
No change in the fluorescence intensity is seen in either 98% PEGDA (Figure 4(k,p)), or
PEGDA-water (Figure 4(l,r)) microparticles over the course of thirty minutes, shown graphically
in Figure 4(u). This confirms that the very faint fluorescence is a background fluorescence level
of the microparticles, or very low RPE adsorption to the microparticle surfaces. No diffusion is
observed, further confirming the mesh size to be smaller than RPE, and the particles to be
nonporous.
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Fluorescence intensity is shown to decrease over the course of 30 minutes for DEP (Figure
4(h,m,r)), DIBP (i,n,s), and DOP (j,o,t) microparticles, as RPE diffuses from the pores. Although
DIBP and DOP microparticles contain lower initial amounts of RPE (as more is lost in washing
due to larger pores), diffusion from these particles occurs rapidly as the pores are large in
comparison to RPE molecular size.
The diffusion is examined through Figure 4(u). The average microparticle fluorescence is plotted
against time after washing, demonstrating diffusion from DEP, DIBP, and DOP microparticles,
whereas no change in fluorescence is seen for 98% PEGDA or PEGDA-water microparticles.
Ultimately, confocal microscopy will allow for the determination of diffusion coefficients under
tightly-controlled conditions.
The images in this figure demonstrate the macroporous nature of the three porogen
microparticles, in contrast to 98% PEGDA or PEGDA-water microparticles. Importantly, this
demonstrates both the successful use of RM-PS to create macroporous microparticles, and the
ability to adjust pore size by porogen selection. This figure further correlates pore size with
difference in HSP (∆δ) between polymer and porogen. Finally, images in this figure show that
microparticles fabricated using RM-PS have increased capacity for large biomolecules through
the inclusion of macropores.
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4.

Conclusions and Future Work

These results conclusively demonstrate my novel technique of RM-PS can be used in
fabrication of nonspherical shape-controlled macroporous PEG microparticles. Furthermore, the
Hildebrand solubility parameter is shown to be an effective method of determining the relative
rates of phase separation, and thus a feasible method of porogen selection for macropore size
control. There are multiple steps forward in continuation of development of RM-PS as a viable
method of functionalized microparticle fabrication. First, additional porogens should be used to
validate the HSP method of pore size control. Furthermore, other polymer materials should be
used to expand the generalizability of the method. Theoretically, RM allows for a huge variety in
polymer selection since no restrictions are made on viscosity and polymerization rate. RM-PS
has high potential to become a very common method of synthesis of improved (in kinetics and
surface area) microparticles for high-capacity biosensing and catalysis. Another area in which to
expand this work is to the realm of three-component systems. The solution dynamics are less
well understood for three component systems, however, three-component systems could allow
for multifunctional microparticles, and further generalizability of the system.
Ultimately this thesis lays the groundwork for future studies into better understanding of pore
formation, and for improvement of microparticles as a platform for biosensing and catalysis. It is
my expectation that there is great potential in RM-PS, and that future work will expand upon this
study.
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6.

Appendix

6.1

DOP Microparticle Interior Structure

Figure 5: Shattered DOP microparticle image demonstrates internal microparticle structure showing
continuous porous polymer network. Scale bar represents 10μm.
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